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Preface to the Second Edition

Readers’ responses to the first edition, published in 1998, were overwhelming, and
we are grateful. The response reassured us that there was indeed great need for a
textbook suitable for teaching food lipids, nutritional aspects of lipids, and lipid
chemistry courses to food science and nutrition majors. The aim of the first edition
remains unchanged: to provide a modern, easy-to-read textbook for students and
instructors. The book is also suitable for upper-level undergraduate, graduate, and
postgraduate instruction. Scientists who have left the university and are engaged in
research and development in the industry, government, or academics will find this
book a useful reference. Again, we made every effort to select contributors who are
internationally recognized experts. We thank them for their exceptional attention to
details and timely submissions.

The text has been updated with new information. The indexing has been im-
proved. We changed the order of chapters and added two new chapters, ‘ Conjugated
Linoleic Acid” and **Food Applications of Lipids.” While it is not possible to cover
every aspect of lipids, we feel we have added and covered most topics that are of
interest to our readers. The book still is divided into five main parts. Chemistry and
Properties; Processing; Oxidation; Nutrition; and Biotechnology and Biochemistry.

Obvioudly, we made some mistakes in the first edition. Thanks go to our stu-
dents for pointing out most of the obvious and glaring errors. Based on readers’ and
reviewers comments, we have improved the new edition—we hope without creating
new errors, which are sometimes unavoidable for a book this size and complexity.
We apologize for any errors and urge you to contact us if you find mistakes or have
suggestions to improve the readability and comprehension of this text.



Special thanks to our readers and students, and to the editorial staff of Marcel
Dekker, Inc., for their helpful suggestions toward improving the quality of this
edition.

Casimir C. Akoh
David B. Min



Preface to the First Edition

There is a general consensus on the need for a comprehensive, modern textbook of
food lipids that will provide a guide to students and instructors, as well as cover the
topics expected of students taking a food lipids or lipid chemistry course as food
science and nutrition majors. The text is suitable for undergraduate and graduate
instruction. In addition, food industry professionals seeking background or advanced
knowledge in lipids will find this book helpful. It is envisaged that this book will
also serve as a reference source for individuals engaged in food research, product
development, food processing, nutrition and dietetics, quality assurance, oil process-
ing, fat substitutes, genetic engineering of oil crops, and lipid biotechnology. It is
expected that students and others using this book will have backgroundsin chemistry
and biochemistry.

Every effort was made to involve internationally recognized experts as con-
tributors to this text. Considerable efforts were made by the authors to start from
basics and build up and to provide copious equations, tables, illustrations, and figures
to enhance teaching, comprehension, and to drive the lecture materials home. Mech-
anisms of reactions are given to help in the understanding of the underlying principles
of lipid chemistry and hopefully will lead to solutions of adverse reactions of lipids
in the future. We believe that the end product of this work provides state-of-the-art
and authoritative information that covers almost all aspects of food lipids and will
serve as a unique text for instruction throughout the world. The text is reader-friendly
and easy to understand. Adequate references are provided to encourage persons who
need to inquire further or need detailed information on any aspect covered in this
book.



The text is divided into five main parts, namely: Chemistry and Properties;
Processing; Oxidation; Nutrition; and Biotechnology and Biochemistry.

Part | is devoted to introductory chapters on the nomenclature and classification
of lipids, chemistry of phospholipids, waxes and sterols, emulsion and emulsifiers,
frying, and on the analysis of lipids including trans fatty acids. It is important to
understand the structure and chemistry of lipids and some basic concepts before
moving on to more complex and applied topics.

Part Il deals with the technology of edible oils and fats processing including
refining, recovery, crystallization, polymorphism, chemical interesterification, and
hydrogenation.

Part 111 describes the key oxidation reactions in both edible oils and plant and
animal or muscle tissues. Lipid oxidation is a major cause of quality deterioration
of processed and unprocessed foods. Methods to measure lipid oxidation in fats and
oils are given. The mechanism of antioxidant actions in arresting or improving the
oxidative stability of foods is discussed. This section has tremendous implications
for food technologists and nutritionists as the consumer continues to demand and
expect nothing but high-quality foods and food products.

Part IV deals with the role of fats and oils in overall nutrition. The importance
of antioxidants in nutrition and food preservation is presented. Excess fat intake is
associated with many disease conditions. This section describes various omega fatty
acids and their sources, the role of dietary fats in atherosclerosis, eicosanoids pro-
duction, immune system, coronary heart disease and obesity. The various types of
lipid-based synthetic fat substitutes are discussed.

Part V introduces the new biotechnology as applied to lipids and production
of value-added lipid products. The microbial lipases used in enzyme biotechnol ogy
are discussed. The potential for replacing chemical catalysis with enzyme catalysis
are described further in the chapters dealing with enzymatic interesterification and
structured lipids. Lipid biotechnology and biosynthesis chapters set the stage for a
better understanding of the chapter on genetic engineering of plants that produce
vegetable oil and for further research in lipid biotechnology, a dynamic area of
increasing industria interest.

We feel that we covered most of the topics expected for a food lipids course
in thistext. It is hoped that this edition will stimulate discussions and generate helpful
comments to improve upon future editions. Unavoidably, in a book of this size and
complexity, there are some areas of overlap. Efforts are made to cross reference the
chapters as such.

Finaly, we would like to thank all the authors for the magnificent work they
did in making sure that their contributions are timely, easy to read, and most of all,
for their time and devotion to details and accuracy of information presented. The
help of the Marcel Dekker editorial staff is greatly appreciated, with special thanks
to Rod Learmonth and Maria Allegra.

Casimir C. Akoh
David B. Min
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1

Nomenclature and Classification
of Lipids

SEAN FRANCIS O’KEEFE

Virginia Polytechnic Institute and State University, Blacksburg, Virginia

I. DEFINITIONS OF LIPIDS

No exact definition of lipids exists. Christie [1] defines lipids as **a wide variety of
natural products including fatty acids and their derivatives, steroids, terpenes, carot-
enoids and bile acids, which have in common a ready solubility in organic solvents
such as diethyl ether, hexane, benzene, chloroform or methanol.”

Kates[2] saysthat lipids are ** those substances which are (a) insoluble in water;
(b) soluble in organic solvents such as chloroform, ether or benzene; (c) contain
long-chain hydrocarbon groups in their molecules; and (d) are present in or derived
from living organisms.”

Gurr and James [3] point out that the standard definition includes **a chemically
heterogeneous group of substances, having in common the property of insolubility
in water, but solubility in non-polar solvents such as chloroform, hydrocarbons or
alcohols.”

Despite common usage, definitions based on solubility have obvious problems.
Some compounds that are considered lipids, such as C1-C4 very short chain fatty
acids (VSCFAs), are completely miscible with water and insoluble in nonpolar sol-
vents. Some researchers have accepted this solubility definition strictly and exclude
C1-Ca3 fatty acids in a definition of lipids, keeping C4 (butyric acid) only because
of its presence in dairy fats. Additionally, some compounds that are considered lipids,
such as some trans fatty acids (those not derived from bacterial hydrogenation), are
not derived directly from living organisms. The development of synthetic acaloric
and reduced calorie lipids complicates the issue because they may fit into solubility-
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based definitions but are not derived from living organisms, may be acaloric, and
may contain esters of VSCFASs.

The traditional definition of total fat of foods used by the U.S. Food and Drug
Administration (FDA) has been ** the sum of the componentswith lipid characteristics
that are extracted by Association of Official Analytical Chemists (AOAC) methods
or by reliable and appropriate procedures.” The FDA has changed from a solubility-
based definition to ““total lipid fatty acids expressed as triglycerides’ [4], with the
intent to measure caloric fatty acids. Solubility and size of fatty acids affect their
caloric values. This is important for products that take advantage of this, such as
Benefat/Salatrim, so these products would be examined on a case-by-case basis. Food
products containing sucrose polyesters would require special methodology to cal-
culate caloric fatty acids. Foods containing vinegar (~4.5% acetic acid) present a
problem because they will be considered to have 4.5% fat unless the definition is
modified to exclude water-soluble fatty acids or the caloric weighting for acetic acid
is lowered [4].

Despite the problems with accepted definitions, a more precise working defi-
nition is difficult given the complexity and heterogeneity of lipids. This chapter
introduces the main lipid structures and their nomenclature.

Il.  LIPID CLASSIFICATIONS

Classification of lipid structures is possible based on physical properties at room
temperature (oils are liquid and fats are solid), their polarity (polar and neutral lipids),
their essentiality for humans (essential and nonessential fatty acids), or their structure
(simple or complex). Neutral lipids include fatty acids, alcohols, glycerides, and
sterols, while polar lipids include glycerophospholipids and glyceroglycolipids. The
separation into polarity classes is rather arbitrary, as some short chain fatty acids are
very polar. A classification based on structure is, therefore, preferable.

Based on structure, lipids can be classified as derived, ssimple, or complex. The
derived lipids include fatty acids and alcohols, which are the building blocks for the
simple and complex lipids. Simple lipids, compose of fatty acids and alcohol com-
ponents, include acylglycerols, ether acylglycerols, sterols, and their esters and wax
esters. In general terms, simple lipids can be hydrolyzed to two different components,
usually an alcohol and an acid. Complex lipids include glycerophospholipids (phos-
pholipids), glyceroglycolipids (glycolipids), and sphingolipids. These structuresyield
three or more different compounds on hydrolysis.

The fatty acids constitute the obvious starting point in lipid structures. How-
ever, a short review of standard nomenclature is appropriate. Over the years, a large
number of different nomenclature systems have been proposed [5]. The resulting
confusion has led to a need for nomenclature standardization. The International Un-
ion of Pure and Applied Chemists (IUPAC) and International Union of Biochemistry
(1UB) collaborative efforts have resulted in comprehensive nomenclature standards
[6], and the nomenclature for lipids has been reported [7—9]. Only the main aspects
of the standardized IUPAC nomenclature relating to lipid structures will be presented;
greater detall is available elsewhere [7-9].

Standard rules for nomenclature must take into consideration the difficulty in
maintaining strict adherence to structure-based nomenclature and elimination of com-
mon terminology [5]. For example, the compound known as vitamin K,; can be
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described as 2-methyl-3-phytyl-1,4-naphthoquinone. Vitamin K, and many other triv-
ial names have been included into standardized nomenclature to avoid confusion
arising from long chemica names. Standard nomenclature rules will be discussed in
separate sections relating to various lipid compounds.

Fatty acid terminology is complicated by the existence of several different
nomenclature systems. The [UPAC nomenclature, common (trivial) names, and short-
hand (w) terminology will be discussed. As a lipid class, the fatty acids are often
caled free fatty acids (FFAS) or nonesterified fatty acids (NEFAS). IUPAC has rec-
ommended that fatty acids as a class be called fatty acids and the terms FFA and
NEFA eliminated [6].

A. Standard IUPAC Nomenclature of Fatty Acids

In standard IUPAC terminology [6], the fatty acid is named after the parent hydro-
carbon. Table 1 lists common hydrocarbon names. For example, an 18-carbon car-
boxylic acid is called octadecanoic acid, from octadecane, the 18-carbon aliphatic
hydrocarbon. The name octadecanecarboxylic acid may also be used, but it is more
cumbersome and less common. Table 2 summarizes the rules for hydrocarbon
nomenclature.

Double bonds are designated using the A configuration, which represents the
distance from the carboxyl carbon, naming the carboxyl carbon number 1. A double
bond between the 9th and 10th carbons from the carboxylic acid group is a A9 bond.
The hydrocarbon name is changed to indicate the presence of the double bond. An
18-carbon fatty acid with one double bond to an octadecenoic acid, one with two
double bonds octadecadienoic acid, and so on. The double-bond positions are des-

Table 1 Systematic Names of Hydrocarbons

Carbon Carbon
number Name number Name
1 Methane 19 Nonadecane
2 Ethane 20 Eicosane
3 Propane 21 Henicosane
4 Butane 22 Docosane
5 Pentane 23 Tricosane
6 Hexane 24 Tetracosane
7 Heptane 25 Pentacosane
8 Octane 26 Hexacosane
9 Nonane 27 Heptacosane
10 Decane 28 Octacosane
11 Hendecane 29 Nonacosane
12 Dodecane 30 Triacontane
13 Tridecane 40 Tetracontane
14 Tetradecane 50 Pentacontane
15 Pentadecane 60 Hexacontane
16 Hexadecane 70 Heptcontane
17 Heptadecane 80 Octacontane
18 Octadecane
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Table 2 1UPAC Rules for Hydrocarbon Nomenclature

1. Saturated unbranched acyclic hydrocarbons are named with a numerical prefix and the
termination ““ane.” The first four in this series use trivia prefix names (methane,
ethane, propane, and butane), whereas the rest use prefixes that represent the number of
carbon atoms.

2. Saturated branched acyclic hydrocarbons are named by prefixing the side chain
designation to the name of the longest chain present in the structure.

3. The longest chain is numbered to give the lowest number possible to the side chains,
irrespective of the substituents.

4. If more than two side chains are present, they can be cited either in alphabetical order
or in order of increasing complexity.

5. If two or more side chains are present in equivalent positions, the one assigned the
lowest number is cited first in the name. Order can be based on aphabetical order or
complexity.

6. Unsaturated unbranched acycylic hydrocarbons with one double bond have the *‘ane”
replaced with ““ene.”” If there is more than one double bond, the “‘ane” is replaced with
“diene,” ‘‘triene,” ‘‘tetraene,” etc. The chain is numbered to give the lowest possible
number to the double bond(s).

Source: Ref. 6.

ignated with numbers before the fatty acid name (A9-octadecenoic acid or simply 9-
octadecenoic acid). The A is assumed and often not placed explicitly in structures.

Double-bond geometry is designated with the cis—trans or E/Z nomenclature
systems [6]. The cis/trans terms are used to describe the positions of atoms or groups
connected to doubly bonded atoms. They can also be used to indicate relative po-
sitions in ring structures. Atoms/groups are cis or trans if they lie on same (cis) or
opposite (trans) sides of areference plane in the molecule. Some examples are shown
in Figure 1. The prefixes cis and trans can be abbreviated as ¢ and t in structural
formulas.

The cis/trans configuration rules are not applicable to double bonds that are
terminal in a structure or to double bonds that join rings to chains. For these con-
ditions, a sequence preference ordering must be conducted. Since cis/trans nomen-

a a b a
\C=C/ \C=C/
cis trans
cis trans
b b b a

alive:- ol q F IILIEE cnilhy

Figure 1 Examples of cis/trans nomenclature.
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Table 3 A Summary of Sequence Priority Rules for E/Z Nomenclature

1. Higher atomic number precedes lower.

For isotopes, higher atomic mass precedes lower.

3. If the atoms attached to one of the double-bonded carbons are the same, proceed
outward concurrently until a point of difference is reached considering atomic mass
and atomic number.

4. Double bonds are treated as if each bonded atom is duplicated. For example:

N

—HC—CH—
—HC=CH—= | |
ccC
—HC—O0
—HCc=0 = | |
ocC

Source: Ref. 10.

clature is applicable only in some cases, a new nomenclature system was introduced
by the Chemical Abstracts Service and subsequently adopted by IUPAC (the E/Z
nomenclature). This system was developed as a more applicable system to describe
isomers by using sequence ordering rules, as is done using the R/S system (rules to
decide which ligand has priority). The sequence-rule-preferred atom/group attached
to one of a pair of doubly bonded carbon atoms is compared to the sequence-rule-
preferred atom/group of the other of the doubly bonded carbon atoms. If the preferred
atom/groups are on the same side of the reference plane, it is the Z configuration. If
they are on the opposite sides of the plane, it is the E configuration. Table 3 sum-
marizes some of the rules for sequence preference [10]. Although cis and Z (or trans
and E) do not always refer to the same configurations, for most fatty acids E and
trans are equivalent, as are Z and cis.

B. Common (Trivial) Nomenclature of Fatty Acids

Common names have been introduced throughout the years and, for certain fatty
acids, are a great deal more common than standard (IUPAC) terminology. For ex-
ample, oleic acid is much more common than cis-9-octadecenocic acid. Common
names for saturated and unsaturated fatty acids are illustrated in Tables 4 and 5.
Many of the common names originate from the first identified botanical or zoological
origins for those fatty acids. Myristic acid is found in seed oils from the Myristi-
caceae family. Mistakes have been memorialized into fatty acid common names;
margaric acid (heptadecanoic acid) was once incorrectly thought to be present in
margarine. Some of the common names can pose memorization difficulties, such as
the following combinations: caproic, caprylic, and capric; arachidic and arachidonic;
linoleic, linolenic, y-linolenic, and dihomo-vy-linolenic. Even more complicated is
the naming of EPA, or eicosapentaenoic acid, usually meant to refer to c-5,c-8,c-
11,c-14,c-17-eicosapentaenoic acid, a fatty acid found in fish oils. However, a dif-
ferent isomer c-2,c-5,c-8,c-11,c-14-eicosapentaenoic acid is aso found in nature.
Both can be referred to as ** eicosapentaenoic’’ acids using standard nomenclature.
Nevertheless, in common nomenclature EPA refers to the c-5,c-8,c-11,c-14,c-17 iso-
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Table 4 Systematic, Common, and Shorthand Names of
Saturated Fatty Acids

Systematic name Common name Shorthand
Methanoic Formic 1:0
Ethanoic Acetic 2:0
Propanoic Propionic 3:0
Butanoic Butyric 4:0
Pentanoic Valeric 5:0
Hexanoic Caproic 6:0
Heptanoic Enanthic 7:0
Octanoic Caprylic 8:0
Nonanoic Pelargonic 9:0
Decanoic Capric 10:0
Undecanoic — 11:0
Dodecanoic Lauric 12:0
Tridecanoic — 13:0
Tetradecanoic Myristic 14:0
Pentadecanoic — 15:0
Hexadecanoic Palmitic 16:0
Heptadecanoic Margaric 17:0
Octadecanoic Stearic 18:0
Nonadecanoic — 19:0
Eicosanoic Arachidic 20:0
Docosanoic Behenic 22:0
Tetracosanoic Lignoceric 24:0
Hexacosanoic Cerotic 26:0
Octacosanoic Montanic 28:0
Tricontanoic Meélissic 30:0
Dotriacontanoic Lacceroic 32:0

mer. Docosahexaenoic acid (DHA) refers to all-cis 4,7,10,13,16,19-docosahexaenoic
acid.

C. Shorthand (w) Nomenclature of Fatty Acids

Shorthand (w) identifications of fatty acids are found in common usage. The short-
hand designation is the carbon number in the fatty acid chain followed by a colon,
then the number of double bonds and the position of the double bond closest to the
methyl side of the fatty acid molecule. The methyl group is number 1 (the last
character in the Greek alphabet is w, hence the end). In shorthand notation, the
unsaturated fatty acids are assumed to have cis bonding and, if the fatty acid is
polyunsaturated, double bonds are in the methylene interrupted positions (Fig. 2). In
this example, CH, (methylene) groups at A8 and A1l “interrupt” what would oth-
erwise be a conjugated bond system.

Shorthand terminology cannot be used for fatty acids with trans or acetylene
bonds, for those with additional functional groups (branched, hydroxy, etc.), or for
double-bond systems (=2 double bonds) that are not methylene interrupted (isolated
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Table 5 Systematic, Common, and Shorthand Names of Unsaturated Fatty Acids

Systematic name Common name Shorthand
c-9-Dodecenoic Lauroleic 12:1w3
c-5-Tetradecenoic Physeteric 14: 109
c-9-Tetradecenoic Myristoleic 14:105
c-9-Hexadecenoic Palmitoleic 16:1w7
c-7,c-10,c-13-Hexadecatrienoic — 16:3w3
c-4,c-7,c-10,c-13-Hexadecatetraenoic — 16:4w3
c-9-Octadecenoic Oleic 18:1w9
c-11-Octadecenoic cis-Vaccenic (Asclepic) 18: 107
t-11-Octadecenoic Vaccenic a
t-9-Octadecenoic Elaidic a
c-9,c-12-Octadecadienoic Linoleic 18:2w6
¢-9-t-11-Octadecadienoic acid Ruminic® a
c-9,c-12,c-15-Octadecatrienoic Linolenic 18:3w3
¢-6,c-9,c-12-Octadecatrienoic y-Linolenic 18:3wb6
c-6,c-9,c-12,c-15-Octadecatetraenoic Stearidonic 18:4w3
c-11-Eicosenoic Gondoic 20:1w9
¢-9-Eicosenoic Gadoleic 20:1w11
c-8,c-11,c-14-Eicosatrienoic Dihomo-+y-linolenic 20:3wb
¢-5,c-8,c-11-Eicosatrienoic Mead's 20:3w9
¢-5,¢c-8,c-11,c-14-Eicosatrienoic Arachidonic 20:4w6
c-5,c-8,c-11,c-14,c-17-Eicosapentaenoic Eicosapentaenoic (EPA) 20:5w3
¢-13-Docosenoic Erucic 22:109
c-11-Docosenoic Cetoleic 22:1wll
c-7,c-10,c-13,c-16,c-19-Docosapentaenoic DPA 22:5w3
c-4,c-7,c-10,c-13,¢-16,c-19-Docosahexaenoic DHA 22:6w3
¢-15-Tetracosenoic Nervonic (Selacholeic) 24: 109

“Shorthand nomenclature cannot be used to name trans fatty acids.
One of the conjugated linoleic acid (CLA) isomers.

1 Gutside of molecule & numbering
HOOC._ » Inside of malecule m numbering

18:3cis-8,cis-9,ci5-12
18:3m6

Figure 2 IUPAC A and common « numbering systems.
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or conjugated). Despite the limitations, shorthand terminology is very popular be-
cause of its simplicity and because most of the fatty acids of nutritional importance
can be named. Sometimes the w is replaced by n- (18:2n-6 instead of 18:2w6).
Although there have been recommendations to eliminate w and use n- exclusively
[6], both n- and w are commonly used in the literature and are equivalent.

Shorthand designations for polyunsaturated fatty acids are sometimes reported
without the w term (18:3). However, this notation is ambiguous, since 18:3 could
represent 18:3wl, 18:3w3, 18:3w6, or 18:3w9; fatty acids, which are completely
different in their origins and nutritional significances. Two or more fatty acids with
the same carbon and double-bond numbers are possible in many common oils. There-
fore, the w terminology should always be used with the o term specified.

lll. LIPID CLASSES
A. Fatty Acids
1. Saturated Fatty Acids

The saturated fatty acids begin with methanoic (formic) acid. Methanoic, ethanoic,
and propanoic acids are uncommon in natural fats and are often omitted from defi-
nitions of lipids. However, they are found nonesterified in many food products. Omit-
ting these fatty acids because they are water soluble would argue for also eliminating
butyric acid, which would be difficult given its importance in dairy fats. The simplest
solution is to accept the very short chain carboxylic acids as fatty acids while ac-
knowledging the rarity in natural fats of these water-soluble compounds. The sys-
tematic, common, and shorthand designations of some saturated fatty acids are shown
in Table 4.

2. Unsaturated Fatty Acids

By far the most common monounsaturated fatty acid is oleic acid (18:1w9), athough
more than 100 monounsaturated fatty acids have been identified in nature. The most
common double-bond position for monoenes is A9. However, certain families of
plants have been shown to accumulate what would be considered unusual fatty acid
patterns. For example, Eranthis seed oil contains A5 monoenes and non-methylene-
interrupted polyunsaturated fatty acids containing A5 bonds [11]. Erucic acid (22:
1w9) is found at high levels (40-50%) in Cruciferae such as rapeseed and mustard
seed. Canola is a rapeseed oil that is low in erucic acid (<3% 22:1w9).

Polyunsaturated fatty acids (PUFAS) are best described in terms of families
because of the metabolism that allows interconversion within, but not among, fam-
ilies of PUFA. The essentiality of w6 fatty acids has been known since the late
1920s. Signs of w6 fatty acid deficiency include decreased growth, increased epi-
dermal water loss, impaired wound healing, and impaired reproduction [12,13]. Early
studies did not provide clear evidence that w3 fatty acids are essential. However,
since the 1970s, evidence has accumulated illustrating the essentiality of the w3
PUFA.

Not all PUFAs are EFAs. Plants are able to synthesize de novo and interconvert
w3 and w6 fatty acid families via desaturases with specificity in the A12 and A15
positions. Animals have A5, A6, and A9 desaturase enzymes and are unable to syn-
thesized the w3 and w6 PUFAs de novo. However, extensive elongation and de-
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saturation of EFA occurs (primarily in the liver). The elongation and desaturation of
18:2w6 is illustrated in Figure 3. The most common of the w6 fatty acids in our
diets is 18:2w6. Often considered the parent of the w6 family, 18:2w6 is first de-
saturated to 18:3w6. The rate of this first desaturation is thought to be limiting in
premature infants, in the elderly, and under certain disease states. Thus, a great deal
of interest has been placed in the few oils that contain 18:3w6, +y-linolenic acid
(GLA). Relatively rich sources of GLA include black currant, evening primrose, and
borage oils. GLA is e€longated to 20:3w6, dihomo-vy-linolenic acid (DHGLA).
DHGLA is the precursor molecule to the 1-series prostaglandins. DHGLA is further
desaturated to 20:4w6, precursor to the 2-series prostaglandins. Further elongation
and desaturation to 22:4w6 and 22:506 can occur, athough the exact function of
these fatty acids remains obscure.

Figure 4 illustrates analogous el ongation and desaturation of 18:3w 3. The elon-
gation of 20:5w3 to 22:5w3 was thought for many years to be via A4 desaturase.
The inexplicable difficulty in identifying and isolating the putative A4 desaturase led
to the conclusion that it did not exist, and the pathway from 20:5w3 to 22:6w3 was
elucidated as a double elongation, desaturation, and B-oxidation.

One of the main functions of the EFAs is their conversion to metabolically
active prostaglandins and leukotrienes [14,15]. Examples of some of the possible
conversions from 20:4w6 are shown in Figures 5 and 6 [15]. The prostaglandins are
called eicosanoids as a class and originate from the action of cyclooxygenase on 20:
406 to produce PGG,. The standard nomenclature of prostaglandins alows usage
of the names presented in Figure 5. For a name such as PGG,, the PG represents
prostaglandin, the next letter (G) refers to its structure (Fig. 7), and the subscript
number refers to the number of double bonds in the molecule.

The parent structure for most of the prostaglandins is prostanoic acid (Fig. 7)
[14]. Thus, the prostaglandins can be named based on this parent structure. As well,

18:2w6 Linoleic acid

o P et Ty e T e

o ’\“COOH
A-B6-Desaturase
18:316 y-Linolenic acid
< CO0H
‘ Elongase
20:306 Dihomo-y-linolenic acid ¥
T e R
A-B-Desaturase
20:406 Arachidonic acid
T ~'~’""'“\~-\._,f'":“*r:.-_,-"’“"x._-.-:-'-"'""'“"‘--\.._,--’"“'""-:-.-_../'"“‘x._,.--f"""*-cOOH

Figure 3 Pathway of 18:2w6 metabolism to 20:4w6.
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18:30 3 Linolenic acid
e e iy T ~COOH

A-B-Desaturase
18:4m3

“COOH

Elongase
20:4m3

T GO0H

20:5m3 Eicosapentaenaic

R L e o

l

-
)=
i \,
l

e “COOH
22:503 Docosapentaenoic Elongase
" cooH
24:503 Tetracosapentaenoic Elengase
T S N e o0H
24:6m 3 Tetracosahexaenoic ‘, A-6-Desaturase
S \“’“/\’““:“’“’“*”N“""“COOH
22:6m 3 Docosahexaenoic l [3-Oxidation
S N

Figure 4 Pathway of 18:3w3 metabolism to 22:6w3.

they can be named using standard nomenclature rules. For example, prostaglandin
E, (PGE,) is named (5Z,11«,13E,15S)-11,15-dihydroxy-9-oxoprosta-5,13-dienoic
acid using the prostanoic acid template. It can also be named using standard no-
menclature as 7-[3-hydroxy-2-(3-hydroxy-1-octenyl)-5-oxocyclopentyl]-cis-5-hep-
tenoic acid.

The leukotrienes are produced from 20:4w6 vis 5-, 12-, or 15-lipoxygenases
to a wide range of metabolically active molecules. The nomenclature is shown in
Figure 6.

It is important to realize that there are 1-, 2-, and 3-series prostaglandins orig-
inating from 20:3w6, 20:4w6, and 20:5w 3, respectively. The structures of the 1- and
3-prostaglandins differ by the removal or addition of the appropriate double bonds.
Leukotrienes of the 3-, 4-, and 5-series are formed via lipoxygenase activity on 20:
3w6, 20:4w6, and 20:5w3. A great deal of interest has been focused on changing
proportions of the prostaglandins and leukotrienes of the various series by diet to
modulate various diseases.
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Figure 5 Prostaglandin metabolites of 20:4w6.
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Figure 7 Prostanoic acid and prostaglandin ring nomenclature.

3. Acetylenic Fatty Acids

A number of different fatty acids have been identified having triple bonds [16]. The
nomenclature is similar to double bonds except that the -ane ending of the parent
alkane is replaced with -ynoic acid, -diynoic acid, and so on.

Shorthand nomenclature uses a lowercase a to represent the acetylenic bond;
9c,12a-18:2 is an octadecynoic acid with a double bond in position 9 and the triple
bond in position 12. Figure 8 shows the common names and standard nomenclature
for some acetylenic fatty acids. Since the ligands attached to triple-bonded carbons
are 180° from one another (the structure through the bond is linear), the second
representation in Figure 8 is more accurate.

The acetylenic fatty acids found in nature are usually 18-carbon molecules with
unsaturation starting at A9 consisting of conjugated double—triple bonds [9,16]. Acet-
ylenic fatty acids are rare.

4. trans Fatty Acids

trans Fatty acids include any unsaturated fatty acid that contains double-bond ge-
ometry in the E (trans) configuration. Nomenclature differs only from normal cis
fatty acids in the configuration of the double bonds.

The three main origins of trans fatty acids in our diet are bacteria, deodorized
oils, and partially hydrogenated oils. The preponderance of trans fatty acids in our
diets are derived from the hydrogenation process.

Hydrogenation is used to stabilize and improve oxidative stability of oils and
to create plastic fats from oils[17]. The isomers that are formed during hydrogenation
depend on the nature and amount of catalyst, the extent of hydrogenation, and other
factors. The identification of the exact composition of a partialy hydrogenated il
is extremely complicated and time consuming. The partial hydrogenation process
produces a mixture of positional and geometrical isomers. Identification of the fatty
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Figure 8 Some acetylenic acid structures and nomenclature.

acid isomers in a hydrogenated menhaden oil has been described [18]. The 20:1
isomers originally present in the unhydrogenated oil were predominantly cis-A11
(73% of total 20:1) and cis-A13 (15% of total 20:1). After hydrogenation from an
initial iodine value of 159 to 96.5, the 20:1 isomers were distributed broadly across
the molecules from A3 to A17 (Fig. 9). The mgjor trans isomers were A11 and A13,
while the main cis isomers were A6, A9, and A11. Similar broad ranges of isomers
are produced in hydrogenated vegetable oils [17].

Geometrical isomers of essential fatty acids linoleic and linolenic were first
reported in deodorized rapeseed oils [19]. The geometrical isomers that result from
deodorization are found in vegetable oils and products made from vegetable oils
(infant formulas) and include 9c,12t-18:2, 9t,12¢-18:2, and 9t,12t-18:2, as well as
9c,12c,15t-18:3, 9t,12¢,15¢-18:3, 9c,12t,15¢-18:3, and 9t,12¢,15t-18:3 [19-22].
These trans-EFA isomers have been shown to have altered hiological effects and are
incorporated into nervous tissue membranes [23,24], athough the importance of
these findings has not been elucidated.
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Figure 9 Eicosenoid isomers in partially hydrogenated menhaden oil. (From Ref. 18.)

trans Fatty acids are formed by some bacteria primarily under anaerobic con-
ditions [25]. It is believed that the formation of trans fatty acids in bacteria cell
membranes is an adaptation response to decrease membrane fluidity, perhaps as a
reaction to elevated temperature or stress from solvents or other lipophilic com-
pounds that affect membrane fluidity (4-chlorophenal).

Not all bacteria produce appreciable levels of trans fatty acids. The trans-
producing bacteria are predominantly gram negative and produce trans fatty acids
under anaerobic conditions. The predominant formation of trans is via double-bond
migration and isomerization, although some bacteria appear to be capable of isom-
erization without bond migration. The action of bacteria in the anaerobic rumen
results in biohydrogenation of fatty acids and results in trans fatty acid formation in
dairy fats (2—6% of total fatty acids). The double bond positions of the trans acids
in dairy fats are predominantly in the A11 position, with smaller amounts in A9,
A10, A13, and A14 positions [26].
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5. Branched Fatty Acids

A large number of branched fatty acids have been identified [16]. The fatty acids
can be named according to rules for branching in hydrocarbons (Table 2). Beside
standard nomenclature, severa common terms have been retained, including iso-,
with a methyl branch on the penultimate (w2) carbon, and anteiso, with a methyl
branch on the antepenultimate (w3) carbon. The iso and anteiso fatty acids are
thought to originate from a modification of the normal de novo biosynthesis, with
acetate replaced by 2-methyl propanoate or 2-methylbutanoate, respectively [16].
Other branched fatty acids are derived from isoprenoid biosynthesis including pris-
tanic acid (2,6,10,14-tetramethylpentadecanocic acid) and phytanic acid (3,7,11,15-
tetramethylhexadecanoic acid).

6. Cyclic Fatty Acids

Many fatty acids that exist in nature contain cyclic carbon rings [27]. Ring structures
contain either three (cyclopropyl and cyclopropenyl), five (cyclopentenyl), or six
(cyclohexenyl) carbon atoms and may be saturated or unsaturated. As well, cyclic
fatty acid structures resulting from heating the vegetable oils have been identified
[27-29].

In nomenclature of cyclic fatty acids, the parent fatty acid is the chain from
the carboxyl group to the ring structure. The ring structure and additional ligands
are considered a substituent of the parent fatty acid. An example is given in Figure
10. The parent in this example is nonanoic acid (not pentadecanoic acid, which would
result if the chain were extended through the ring structure). The substituted group
is a cyclopentyl group with a 2-butyl ligand (2-butylcyclopentyl). Thus the correct
standard nomenclature is 9-(2-butylcyclopentyl)nonanoic acid. The 2 is sometimes
expressed as 2’ to indicate that the numbering is for the ring, and not the parent
chain. The C-1 and C-2 carbons of the cyclopentyl ring are chiral, and two possible
configurations are possible. Both the carboxyl and longest hydrocarbon substituents
can be on the same side of the ring, or they can be on opposite sides. These are
referred to as cis and trans, respectively.

The cyclopropene and cyclopropane fatty acids can be named by means of the
standard nomenclature noted in the example above. They are also commonly named
using the parent structure that carries through the ring structure. In the example in
Figure 11, the fatty acid (commonly named lactobacillic acid or phycomonic acid)
is named 10-(2-hexylcyclopropyl)decanonic acid in standard nomenclature. An older
naming system would refer to this fatty acid as cis-11,12-methyleneoctadecanoic
acid, where cis designates the configuration of the ring structure. If the fatty acid is
unsaturated, the term methylene is retained but the double bond position is noted in
the parent fatty acid structure (cis-11,12-methylene-cis-octadec-9-enoic acid).

Figure 12 presents some examples of natural cyclic fatty acids and their trivial
and standard nomenclature.

7. Hydroxy and Epoxy Fatty Acids

Saturated and unsaturated fatty acids containing hydroxy and epoxy functional
groups have been identified [1,16]. Hydroxy fatty acids are named by means of the
parent fatty acid and the hydroxy group(s) numbered with its A location. For ex-
ample, the fatty acid with the trivia name ricinoleic (Fig. 13) is named R-12-hy-
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9-(2-butylcyclopentyl)nonancic acid

A B C

> 0

3

trans ring configuration

o,
////\\/

Figure 10 Nomenclature of cyclic fatty acids.

droxy-cis-9-octadecenoic acid. Ricinoleic acid is found in the seeds of Ricinus spe-
cies and accounts for about 90% of the fatty acids in castor bean oil.

Because the hydroxy group is chiral, stereoisomers are possible. The R/S system
is used to identify the exact structure of the fatty acid. Table 6 reviews the rules for
R/S nomenclature. The R/S system can be used instead of the «/B and cis/trans
nomenclature systems. A fatty acid with a hydroxy substituent in the A2 position is
commonly called an a-hydroxy acid; fatty acids with hydroxy substituentsin the A3
and A4 positions are called B-hydroxy acids and y-hydroxy acids, respectively. Some

cis-11,12-methyleneoctadecanoic acid
cis-10-(2-hexylcyclopropylidecanoic acid
lactobacillic acid / phytomonic acid

Figure 11 Nomenclature for a cyclopropenoid fatty acid.
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Figure 12 Cyclic fatty acid structures and nomenclature.

common hydroxy acids are shown in Figure 13. Cutins, which are found in the outer
layer of fruit skins, are composed of hydroxy acid polymers, which also may contain
epoxy groups [16].

Epoxy acids, found in some seed oils, are formed on prolonged storage of
seeds [16]. They are named similarly to cyclopropane fatty acids, with the parent
acid considered to have a substituted oxirane substituent. An example of epoxy fatty
acids and their nomenclature is shown in Figure 14. The fatty acid with the common
name vernolic acid is named (using standard nomenclature) 11-(3-pentyloxyranyl)-
9-undecenoic acid. In older nomenclature, where the carbon chain is carried through
the oxirane ring, vernolic acid would be called 12,13-epoxyoleic acid or 12-13-
epoxy-9-octadecenoic acid. The configuration of the oxirane ring substituents can be
named in the cis/trans, E/Z, or R/S configuration systems.
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9(S)-hydroxy-cis-11-octadecenoic acid
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12(R)-hydroxy-cis-9,15-octadecadiencic acid
Densipolic acid

Figure 13 Hydroxy fatty acid structures and nomenclature.

8. Furanoid Fatty Acids

Some fatty acids contain an unsaturated oxolane heterocyclic group. There are more
commonly called furanoid fatty acids because a furan structure (diunsaturated oxo-
lane) is present in the molecule. Furanoid fatty acids have been identified in Exo-
carpus seed oils. They have aso been identified in plants, algae, and bacteria and
are a major component in triacylglycerols from latex rubber [1,16]. They are im-
portant in marine oils and may total several percentage points of the total fatty acids
or more in liver and testes [1,30].

Furanoid fatty acids have a general structure shown in Figure 15. A common
nomenclature describing the furanoid fatty acids (as F,, F,, etc.) is used [30]. The
naming of the fatty acids in this nomenclature is arbitrary and originated from elution
order in gas chromatography. A shorthand notation that is more descriptive gives the
methyl substitution followed by F, and then the carbon lengths of the carboxyl and

Table 6 A Summary of Rules for R/S Nomenclature

1. The sequence priority rules (Table 3) are used to prioritize the ligands attached to the
chiral center (a > b > c¢ > d).

2. The molecule is viewed with the d substituent facing away from the viewer.

3. The remaining three ligands (a, b, c) will be oriented with the order a-b-c in a
clockwise or counterclockwise direction.

4. Clockwise describes the R (rectus, right) conformation, and counterclockwise describes
the S (sinister, left) conformation.

Source: Ref. 10.
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COOH

11-(3-pentyloxiranyl}-8-undecanoic acid
cis-12-13-epoxy-cis-9-octadecenoic acid

Vernolic acid

Both the (+) 125,13R and (-} 12R,13S forms are found in nature

CCOH

=

8-{3-cis-2'-nonenyloxiranyl)-octanoic acid
cis-9,10-epoxy-cis-12-octadecenoic acid
Coronaric acid

Figure 14 Epoxy fatty acid structures and nomenclature.

termina chains in parentheses: MeF(9,5). Standard homenclature follows the same
principles outlined in Sec. IV.A.6. The parent fatty acid chain extends only to the
furan structure, which is named as a ligand attached to the parent molecule. For
example, the fatty acid named F5 in Figure 15 is named 11-(3,4-dimethyl-5-pentyl-
2-furyl)undecanoic acid. Shorthand notation for this fatty acid would be Fs or
MeF(11,5). Numbering for the furan ring starts at the oxygen and proceeds clock-
wise.

B. Acylglycerols

Acylglycerols are the predominant constituent in oils and fats of commercial impor-
tance. Glycerol can be esterified with one, two, or three fatty acids, and the individual
fatty acids can be located on different carbons of glycerol. The terms monoacylglyc-
erol, diacylglycerol, and triacylglycerol are preferred for these compounds over the
older and confusing names mono-, di-, and triglycerides [6,7].

Fatty acids can be esterified on the primary or secondary hydroxyl groups of
glyceral. Although glycerol itself has no chiral center, it becomes chiral if different
fatty acids are esterified to the primary hydroxyls or if one of the primary hydroxyls
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Name X y R
F1 8 2 CHs
F2 8 4 H
F3 8 4 CHs
F4 10 2 CHs
F5 10 4 H
F6 10 4 CHs
F7 12 4 H
F8 12 4 CHs

Figure 15 Furanoid fatty acid structure and shorthand nomenclature.

is esterified. Thus, terminology must differentiate between the two possible config-
urations (Fig. 16). The most common convention to differentiate these sterecisomers
is the sn convention of Hirshmann (see Ref. 31). In the numbering that describes
the hydroxyl groups on the glycerol molecule in Fisher projection, snl, sn2, and sn3
designations are used for the top (C1), middle (C2), and bottom (C3) OH groups
(Fig. 17). The sn term indicates stereospecific numbering [1].

—C-OH —C-OCOR
HO-C— HO-C*—
—c-on —G-OH
| l
~C~OH —C-OCORy
HO-C*— HO-C*—

—(|3—OCOR _?_OCORZ

C* = chiral carbon

Figure 16 Chira carbons in acylglycerols.
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Figure 17 Stereospecific numbering (sn) of triacylglycerols.

In common nomenclature, esters are called « on primary and 8 on secondary
OH groups. If the two primary-bonded fatty acids are present, the primary carbons
are cadled a and «'. If one or two acyl groups are present, the term ‘“‘partial glyc-
eride’” is sometimes used. Nomenclature of the common partial glycerides is shown
in Figure 18.

Standard nomenclature allows several different names for each triacylglycerol
(TAG) [6]. A TAG with three stearic acid esters can be named as glycerol tristearate,
tristearoyl glycerol, or tri-O-stearoyl glycerol. The ““O’’ locant can be omitted if the
fatty acid is esterified to the hydroxyl group. More commonly, triacylglycerol no-
menclature uses the designation -in to indicate the molecule in a TAG (e.g., tristea
rin). If different fatty acids are esterified to the TAG—for example, the TAG with
sn-1 palmitic acid, sn-2 oleic acid, and sn-3 stearic acid—the name replaces the -ic
in the fatty acid name with -oyl, and fatty acids are named in snl, sn2, sn3 order
(1-pa mitoyl-2-oleoyl-3-stearoyl-sn-glycerol). This TAG also can be named as sn-1-
palmito-2-oleo-3-stearin or sn-glycerol-1-pamitate-2-oleate-3-stearate. If two of the
fatty acids are identical, the name incorporates the designation di- (e.g., 1,2-dipal-
mitoyl-3-oleoyl-sn-glycerol, 1-stearoyl-2,3-dilinolenoyl-sn-glycerol, etc.).

0 8}
—o-Lr —o-Lr,
HO Ry==0-
_‘(\—OH “g_ OH
() 1-monoacyl-sn-glycerol {(2,p) 1,2-diacyl-sn-glycerol
o]
] O_{ﬁOH [_OJJ_R1
T HO
° T o
o}
(B) 2-monoacyl-ss-glycerot (e, 1,3-diacyl-sn-glycerol
FOH OH
HO_'II\II R1—”—O—\_
o R o O Re
o 0
('} 3-monoacyl-sn-glycerol («'.B)} 2,3-diacyl-sn-glycerol

Figure 18 Mono and diacylglycerol structures.
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Table 7 Short Abbreviations for Some Common Fatty Acids

AC Acetic Ln Linolenic

Ad Arachidic M Myristic

An Arachidonic N Nervonic

B Butyric (@] Oleic

Be Behenic Oc Octanoic

D Decanoic P Palmitic

E Erucic Po Palmitoleic

El Elaidic R Ricinoleic

G Eicosenoic S Saturated (any)
H Hexanoic St Stearic

L Linoleic U Unsaturated (any)
La Lauric \Y Vaccenic

Lg Lignoceric X Unknown

Source: Ref. 31.

To facilitate TAG descriptions, fatty acids are abbreviated using one or two
letters (Table 7). The triacylglycerols can be named after the esterified fatty acids
using shorthand nomenclature. For example, sn-POSt is shorthand description for
the molecule 1-pamitoyl-2-oleoyl-3-stearoyl-sn-glycerol. If the sn- is omitted, the
stereospecific positions of the fatty acids are unknown. POSt could be a mixture of
sn-POSt, sn-StOP, sn-PStO, sn-OStP, sn-OPSt, or sn-StPO, in any proportion. An
equal mixture of both stereoisomers (the racemate) is designated as rac. Thus, rac-
OPP represents equal amounts of sn-OPP and sn-PPO. If only the sn-2 substituent
is known with certainty in a TAG, the designation B- is used. For example, 3-POSt
is a mixture (unknown amounts) of sn-POSt and sn-StOP.

TAGs are also sometimes described by means of the @ nomenclature. For
example, sn-18:0-18:2w6-16:0 represents 1-stearoyl-2-1inol eoyl-3-pal mitoyl-sn-glyc-
erol.

C. Sterols and Sterol Esters

The steroid class of organic compounds includes sterols of importance in lipid chem-
istry. Although the term ““ sterol”” is widely used, it has never been formally defined.
The following working definition was proposed some years ago: ‘* Any hydroxylated
steroid that retains some or al of the carbon atoms of squalene in its side chain and
partitions nearly completely into the ether layer when it is shaken with equal volumes
of ether and water” [32]. Thus, for this definition, sterols are a subset of steroids
and exclude the steroid hormones and bile acids. The importance of bile acids and
their intimate origin from cholesterol makes this definition difficult. As well, non-
hydroxylated structures such as cholestane, which retain the steroid structure, are
commonly considered sterols.

The sterols may be derived from plant (phytosterols) or animal (zoosterols)
sources. They are widely distributed and are important in cell membranes. The pre-
dominant zoosterol is cholesterol. Although a few phytosterols predominate, the
sterol composition of plants can be very complex. For example, as many as 65
different sterols have been identified in corn (Zea mays) [33].
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In the standard ring and carbon numbering (Fig. 19) [33], the actual three-
dimensional configuration of the tetra ring structure is amost flat, so the ring sub-
stituents are either in the same plane as the rings or in front or behind the rings. If
the structure in Figure 19 lacks one or more of the carbon atoms, the numbering of
the remainder will not be changed.

The methyl group at position 10 is axial and lies in front of the general plane
of the molecule. This is the 8 configuration and is designated by connection using
a solid or thickened line. Atoms or groups behind the molecule plane are joined to
the ring structure by a dotted or broken line and are given the « configuration. If
the stereochemical configuration is not known, a wavy line is used and the config-
uration is referred to as e. Unfortunately, actua three-dimensional position of the
substituents may be in plane, in front of, or behind the plane of the molecule. The
difficulties with this nomenclature have been discussed elsewhere [32,33].

The nomenclature of the steroids is based on parent ring structures. Some of
the basic steroid structures are presented in Figure 20 [6]. Because cholesteral is a
derivative of the cholestane structure (with the H at C-5 eliminated because of the
double bond), the correct standard nomenclature for cholesterol is 33-cholest-5-en-
3-0l. The complexity of standardized nomenclature has led to the retention of trivial
names for some of the common structures (e.g., cholesterol). However, when the
structure is changed—for example, with the addition of a ketone group to cholesterol
at the 7-position—the proper name is 33-hydroxychol est-5-en-7-one, although this
molecule is also called 7-ketocholesterol in common usage.

A number of other sterols of importance in foods are shown in Figure 21. The
trivial names are retained for these compounds, but based on the nomenclature sys-
tem discussed for sterols, stigmasterol can be named 33-hydroxy-24-ethylcholesta-
5,22-diene. Recent studies have suggested that plant sterols and stanols (saturated
derivatives of sterols) have cholesterol lowering properties in humans [33a].

Cholesteral has been reported to oxidize in vivo and during food processing
[34—37]. These cholesterol oxides have come under intense scrutiny because they
have been implicated in development of atherosclerosis. Some of the more commonly

Figure 19 Carbon numbering in cholesterol structure.
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5(-Estrane 5p3-Androstane

5B-Pregnane 5p-Cholane

5p-Cholestane

Figure 20 Steroid nomenclature.

reported oxidation products are shown in Figures 22 and 23. Nomenclature in com-
mon usage in this field often refers to the oxides as derivatives of the cholesterol
parent molecule: 7-B-hydroxycholesterol, 7-ketocholesterol, 5,68-epoxycholesterol,
and so on. The standard nomenclature follows described rules and is shown in Fig-
ures 22 and 23.
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Figure 21 Common steroid structures.

Sterol esters exist commonly and are named using standard rules for esters.
For example, the ester of cholesterol with palmitic acid would be named cholesterol
palmitate. The standard nomenclature would also alow this molecule to be named
3-O-palmitoyl-3B-cholest-5-en-3-0l or 3-pamitoyl-33-cholest-5-en-3-ol.

D. Waxes

Waxes (commonly called wax esters) are esters of fatty acids and long chain alcohols.
Simple waxes are esters of medium chain fatty acids (16:0, 18:0, 18:1»9) and long
chain aliphatic alcohols. The alcohols range in size from C8 to C18. Simple waxes
are found on the surface of animals, plants, and insects and play arole in prevention
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Figure 22 Cholesterol oxidation products and nomenclature |. (From Ref. 37.)
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Figure 23 Cholesterol oxidation products and nomenclature I1. (From Ref. 37.)

of water loss. Complex waxes are formed from diols or from alcohol acids. Di- and
triesters as well as acid and alcohol esters have been described.

Simple waxes can be named by removing the -ol from the alcohol and replacing
it with -yl, and replacing the -ic from the acid with -oate. For example, the wax
ester from hexadecanol and oleic acid would be named hexadecyl oleate or hexad-
ecyl-cis-9-hexadenenoate. Some of the long chain acohols have common names
derived from the fatty acid parent (e.g., lauryl alcohol, stearyl acohol). The C16
alcohal (1-hexadecanol) is commonly called cetyl alcohol. Thus, cetyl oleate is an-
other acceptable name for this compound.

Waxes are found in animal, insect, and plant secretions as protective coatings.
Waxes of importance in foods as additives include beeswax, carnauba wax, and
canddlilla wax.

Copyright 2002 by Marcel Dekker, Inc. All Rights Reserved.



E. Phosphoglycerides (Phospholipids)

Phosphoglycerides (PLs) are composed of glycerol, fatty acids, phosphate, and (usu-
aly) an organic base or polyhydroxy compound. The phosphate is amost always
linked to the sn-3 position of glycerol molecule.

The parent structure of the phosphoglycerides is phosphatidic acid (sn-1,2-
diacylglycerol-3-phosphate). The terminology for phosphoglycerides is analogous to
that of acylglycerols with the exception of the no acyl group at sn-3. The prefix lyso-,
when used for phosphoglycerides, indicates that the sn-2 position has been hydro-
lyzed and a fatty acid is esterified to the sn-1 position only.

Some common phosphoglyceride structures and nhomenclature are presented in
Figure 24. Phospholipid classes are denoted using shorthand designation (PC = phos-
phatidylcholine, etc.). The standard nomenclature is based on the PL type. For ex-
ample, a PC with an oleic acid on sn-1 and linolenic acid on sn-2 would be named
1-oleoyl-2-linolenoyl-sn-glycerol-3-phosphocholine. The name phosphorycholine is
sometimes used but is not recommended [8]. The terms lecithin and cephalin, some-
times used for PC and PE, respectively, are not recommended [8].

H 0

0O H—(!:—O—lé—& sni
sn2 Rz—(lzl—o-—(::-H 0-
H—(;:—O—Ille—Rg sn3

H O
R3= phospholipid class/namenciature
-OH phasphatidic acid (PA)

{3-sn-phosphatidyl)-L- serine (PS)
-O-CHp-CH{NH-COCH 1 2. diacyl-sn-glycero(3)phospho-L-serine

-0-CHg-CHz-NH; (3-sn-phosphatidyliethanclamine (PE)
1,2-diacyl-sn-glycerof 3)phosphoethanolamine

{3-sn-phosphatidyljcholine {PC)
-0-CHy-CHZz-C{NHz)a 1 2-diacyl-sn-glyceroi3)phosphocholine
o4 ©OH {3-sn-phosphatidyl)-L-myoinositol (P1)
OH 1,2-diacyl-sn-glycero( 3)phospho-L-myo-inositol

—0
OH OH

Figure 24 Nomenclature for glycerophospholipids.
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Figure 25 Cardiolipin structure and nomenclature.

Cardiolipin is a phosphoglyceride that is present in heart muscle mitochondria
and bacterial membranes. Its structure and nomenclature are shown in Figure 25.
Some cardiolipins contain the maximum possible number of 18:20#6 molecules (4
mol/mal).

F. Ether(phospho)glycerides (Plasmalogens)

Plasmalogens are formed when a vinyl (1-alkenyl) ether bond is found in a phos-
pholipid or acylglycerol. The 1-alkenyl-2,3-diacylglycerols are termed neutral plas-
malogens. A 2-acyl-1-(1-alkenyl)-sn-glycerophosphocholine is named a plasmalogen
or plasmenylcholine. The related 1-alkyl compound is named plasmanylcholine.

G. Glyceroglycolipids (Glycosylglycolipids)

The glyceroglycolipids or glycolipids are formed when a 1,2-diacyl-sn-3-glycerol is
linked via the sn-3 position to a carbohydrate molecule. The carbohydrate is usually
a mono- or a disaccharide, less commonly a tri- or tetrasaccharide. Galactose is the
most common carbohydrate molecule in plant glyceroglycolipids.

Structures and nomenclature for some glyceroglycolipids are shown in Figure
26. The names monogal actosyldiacylglycerol (MGDG) and digalactosyldiacylglyc-
erol (DGDG) are used in common nomenclature. The standard nomenclature iden-
tifies the ring structure and bonding of the carbohydrate groups (Fig. 26).

H. Sphingolipids

The glycosphingolipids are a class of lipids containing along chain base, fatty acids,
and various other compounds, such as phosphate and monosaccharides. The base is
commonly sphingosine, although more than 50 bases have been identified. The cer-
amides are composed of sphingosine and a fatty acid (Fig. 27). Sphingomyelin is
one example of a sphingophospholipid. It is a ceramide with a phosphocholine group
connected to the primary hydroxyl of sphingosine. The ceramides can also be at-
tached to carbohydrate molecules (sphingoglycolipids or cerebrosides) via the pri-
mary hydroxyl group of sphingosine. Gangliosides are complex cerebrosides with
the ceramide residue connected to a carbohydrate containing glucose-galactosamine-
N-acetylneuraminic acid. These lipids are important in cell membranes and the brain,
and they act as antigenic sites on cell surfaces. Nomenclature and structures of some
cerebrosides are shown in Figure 27.
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Figure 26 Glyceroglycolipid structures and nomenclature.

. Fat-Soluble Vitamins
1. Vitamin A

Vitamin A exists in the diet in many forms (Fig. 28). The most bioactive form is the
all-trans retinol, and cis forms are created via light-induced isomerization (Table 8).
The 13-cis isomer is the most biopotent of the mono- and di-cis isomers. The a-
and B-carotenes have biopotencies of about 8.7% and 16.7% of the all-trans retinol
activity, respectively. The daily value (DV) for vitamin A is 1000 retinol equivalents
(RE), which represents 1000 ug of all-trans retinol or 6000 ug of B-carotene. Vi-
tamin A can be toxic when taken in levels exceeding the %DV. Some reports suggest
that levels of 15,000 RE per day can be toxic [38].
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Figure 27 Sphingolipid structures and nomenclature.
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Figure 28 Structures of some vitamin A compounds.

Table 8 Approximate Biological Activity
Relationships of Vitamin A Compounds

Activity of

Compound all-trans retinol (%)
All-trans retinol 100

9-cis Retinol 21

11-cis Retinol 24

13-cis Retinol 75
9,13-di-cis Retinol 24
11,13-di-cis Retinol 15
a-Carotene 8.4
B-Carotene 16.7
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Toxic symptoms of hypervitaminosis A include drowsiness, headache, vomit-
ing, and muscle pain. Vitamin A can be teratogenic at high doses [38]. Vitamin A
deficiency results in night blindness and ultimately total blindness, abnormal bone
growth, increased cerebrospina pressure, reproductive defects, abnormal cornifica-
tion, loss of mucus secretion cells in the intestine, and decreased growth. The im-
portance of beef liver, an excellent source of vitamin A, in cure of night blindness
was known to the ancient Egyptians about 1500 Bc [39].

2. Vitamin D

Although as many as five vitamin D compounds have been described (Fig. 29), only
two of these are biologically active: ergocalciferol (vitamin D,) and cholecalciferol
(vitamin D). Vitamin D; can be synthesized in humans from 7-dehydrocholesterol,
which occurs naturally in the skin via light irradiation (Fig. 30).

The actual hormonal forms of the D vitamins are the hydroxylated derivatives.
Vitamin D is converted to 25-OH-D in the kidney and further hydroxylated to 1,25-
diOH-D in the liver. The dihydroxy form is the most biologically active form in
humans.

3. Vitamin E

Vitamin E compounds include the tocopherols and tocotrienols. Tocotrienols have a
conjugated triene double bond system in the phytyl side chain, while tocopherols do
not. The basic nomenclature is shown in Figure 31. The bioactivity of the various
vitamin E compounds is shown in Table 9. Methyl substitution affects the bioactivity
of vitamin E, as well as its in vitro antioxidant activity.

4. Vitamin K

Several forms of vitamin K have been described (Fig. 32). Vitamin K, (phylloqui-
none) is found in green leaves and vitamin K, (menaquinone) is synthesized by
intestinal bacteria. Vitamin K is involved in blood clotting as an essential cofactor
in the synthesis of -y-carboxyglutamate necessary for active prothrombin. Vitamin K
deficiency is rare because of intestinal microflora synthesis. Warfarin and dicoumerol
prevent vitamin K regeneration and may result in fatal hemorrhaging.

J. Hydrocarbons

The hydrocarbons include normal, branched, saturated, and unsaturated compounds
of varying chain lengths. The nomenclature for hydrocarbons has aready been dis-
cussed. The hydrocarbons of most interest to lipid chemists are the isoprenoids and
their oxygenated derivatives.

The basic isoprene unit (2-methyl-1,3-butadiene) is the building block for a
large number of interesting compounds, including carotenoids (Fig. 33), oxygenated
carotenoids (Fig. 34), sterols, and unsaturated and saturated isoprenoids (isopranes).
Recently, it has been discovered that 15-carbon and 20-carbon isoprenoids are co-
valently attached to some proteins and may be involved in control of cell growth
[40]. Members of this class of protein-isoprenoid molecules are called prenylated
proteins.
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Figure 31 Structures of some vitamin E compounds.

Table 9 Approximate Biological Activity
Relationships of Vitamin E Compounds

Activity of
Compound D-a-tocopherol (%)
D-a-Tocopherol 100
L-a-Tocopherol 26
DL-a-Tocopherol 74
DL-a-Tocopheryl acetate 68
D-B-Tocopherol 8
D-y-Tocopherol 3
D-8-Tocopherol —
D-a-Tocotrienol 22
D-B-Tocotrienol 3

D-7y-Tocotrienol —
D-6-Tocotrienol —
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Figure 34 Structures and nomenclature of some oxygenated carotenoids.

IV. SUMMARY

It would be impossible to describe the structures and nomenclature of all known
lipids even in one entire book. The information presented in this chapter is a brief
overview of the complex and interesting compounds we call lipids.
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Chemistry and Function
of Phospholipids

MARILYN C. ERICKSON
The University of Georgia, Griffin, Georgia

I. INTRODUCTION

Phospholipids can generally be regarded as asymmetrical phosphoric acid diesters
comprising chemical bonds of three types: C-C bonds, ester bonds, and phosphoester
bonds. While hydrolysis is inherent to the ester and phosphoester bonds, other phys-
ical and chemical reactions associated with phospholipids are dictated by the kind
of head group and by the chain length and degree of unsaturation of the constituent
aliphatic moieties. These activities constitute the focus of this chapter. In addition,
the ramifications of phospholipids amphiphilic nature and their propensity to aggre-
gate as bilayers will be discussed in relation to their functional role in foods.

II. PHOSPHOLIPID CLASSIFICATION

Phospholipids are divided into two main classes depending on whether they contain
a glycerol or a sphingosyl backbone (Fig. 1). These differences in base structure
affect their chemical reactivity.

Glycerophospholipids are named after and contain structures that are based on
phosphatidic acid. The moeity attached to the phosphate includes nitrogenous bases
or polyols. Sphingolipids are lipids that contain sphingosine (trans-p-erythro-1,3-
dihydroxy-2-amino-4-octadecene) or a related amino alcohol. Although the most
common sphingophospholipid, sphingomyelin, represents a major lipid in certain
membranes of animals, it is of minor importance in plants and probably is absent
from bacteria
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Phosphatidylglycerol (PG)
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B. Sphingosyl backbone

Sphingomyelin

Figure 1 Structure of phospholipids. Circled areas show distinguishing features of each
phospholipid.

In most tissues the diacyl forms of the glycerophospholipids predominate, but
small amounts of ether derivatives are also found. These are the monoacyl monoalk-
1-enyl ether forms of phospholipids. Choline and ethanolamine plasmalogens are the
most common forms, although serine plasmalogen has also been found.

The phosphonolipids that contain a covalent bond between the phosphorus
atom and the carbon of the nitrogenous base comprise another glycerophospholipid
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variant [1]. Phosphonolipids are major constituents in three phyla and are synthesized
by phytoplankton, the base of the food chains of the ocean.

. PHOSPHOLIPID MESOPHASES

Phospholipids are characterized by the presence of a polar or hydrophilic head group
and a nonpolar or hydrophobic fatty acid region. It is this amphipathic character that
drives the macroassembly of phospholipids in the presence of water to a bilayer
organization in which the polar regions tend to orient toward the agueous phase and
the hydrophobic regions are sequestered from water (Fig. 2A). Another macromo-
lecular structure commonly adopted by phospholipids and compatible with their am-
phipathic constraints is the hexagonal (H,) phase (Fig. 2B). This phase consists of
a hydrocarbon matrix penetrated by hexagonally packed agueous cylinders with di-
ameters of about 20 A. Table 1 lists less common macromolecular structures that
may be adopted by phospholipids in a solid or liquid state. The ability of phospho-
lipids to adopt these different structures is referred to as lipid polymorphism. Addi-
tional information on structure and properties of these mesophases of phospholipids
may be found in the review of Seddon and Cevc [2].

IV. BIOLOGICAL MEMBRANES

Phospholipids, along with proteins, are major components of biological membranes,
which in turn are an integral part of prokaryotes (bacteria) and eukaryotes (plants
and animals). The predominant structures assumed by phospholipids in membranes
are the bilayer and H, structure, which is dictated by the phase preference of the
individual phospholipids (Table 2). It isimmediately apparent that a significant pro-
portion of membrane lipids adopt or promote H,, phase structure under appropriate
conditions. The most striking example is phosphatidylethanolamine (PE), which may
compose up to 30% of membrane phospholipids. Under such conditions, portions of
the membrane that adopt an H,, phase would be expected to be incompatible with
maintenance of a permeability barrier between external and internal compartments
at those areas. Consequently, alternative roles for those structures must exist.

A. Membrane Permeability

The ability of lipids to provide a bilayer permeability barrier between external and
internal environments constitutes one of their most important functionsin abiological

(A) (B) %

Figure 2 Mesomorphic structures of phospholipids: (A) lamellar and (B) hexagonal I1.
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Table 1 Macromolecular Mesophases
Adopted by Phospholipids

Phase Phase structure

Liquid Fluid lamellar
Hexagonal
Complex hexagonal
Rectangular
Oblique
Cubic
Tetragonal
Rhombohedral

Solid Three-dimensional crystal
Two-dimensional crystal
Rippled gel
Ordered ribbon phase
Untilted gel
Tilted gel
Interdigitated gel
Partial gel

membrane. Permeability coefficients of liquid crystalline lipid bilayers for water are
in the range of 107°-10* cmV/s, indicating a high permesability [3]. The relative
permeability of different membrane systems to water can be monitored by means of
light scattering techniques that measure swelling rates when osmotic gradients are
applied [4]. Results obtained from such studies indicate that increased unsaturation
of the fatty acids of the membrane causes increases in water permesability. Since
cholesterol reduces water permeability, the general conclusion has been made that
factors contributing to increased order in the hydrocarbon region reduce water
permeability.

The diffusion properties of nonelectrolytes (uncharged polar solutes) also ap-
pears to depend on the properties of the lipid matrix in much the same manner as
does the diffusion of water. That is, decreased unsaturation of phospholipids or in-
creased cholesterol content results in lower permeability coefficients. In the case of

Table 2 Phase Preference of Membrane Phospholipids

Bilayer Hexagona H,
Phosphatidylcholine
Sphingomyelin

Phosphatidylethanolamine
Phosphatidylserine Phosphatidylserine (pH < 3)
Phosphatidylglycerol
Phosphatidylinositol
Phosphatidic acid Phosphatidic acid (+ Ca™")

Phosphatidic acid pH < 3)
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nonelectrolytes, however, the permeability coefficients are at least two orders of
magnitude smaller than those of water. Furthermore, for a given homologous series
of compounds, the permeability increases as the solubility in a hydrocarbon envi-
ronment increases, indicating that the rate-limiting step in diffusion is the initia
partitioning of the molecule into the lipid bilayer [5].

Measures of the permeability of membranes to small ions are complicated,
since for free permeation to proceed, a counterflow of other ions of equivalent charge
isrequired. In the absence of such a counterflow, a membrane potential is established
that is equal and opposite to the chemical potential of the diffusing species. A re-
markable impermeability of lipid bilayers exists for small ions with permeability
coefficients of less than 10™*° cm/s commonly observed. While permeability coeffi-
cients for Na" and K* may be as small as 10 ** cn/s, lipid bilayers appear to be
much more permeable to H" or OH™ ions, which have been reported to have per-
mesability coefficients in the range of 10 * cm/s [6]. One of the hypotheses put forth
to explain this anomaly involves hydrogen-bonded wires across membranes. Such
water wires could have transient existence in lipid membranes, and when such struc-
tures connect the two aqueous phases, proton flux could result as a consequence of
H—O-H- - - O—H bond rearrangements. Such a mechanism does not involve physical
movement of a proton all the way across the membrane; hence, proton flux occurring
by this mechanism is expected to be significantly faster when compared with the
flux of other monovalent ions which lack such a mechanism. As support for the
existence of this mechanism, an increase in the level of cholesterol decreased the
rate of proton transport that correlated to the decrease in the membrane’'s water
content [7].

Two aternative mechanisms are frequently used to describe ionic permeation
of lipid bilayers. In the first, the solubility-diffusion mechanism, ions partition and
diffuse across the hydrophobic phase. In the second, the pore mechanism, ions tra-
verse the bilayer through transient hydrophilic defects caused by thermal fluctuations.
Based on the dependence of halide permeability coefficients on bilayer thickness and
on ionic size, a solubility-diffusion mechanism was ascribed to these ions [8]. In
contrast, permeation by monovalent cations, such as potassium, has been accounted
for by a combination of both mechanisms. In terms of the relationship between lipid
composition and membrane permeability, ion permeability appears to be related to
the order in the hydrocarbon region, where increased order leads to a decrease in
permeability. The charge on the phospholipid polar head group can also strongly
influence permeability by virtue of the resulting surface potential. Depending on
whether the surface potential is positive or negative, anions and cations could be
attracted or repelled to the lipid—water interface.

B. Membrane Fluidity

The current concept of biological membranes is a dynamic molecular assembly char-
acterized by the coexistence of structures with highly restricted mobility and com-
ponents having great rotational freedom. These membrane lipids and proteins com-
prising domains of highly restricted mobility appear to exist on a micrometer scale
in a number of cell types [9,10]. Despite this heterogeneity, membrane fluidity is
till considered as a bulk, uniform property of the lipid phase that is governed by a
complex pattern of the components’ mobilities. Individual lipid molecules can display
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diffusion of three different types: lateral, rotational, and transversal [11]. Lateral
diffusion of lipids in biologica membranes refers to the two-dimensional translo-
cation of the molecules in the plane of the membrane. Rotational diffusion of lipid
molecules is restricted to the plane of biological membranes, whereas transverse
diffusion is the out-of-plane rotation or redistribution of lipid molecules between the
two lesflets of the bilayer. Transverse diffusion or *flip-flop’ motion is very low in
lipid bilayers, and specific enzymes are required to mediate the process.

There are two major components of membrane fluidity. The first component is
the order parameter (S), aso caled the structural, static, or range component of
membrane fluidity. This is a measure of angular range of rotational motion, with
more tightly packed chains resulting in a more ordered or less fluid bilayer. The
second component of membrane fluidity is microviscosity and is the dynamic com-
ponent of membrane fluidity. This component measures the rate of rotational motion
and is a more accurate reflection of membrane microviscosity.

There are many physical and chemical factors that regulate the fluidity prop-
erties of biological membranes, including temperature, pressure, membrane potential,
fatty acid composition, protein incorporation, and Ca®" concentration. For example,
calcium influenced the structure of membranes containing acidic phospholipids by
nonspecifically cross-linking the negative charges. Consequently, increasing the cal-
cium concentration in systems induced structural rearrangements and a decrease in
membrane fluidity [12]. Similarly, changes in microfluidity and lateral diffusion flu-
idity were exhibited when polyunsaturated fatty acids oxidized [13].

Fluidity is an important property of membranes because of its role in various
cellular functions. Activities of integral membrane-bound enzymes, such asNa", K-
ATPase, can be regulated to some extent by changesin the lipid portions of biological
membranes. In turn, changes in enzyme activities tightly connected to ion transport
processes could affect translocations of ions.

C. Phase Transitions

As is the case for triacylglycerols, phospholipids can exist in a frozen gel state or
in afluid liquid crystaline state, depending on the temperature [14] as illustrated in
Fig. 3. Transitions between the gel and liquid crystalline phases can be monitored
by a variety of techniques, including nuclear magnetic resonance (NMR), electron
spin resonance, fluorescence, and differential scanning calorimetry (DSC). With
DSC, both enthalpy and cooperativity of the transition may be determined, enthal py
being the energy required to melt the acyl chains and cooperativity reflecting the
number of molecules that undergo a transition simultaneously. However, difficulties
in determining membrane transitions have been attributed to entropy/enthalpy com-
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Figure 3 The phospholipid gel—liquid crystalline phase transition.
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pensations in that enthalpy lost by lipids undergoing transition is absorbed by mem-
brane proteins as they partition into the more fluid phase of the bilayer [14].

For complex mixtures of lipids found in biological membranes, at temperatures
above the phase transition, all component lipids are liquid crystalline, exhibiting
characteristics consistent with complete mixing of the various lipids. At temperatures
below the phase transition of the phospholipid with the highest melting temperature,
separation of the component into crystalline domains (lateral phase separation) can
occur. This ability of individual lipid components to adopt gel or liquid crystalline
arrangements has led to the suggestion that particular lipidsin a biological membrane
may become segregated into a local gel state. This segregation could affect protein
function by restricting protein mobility in the bilayer matrix, or it could provide
packing defects, resulting in permeability changes. Exposure of plant food tissues to
refrigerator temperatures could thus induce localized membrane phase transitions,
upset metabolic activity, and create an environment that serves to reduce the quality
of the product [15].

Several compositional factors play arole in determining transition temperatures
of membranes. The longer the chain length in a phospholipid class, the higher the
transition temperature. Similarly, cation binding to PS membranes decreases the
phase transition temperature. However, the presence of cis double bonds on the
phospholipid fatty acids inhibits hydrocarbon chain packing in the gel state and
causes the phase transition to occur at a lower temperature. On the other hand, the
presence of the free fatty acid, oleic acid, had negligible effects on the bilayer phase
transition, whereas the free fatty acid, palmitic acid, increased the bilayer phase
transition temperature [16]. Differential effects on bilayer properties were also seen
by the incorporation of cholesterol, and these effects were dependent on the choles-
terol concentration [17]. In small amounts (=3 mol %), a softening of the bilayers
in the transition region occurred. However, higher cholesterol concentrations led to
arigidification of the bilayer that was characterized as a liquid-ordered phase. This
phase is liquid in the sense that the molecules diffuse laterally as in a fluid, but at
the same time the lipid-acyl chains have a high degree of conformational order.

D. Membrane Lipid—Protein Interactions

Complete functioning of a biomembrane is controlled by both the protein and the
lipid, mainly phospholipid, components. In a bilayer membrane that contains a het-
erogeneous distribution of both peripheral and integral proteins, there will be a cer-
tain proportion of the phospholipids interacting with the protein component to give
the membrane its integrity at both the structural and the functiona level. Thus, the
proportion of phospholipids in the bilayer interacting with protein at any one time
is dictated by protein density, protein type, protein size, and aggregation state of the
proteins.

The major structural element of the transmembrane part of many integral pro-
teins is the a-helix bundle and the disposition and packing of such helices determine
the degree of protein—lipid interactions. A single « helix passing through a bilayer
membrane has a diameter of about 0.8—1 nm, depending on side chain extension,
which is similar to the long dimension of the cross-section of a diacyl phospholipid
(~0.9—-1.0 nm) [18]. In the absence of any significant lateral restriction of such an
individual peptide helix, the lateral and rotational motion of the peptide will be
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similar to that for the lipids. As the protein mass in or on the membrane increases,
however, the motional restriction of the adjacent lipid also increases.

Phospholipids may interact with protein interfaces in selective or nonselective
ways. In the absence of selectivity, the lipids act as solvating species, maintaining
the protein in a suitable form for activity and mobility. Under these conditions,
bilayer fluidity may alter the activity of a membrane protein, with rigid bilayers
reducing or inhibiting protein function and fluid bilayers permitting or enhancing
protein activity. In selective interactions, associations between polar amino acids and
the phospholipid head group may occur with protein function activated by such an
interaction.

Phospholipid—protein interactions have important functional consequences. As
one example, most ion gradients are set up by active transport proteins, which sub-
sequently are used to drive secondary transport processes. If the ion gradients are
lost too quickly by nonspecific leakage (e.g., through membrane regions at the pro-
tein—lipid interface), energy will be lost unnecessarily and thus will not be converted
to useful work. Another consequence of protein—lipid interactions may be a result
of the mutual dynamic influence of one component on the other. It is possible that
for biochemical activity to take place, afluidity window is required within the bilayer
part of a membrane for the proteins to undergo the requisite rates and degrees of
molecular motion around the active site. When proteins, such as ion-translocating
ATPases, undergo significant conformational changes, these rearrangements may not
be possible in a solid matrix. Since it is the lipid component of such bilayers that
provides this fluidity window, changes in this component can ater the proteins
activities.

E. Membrane Deterioration and Associated Quality
Losses in Food

Quality losses in both plant and animal tissues may be attributed to membrane break-
down following slaughter or harvest. However, postmortem changesin animal tissues
occur more rapidly than in plant tissues. In animals, cessation of circulation in the
organism leads to lack of oxygen and accumulation of waste products, whereas in
plants, respiratory gases can still diffuse across cell membranes and waste products
are removed by accumulation in vacuoles.

Two different membrane breakdown pathways predominate in food tissues: free
radical lipid oxidation, and loss of plasma and organelle membrane integrity. Some
representative modifications that occur in membranes in response to lipid peroxida-
tion include uncoupling of oxidative phosphorylation in mitochondria; alteration of
endoplasmic reticulum function; increased permeability; altered activity; inactivation
of membrane-bound enzymes, and polymerization, cross-linking, and covalent bind-
ing of proteins [19]. Another consequence of lipid peroxidation is formation of the
volatile aldehydes that contribute to the aroma characteristics of many vegetables.
With regard to loss of plasma and organelle membrane integrity, influx and efflux
of solutes may occur, leading to intimate contact among formerly separated catalytic
molecules. Thus, in plants where small changes in calcium flux bring about a wide
range of physiological responses, catastrophic changes may proceed in the event of
loss of membrane integrity. Specific examples of membrane deterioration in both
animal and plant tissues are listed in Table 3. A more detailed discussion on these
types of membrane deterioration may be found in the review by Stanley [15].
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Table 3 Membrane Deterioration in Animal and Plant Tissues

Tissue Description of deterioration Manifestations of deterioration
Animal Loss of membrane integrity Drip
Oxidative degradation of membrane Generation of off-flavors: rancid,
lipids warmed-over
Plant Loss of membrane integrity Loss of crispness
Chilling injury Surface pitting; discoloration
Senescence/aging Premature yellowing
Dehydration Failure to rehydrate

V. EMULSIFYING PROPERTIES OF PHOSPHOLIPIDS

When one of two immiscible liquid phases is dispersed in the other as droplets, the
resulting mixture is referred to as an emulsion. To aid in the stabilization of mainly
oil/water emulsions, phospholipids may act as an emulsifier by adsorbing at the
interface of the two phases, their amphipathic character contributing to the lowering
of interfacial tension. To characterize this process more specifically, a sequence of
phase or pseudophase transitions was described near the phase boundary between
immiscible liquids upon hydration of an adsorbed phospholipid in n-decane [20].
These transitions were spherical reverse micelles — three-dimensional network from
entangled wormlike micelles — organogel separation into a diluted solution and a
compact gel or solid mass precipitating on the interfacial boundary. When prepared
in the presence of electrolytes, however, these phospholipid emulsions have a poor
stability due to the ability of electrolytes to enhance the vibration of the phospholipid
groups at the interface [21]. To circumvent the destabilizing effect of electrolytes,
steric surfactants at low concentrations (0.025—0.05%) may be added [22].

Both soybean lecithin and egg yolk are used commercially as emulsifying
agents. Egg yolk contains 10% phospholipid and has been used to help form and
stabilize emulsions in mayonnaise, salad dressing, and cakes. Commercia soybean
lecithin, containing equal amounts of phosphatidylcholine (PC) and inositol, has aso
been used as an emulsifying agent in ice cream, cakes, candies, and margarine. To
expand the range of food grade emulsifiers having different hydrophilic and lipophilic
properties, lecithins have been modified physically and enzymatically.

VI. HYDROLYSIS OF PHOSPHOLIPIDS

Severa types of ester functionality, all capable of hydrolysis, are present in the
component parts of glycerophospholipids (Fig. 1). These may be hydrolyzed totally
by chemical methods or selectively by either chemical or enzymatic methods.

A. Chemical Hydrolysis

Mild acid hydrolysis (trichloroacetic acid, acetic acid, HCI, and alittle HgCl.) results
in the complete cleavage of alk-1-enyl bonds of plasmalogens, producing long chain
aldehydes. With increasing strength of acid and heating (e.g., 2 N HCI or glacial
acetic acid at 100°C), diacylglycerol and inositol phosphate are formed from phos-
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phatidylinositol (Pl) and diacylglycerol and glyceroldiphosphate are formed from
diphosphatidylglycerol. Total hydrolysisinto each of the component parts of all phos-
pholipids can be accomplished by strong acid (HCI, H,SO,) catalysisin 6 N agueous
or 5-10% methanolic solutions [23]. Kinetics and mechanism for hydrolysisin 2 N
HCI at 120°C have been described by DeKoning and McMullan [24]. Deacylation
occurs first, followed by formation of a cyclic phosphate triester as an intermediate
to cyclic glycerophosphate and choline. Eventually an equilibrium mixture of «- and
B-glycerophosphates is formed.

Mild alkaline hydrolysis of ester bonds in phospholipids at 37°C (0.025-0.1
M NaOH in methanolic or ethanolic solutions) leads to fatty acids and glycerophos-
phates. In contrast, phosphosphingolipids are not affected unless subjected to strong
akaline conditions. Some selectivity is seen in the susceptibility of phosphoglycer-
ides to hydrolyze with diacyl > alk-1-enyl, acyl > akyl, acyl. With more vigorous
akaline hydrolysis, the glycerophosphates are apt to undergo further hydrolysis be-
cause the phosphoester bond linking the hydrophilic component to the phospholipid
moiety is not stable enough under alkaline conditions and splits, yielding a cyclic
phosphate. When the cycle opens up, it gives a 1:1 mixture of 2- and 3-glycero-
phosphates.

Both state of aggregation and specific polar group have been shown to affect
the reaction rates for alkaline hydrolysis of phospholipids [25]. Higher activation
energies were observed for hydrolysis of phospholipids in membrane vesicles than
when phospholipids were present as monomers or Triton X-100 micelles. Alkaline
hydrolysis of PC, on the other hand, was three times faster than hydrolysis of PE.

B. Enzymatic Hydrolysis

Selective hydrolysis of glycerophospholipids can be achieved by the application of
phospholipases. One beneficial aspect to application of phospholipase is improved
emulsifying properties to a PC mixture [26]. Unfortunately, while these enzymes
may be isolated from a variety of sources, in general they are expensive.

Severa phospholipases exist differing in their preferential site of attack. The
ester linkage between the glycerol backbone and the phosphory! group is hydrolyzed
by phospholipase C while the ester linkage on the other side of the phosphoryl group
is hydrolyzed by phospholipase D. Hydrolysis of the acyl groups at the sn-1 and sn-
2 position of phospholipids is carried out by phospholipases A; and A ,, respectively.

While phospholipase A, binding to membrane phospholipids has been en-
hanced 10-fold by the presence of calcium [27], membrane surface electrostatics
dominated phospholipase A, binding and activity in the absence of calcium [28]. A
highly cationic enzyme (pl > 10.5), phospholipase A ,, has a marked preference for
anionic phospholipid interfaces. Thus, phosphatidic acid and palmitic acid promoted
the binding of phospholipase A, to the bilayer surface [28,29]. Perturbations and a
loosening of the structure associated with the presence of these hydrolysis products
were suggested as the properties contributing to enhanced binding [30]. The presence
of phospholipid hydroperoxides has also facilitated enhanced binding of phospholi-
pases through a similar mechanism [31].

VIl. HYDROGENATION OF PHOSPHOLIPIDS

Hydrogenation of fats involves the addition of hydrogen to double bonds in the
chains of fatty acids. While hydrogenation is more typically applied to triacylglyc-
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erols to generate semisolid or plastic fats more suitable for specific applications, it
may also be applied to phospholipid fractions. Hydrogenated lecithins are more stable
and more easily bleached to alight color, and therefore are more useful as emulsifiers
than the natural, highly unsaturated lecithin from soybean oil. These advantages are
exemplified by areport that hydrogenated lecithin functions well as an emulsifer and
as an inhibitor of fat bloom in chocolate [32].

In practice, hydrogenation involves the mixing of the lipid with a suitable
catalyst (usually nickel), heating, and then exposing the mixture to hydrogen at high
pressures during agitation. Phospholipids are not as easily hydrogenated as triacyl-
glycerols, as a result, their presence decreases the catalyst activity toward triacyl-
glycerols [33]. In this situation, phosphatidic acid was the most potent poisoning
agent; however, fine-grained nickel catalyst was more resistant to the poisoning effect
of phospholipids than moderate-grained catalyst. In any event, hydrogenation of
phospholipids requires higher temperatures and higher hydrogenation pressures. For
example, hydrogenation of lecithin is carried out at 75—80°C in at least 70 atm
pressure and in the presence of a flaked nickel catalyst [34]. In chlorinated solvents
or in mixtures of these solvents with alcohol, much lower temperatures and pressures
can be used for hydrogenation, particularly when a palladium catalyst is used [35].

VIll. HYDROXYLATION

Hydroxylation of the double bonds in the unsaturated fatty acids of lecithin improves
the stability of the lecithin and its dispersibility in water and agueous media. Total
hydroxylating agents for lecithin include hydrogen peroxide in glacial acetic acid
and sulfuric acid [36]. Such products have been advocated as useful in candy man-
ufacture in which sharp moldings can be obtained when the hydroxylated product is
used with starch molds.

IX. HYDRATION

The amount of water absorbed by phospholipids has been measured by a number of
different methods, including gravimetry, X-ray diffraction, neutron diffraction, NMR,
and DSC [37]. For any measurement, however, Klose et al. [38] cautioned that the
morphology and method of sample preparation can induce the formation of defects
in and between the bilayers, and therefore will influence the water content of lamellar
phospholipids.

The electrical charge on the phospholipid head group does not in itself deter-
mine the nature of the water binding. However, it does affect the amount of water
bound. The amount of water absorbed by PC from the vapor phase increased mono-
tonically from O water molecules per PC molecule at 0% humidity to between 14
[39] and 20 [40] water molecules per lipid molecule at 100% relative humidity.
Observed differences may be due to the difficulty of exerting accurate control over
relative humidities near 100% when temperature gradients in the system are present.
The results of X-ray diffraction studies indicated that when directly mixed with bulk
water PC imbibed up to 34 water molecules [41,42]. Considerably less water was
imbibed by PE, with a maximum of about 18 water molecules per lipid [43]. From
the saturated vapor phase, however, liquid crystalline egg yolk PE only absorbed
about 10 water molecules per lipid molecule [39], whereas for charged phospholipids,
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such as Pl or phosphatidylserine (PS), the phospholipid imbibed water without limit
[44,45].

Hydration of a phospholipid appears to be cooperative. A water molecule that
initiated hydration of a site facilitated access of additional water molecules, until the
hydration of the whole site composed of many different interacting polar residues
was completed [46]. Incorporation of the first three to four water molecules on each
phospholipid occurs on the phosphate of the lipid head group and is exothermic [47].
The remaining water molecules are incorporated endothermically.

Neutron diffraction experiments on multilayers containing PC [48,49], PE [50],
and Pl [51] have revealed that water distributions are centered between adjacent
bilayers and overlap the head group peaks in the neutron scattering profile of the
bilayer. These results imply that water penetrates into the bilayer head group region,
but appreciable quantities of water do not reach the hydrocarbon core. By combining
X-ray diffraction and dilatometry data, Mclntosh and Simon [52,53] were able to
calculate the number of water molecules in the interbilayer space and in the head
group region for dilauroyl-PE bilayers. They found that there are about 7 and 10
water molecules in the gel and liquid crystalline phases, respectively, with about
half of these water molecules located between adjacent bilayers and the other half
in the head group region.

The amount of water taken up by a given phospholipid depends on interactions
between the lipid molecules, including interbilayer forces (those perpendicular to the
plane of the bilayer) and intrabilayer forces (those in the plane of the bilayer). For
interbilayer forces, at least four repulsive interactions have been shown to operate
between bilayer surfaces. These are the electrostatic, undulation, hydration (solva-
tion), and steric pressures. Attractive pressures include the relatively long-range van
der Waals pressure and short-range bonds between the molecules in apposing bilay-
ers, such as hydrogen bonds or bridges formed by divalent salts. Several of the same
repulsive and attractive interactions act in the plane of the bilayer, including electro-
static repulsion, hydration repulsion, steric repulsion, and van der Waals attraction.
In addition, interfacial tension plays an important role in determining the area per
lipid molecule [54]. Thus, as the area per molecule increases, more water can be
incorporated into the head group region of the bilayer. Such a situation is found with
bilayers having an interdigitated gel phase compared with the normal gel phase and
with bilayers having unsaturated fatty acids in the phospholipid compared with sat-
urated fatty acids [55,56].

The presence of monovalent and/or divalent cations in the fluid phase changes
the hydration properties of the phospolipids. For example, the partial fluid thickness
between dipalmitoyl PC bilayers increased from about 20 A in water to more than
90 A in 1 mM CaCl, [57]. In contrast, monovalent cations, such asNa“, K*, or Cs*,
decrease the fluid spaces between adjacent charged PS or PG bilayers as a result of
screening of the charge [58,59]. In addition, divalent cations have a dehydrating
effect on PS. The most extensively studied divalent cation, Ca®*, binds to the phos-
phate group of PS [60], liberates water between bilayers and from the lipid polar
groups [61], crystallizes the lipid hydrocarbon chains [59,60], and raises the gel to
the liquid crystalline melting temperature of dipalmitoyl PS by more than 100°C
[59]. In response to these changes, one would expect permeability of the membrane
to be altered.
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The interaction of phospholipids with water is critical to the formation, main-
tenance, and function of membranes and organelles. It is the low solubility of the
acyl chains in water combined with the strong hydrogen bonding between the water
molecules that furnishes the “‘attractive’” force that holds together polar lipids as
supramolecular complexes (the ** hydrophobic bond’”). These ordered structures are
generated when the phospholipid concentration exceeds its critical micelle concen-
tration (cmc), which is dependent on the free energy gained when an isolated am-
phiphile in solution enters an aggregate [61]. For diacyl phospholipids in water, the
cmc in general is quite low, but it depends on both the chain length and the head
group. For a given chain length, the solubility of charged phospholipids is higher,
while the cmc of a single-chain phospholipid is higher than that of a diacyl phos-
pholipid with the same head group and the same chain length [61].

X. COMPLEXATION OF PHOSPHOLIPIDS
A. lons

To comprehend ion binding to phospholipid molecules or to phospholipid mem-
branes, it is necessary to understand the behavior of ions in bulk solution and in the
vicinity of a membrane—solution interface. If ion—solvent interactions are stronger
than the intermolecular interactions in the solvent, ions are prone to be positively
hydrating or structure-making (cosmotropic) entities. The entropy of water is de-
creased for such ions, while it is increased near other ion types with a low charge
density. The latter ions are thus considered to be negatively hydrating or structure-
breaking (chaotropic) entities.

When an ion approaches a phospholipid membrane it experiences severa
forces, the best known of which is the long-range electrostatic, Coulombic force.
This force is proportional to the product of all involved charges (on both ions and
phospholipids) and inversely proportional to the local dielectric constant. Since phos-
pholipid polar head groups in an agueous medium are typically hydrated, ion—phos-
pholipid interactions are mediated by dehydration upon binding. Similarly, dehydra-
tion of the binding ion may occur. For instance, a strong dehydration effect is
observed upon cation binding to the acidic phospholipids, where up to eight water
molecules are expelled from the interface once cation—phospholipid association has
taken place [62—64].

Various degrees of binding exist between phospholipids and ions. When several
water molecules are intercalated between the ion and its binding site, there was
actually an association between the ion and phospholipid rather than binding. Outer-
sphere complex formation between ion and phospholipid exists when only one water
molecule is shared between the ion and its ligand. On the other hand, complete
displacement of the water molecules from the region between an ion and its binding
site corresponds to an inner-sphere complex. Forces involved in the inner-sphere
complex formation include ion—dipole, ion—induced dipole, induced dipole—induced
dipole, and ion—quadrupole forces, in addition to the Coulombic interaction. Hydro-
gen bonding can also participate in inner sphere complex formation. Under appro-
priate circumstances, the outer-sphere complexes may also be stabilized by ‘“ through-
water”’ hydrogen bonding.

Phospholipid affinity for cations appears to follow the sequence lanthanides >
transition metals > alkaline earths > alkali metals, thus documenting the significance
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of electrostatic interactions in the process of ion—membrane binding. Electrostatic
forces also play a strong role in lipid—anion binding with affinity for anions by PC,
following the sequence CIO, > 1~ = SCN™ >NO; = Br > Cl~ > SO; . Here anion
size also has an important role in the process of binding, partly as a result of the
transfer of the local excess charges from the anion to the phospholipid head groups
and vice versa. However, strength of anion binding to phospholipid membranes de-
creases with increasing net negative charge density of the membrane [58].

Results of NMR, infrared spectroscopy, and neutron diffraction studies strongly
imply that the inorganic cations interact predominantly with the phosphodiester
groups of the phospholipid head groups [63—67]. On the other hand, inorganic anions
may interact specifically with the trimethylammonium residues of the PC head groups
[68,69].

Temperature may influence binding of ions to phospholipids. Under conditions
of phase transitions, phospholipid chain melting results in a lateral expansion of the
lipid bilayers, which for charged systems is also associated with the decrease in the
net surface charge density. In the case of negatively charged membranes, this tran-
sition leads to lowering of the interfacial proton concentration and decreases the
apparent pK value of the anion phospholipids [70].

B. Protein

Complexes of PC with soy protein have been demonstrated by Kanamoto et al. [71].
In this study, using a linear sucrose density gradient centrifugation analysis, **C-PC
was found to be nonspecifically bound to either the 7S or 11S proteins.

C. lodine

In the presence of phospholipid micelles, iodine changes color in agueous solution.
It does not undergo color change in the presence of unassociated molecular species.
The color change coincides with the cmc of the substance and is due to formation
of the triiodide ion, I; [72]. Based on data from laser Raman studies, the reaction
appeared to be related to iodine—phospholipid interaction, as well as to penetration
of iodine into the bilayer membrane, rather than to an ion transport process.

XI.  OXIDATION

Unsaturated fatty acids of phospholipids are susceptible to oxidation through both
enzymatically controlled processes and random autoxidation processes. The mecha-
nism of autoxidation is basically similar to the oxidative mechanism of fatty acids
or esters in the bulk phase or in inert organic solvents. This mechanism is charac-
terized by three main phases. initiation, propagation, and termination. Initiation oc-
curs as hydrogen is abstracted from an unsaturated fatty acid of a phospholipid,
resulting in a lipid free radical. The lipid free radical in turn reacts with molecular
oxygen to form a lipid peroxyl radical. While irradiation can directly abstract hy-
drogen from phospholipids, initiation is frequently attributed to reaction of the fatty
acids with active oxygen species, such as the hydroxyl free radical and the protonated
form of superoxide. These active oxygen species are produced when a meta ion,
particularly iron, interacts with triplet oxygen, hydrogen peroxide, and superoxide
anion. On the other hand, enzymatic abstraction of hydrogen from an unsaturated
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fatty acid occurs when Fe** at the active site of lipoxygenase is reduced to Fe’*.
While the magjority of lipoxygenases require free fatty acids, there have been reports
of lipoxygenase acting directly on fatty acids in phospholipids [73,74]. Hence, en-
zymatic hydrolysis may not always be required prior to lipoxygenase activity.

During propageation, lipid—lipid interactions foster propagation of free radicals
produced during initiation by abstracting hydrogen from adjacent molecules; the
result isalipid hydroperoxide and a new lipid free radical. Magnification of initiation
by afactor of 10 [75] to 100 [76] may occur through free radical chain propagation.
Further magnification may occur through branching reactions (also known as sec-
ondary initiation) in which Fe&" interacts with a hydroperoxide to form a lipid
akoxyl radical and hydroxyl radical, which will then abstract hydrogens from un-
saturated fatty acids.

There are many consequences to phospholipid peroxidation in biological and
membrane systems. On a molecular level, lipid peroxidation has been manifested in
a decreased hydrocarbon core width and molecular volume [77]. In food, the decom-
position of hydroperoxides to aldehydes and ketones is responsible for the charac-
teristic flavors and aromas that collectively are often described by the terms ‘“‘rancid”
and ““warmed-over.”” Numerous studies, on the other hand, have shown that specific
oxidation products may be desirable flavor components [78—81], particularly when
formed in more precise (i.e., less random) reactions by the action of lipoxygenase
enzymes [82—87] and/or by the modifying influence of tocopherol on autoxidation
reactions [88].

Through in vitro studies, membrane phospholipids have been shown to oxidize
faster than emulsified triacylglycerols [89], apparently because propagation is facil-
itated by the arrangement of phospholipid fatty acids in the membrane. However,
when phospholipids are in an oil state, they are more resistant to oxidation than
triacylglycerols or free fatty acids [90]. Evidence that phospholipids are the major
contributors to the development of warmed-over flavor in meat from different animal
species has been described in several sources [91-94]. Similarly, during frozen stor-
age of salmon fillets, hydrolysis followed by oxidation of the n-3 fatty acids in
phospholipids was noted [95]. The relative importance of phospholipids in these food
samples has been attributed to the high degree of polyunsaturation in this lipid frac-
tion and the proximity of the phospholipids to catalytic sites of oxidation (enzymic
lipid peroxidation, heme-containing compounds) [96]. However, the importance of
phospholipids has not been restricted to animal and fish tissues. In an accelerated
storage test of potato granules, both the amounts of phospholipids and their unsat-
uration decreased [97]. Moreover, with pecans, a much stronger negative correlation
was found between headspace hexanal and its precursor fatty acid (18:2) from the
phospholipid fraction (R = —0.98) than from the triacylglycerol fraction (R = —0.66)
or free fatty acid fraction (R = —0.79) [98]. These results suggest that despite the
fact that membrane lipid constitutes a small percentage of the tota lipid (0.5%),
early stages of oxidation may actually occur primarily within the phospholipids.

The presence of phospholipids does not preclude acceleration of lipid oxidation.
When present as a minor component of oil systems, solubilized phospholipids have
limited the oxidation of the triacylglycerols [99—-101]. Order of effectiveness of
individual phospholipids was as follows. SPH = LPC = PC = PE > PS > Pl > PG
[102] with both the amino and hydroxy groups in the side chain participating in the
antioxidant activity [103]. It was postulated that antioxidant Maillard reaction prod-
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ucts were formed when aldehydes reacted with the amino group of the nitrogen-
containing phospholipid. Alternatively, antioxidant activity occurred when complexes
between peroxyl free radicals and the amino group were formed [104]. The latter
activity is supported by an extended induction period when both tocopherol and
phospholipids were present.

Fatty acid composition is a major factor affecting the susceptibility of a phos-
pholipid to assume an oxidized state, with carbon—hydrogen dissociation energies
decreasing as the number of bisallylic methylene positions increase [105,106]. How-
ever, lipid unsaturation also physically affects oxidation. In model membrane bilayers
made from single unilamellar vesicles, lipid unsaturation resulted in smaller vesicles
and therefore a larger curvature of the outer bilayer leaflet. The increased lipid—lipid
spacing of these highly curved bilayers, in turn, facilitated penetration by oxidants
[107,108]. Other functional groups on the phospholipid will also impact their oxi-
dative stability. For example, the presence of an enol ether bond at position 1 of the
glycerol backbone in plasmalogen phospholipids has led to inhibition of lipid oxi-
dation, possibly through the binding of the enol ether double bond to initiating
peroxyl radicals [109]. Apparently, products of enol ether oxidation do not readily
propagate oxidation of polyunsaturated fatty acids. Alternatively, inhibition of lipid
oxidation by plasmalogens has been attributed to the iron binding properties of these
compounds [110]. Variation within the phospholipid classes toward oxidation has
also been ascribed to the iron trapping ability of the polar head group [111]. For
example, PS was shown to inhibit lipid peroxidation induced by a ferrous—ascorbate
system in the presence of PC hydroperoxides [112]. However, stimulation of phos-
pholipid oxidation by trivalent metal ions (AI**, Sc®*, Ga®*, In*", B€", Y3, and
La®") has been attributed to the capacity of the ions to increase lipid packing and
promote the formation of rigid clusters or displacement to the gel state— processes
that bring phospholipid acyl chains closer together to favor propagation steps [113—
115].

Xll. SUMMARY

This chapter has attempted to highlight the major chemical activities associated with
phospholipids and the relevance of these activities to the function of phospholipids
in foods. When present in oils or formulated floods, phospholipids may have either
detrimental or beneficial effects. Asamajor component of membranes, phospholipids
may also impact the quality of food tissues to a significant extent. Consequently,
their modifying presence should not be overlooked, even when they represent a small
proportion of the total lipid of a given food tissue.
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Lipid-Based Emulsions
and Emulsifiers

D. JULIAN McCLEMENTS

University of Massachusetts, Amherst, Massachusetts

I. INTRODUCTION

Many natural and processed foods exist either partly or wholly as emulsions, or have
been in an emulsified state at some time during their existence [1-5]. Milk is the
most common example of a naturally occurring food emulsion [6]. Mayonnaise, salad
dressing, cream, ice cream, butter, and margarine are all examples of manufactured
food emulsions. Powdered coffee whiteners, sauces, and many desserts are examples
of foods that were emulsions at one stage during their production but subsequently
were converted into another form. The bulk physicochemica properties of food
emulsions, such as appearance, texture, and stability, depend ultimately on the type
of molecules the food contains and their interactions with one another. Food emul-
sions contain a variety of ingredients, including water, lipids, proteins, carbohydrates,
minerals, sugars, and small-molecule surfactants [3]. By a combination of covalent
and physical interactions, these ingredients form the individual phases and structural
components that give the final product its characteristic physicochemical properties
[7]. 1t is the role of food scientists to untangle the complex relationship between the
molecular, structural, and bulk properties of foods, so that foods with improved
properties can be created in a more systematic fashion.

II. EMULSIONS

An emulsion is a dispersion of droplets of one liquid in another liquid with which
it is incompletely miscible [1,8]. In foods, the two immiscible liquids are oil and
water. The diameter of the droplets in food emulsions are typically within the range

Copyright 2002 by Marcel Dekker, Inc. All Rights Reserved.



0.1-50 pwm [2,3]. A system that consists of oil droplets dispersed in an aqueous
phase is called an oil-in-water (O/W) emulsion. A system that consists of water
droplets dispersed in an oil phase is called a water-in-oil (W/O) emulsion. The ma-
terial that makes up the droplets in an emulsion is referred to as the dispersed or
internal phase, whereas the material that makes up the surrounding liquid is called
the continuous or external phase. Multiple emulsions can be prepared that consist
of oil droplets contained in larger water droplets, which are themselves dispersed in
an oil phase (O/W/0O), or vice versa (W/O/W). Multiple emulsions can be used for
protecting certain ingredients, for controlling the release of ingredients, or for cre-
ating low-fat products [9].

Emulsions are thermodynamically unstable systems because of the positive free
energy required to increase the surface area between the oil and water phases [3].
The origin of this energy is the unfavorable interaction between oil and water, which
exists because water molecules are capable of forming strong hydrogen bonds with
other water molecules but not with oil molecules[8,9]. Thus emulsions tend to reduce
the surface area between the two immiscible liquids by separating into a system that
consists of a layer of oil (lower density) on top of alayer of water (higher density).
This is clearly seen if one tries to homogenize pure oil and pure water together:
initially an emulsion is formed, but after a few minutes phase separation occurs
(Fig. 1).

Emulsion instability can manifest itself through a variety of physicochemical
mechanisms, including creaming, flocculation, coalescence, and phase inversion
(Sec. VI). To form emulsions that are kinetically stable for a reasonable period (a
few weeks, months, or even years), chemical substances known as emulsifiers must
be added prior to homogenization. Emulsifiers are surface-active molecules that ad-
sorb to the surface of freshly formed droplets during homogenization, forming a
protective membrane that prevents the droplets from coming close enough together
to aggregate [3]. Most food emulsifiers are amphiphilic molecules, i.e., they have
both polar and nonpolar regions on the same molecule. The most common types
used in the food industry are lipid-based emulsifiers (small molecule surfactants and
phospholipids) and amphiphilic biopolymers (proteins and polysaccharides) [2,3].

Most food emulsions are more complex than the simple three-component (oil,
water, and emulsifier) system described above [3,5,9]. The agueous phase may con-
tain water-soluble ingredients of many different kinds, including sugars, salts, acids,
bases, surfactants, proteins, and polysaccharides [1]. The oil phase may contain a
variety of lipid-soluble components, such as triacylglycerols, diacylglycerols, mono-
acylglycerols, fatty acids, vitamins, and cholesterol [1]. The interfacial membrane
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Figure 1 Emulsions are thermodynamically unstable systems that tend to revert back to
the individual oil and water phases with time. To produce an emulsion, energy must be
supplied.
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may be composed of surface-active components of a variety of types, including
small-molecule surfactants, phospholipids, polysaccharides, and proteins. Some of
the ingredients in food emulsions are not located exclusively in one phase but are
distributed between the oil, water, and interfacial phases according to their partition
coefficients. Despite having low concentrations, many of the minor components pres-
ent in an emulsion can have a pronounced influence on its bulk physicochemical
properties. Food emulsions may consist of oil droplets dispersed in an aqueous phase
(e.g., mayonnaise, milk, cream, soups), or water droplets dispersed in an oil phase
(e.g., margarine, butter, spreads). The droplets and/or the continuous phase may be
fluid, gelled, crystalline, or glassy. The size of the droplets may vary from less than
a micrometer to a few hundred micrometers, and the droplets themselves may be
more or less polydisperse.

To complicate matters further, the properties of food emulsions are constantly
changing with time because of the action of various chemical, physical, and biolog-
ical processes. In addition, during their processing, storage, transport, and handling,
food emulsions are subjected to variations in their temperature (e.g., via sterilization,
cooking, chilling, freezing) and to various mechanical forces (e.g., stirring, mixing,
whipping, flow through pipes, centrifugation high pressure) that alter their physico-
chemical properties. Despite the compositional, structural, and dynamic complexity
of food emulsions, considerable progress has been made in understanding the major
factors that determine their bulk physicochemical properties.

I1l. LIPID-BASED EMULSIFIERS
A. Molecular Characteristics

The most important types of lipid-based emulsifier used in the food industry are
small-molecule surfactants (e.g., Tweens, Spans, and salts of fatty acids) and phos-
pholipids (e.g., lecithin). The principal role of lipid-based emulsifiers in food emul-
sions is to enhance the formation and stability of the product; however, they may
also ater the bulk physicochemical properties by interacting with proteins or poly-
saccharides, or by modifying the structure of fat crystals [9]. All lipid-based emul-
sifiers are amphiphilic molecules that have a hydrophilic ‘“head” group with a high
affinity for water and lipophilic *““tail”’ group with a high affinity for oil [8,10,11].
These emulsifiers can be represented by the formula RX, where X represents the
hydrophilic head and R the lipophilic tail. Lipid-based emulsifiers differ with respect
to type of head group and tail group. The head group may be anionic, cationic,
zwitterionic, or nonionic. The lipid-based emulsifiers used in the food industry are
mainly nonionic (e.g., monoacylglycerols, sucrose esters, Tweens, and Spans), an-
ionic (e.g., fatty acids), or zwitterionic (e.g., lecithin). The tail group usually consists
of one or more hydrocarbon chains, having between 10 and 20 carbon atoms per
chain. The chains may be saturated or unsaturated, linear or branched, aliphatic and/
or aromatic. Most lipid-based emulsifiers used in foods have either one or two linear
aliphatic chains, which may be saturated or unsaturated. Each type of emulsifier has
unique functional properties that depend on its chemical structure.

Lipid-based emulsifiers aggregate spontaneously in solution to form a variety
of thermodynamically stable structures known as association colloids (e.g., micelles,
bilayers, vesicles, reversed micelles) (Fig. 2). These structural types are adopted
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Figure 2 Association colloids formed by surfactant molecules.

because they minimize the unfavorable contact area between the nonpolar tails of
the emulsifier molecules and water [10]. The type of association colloid formed
depends principally on the polarity and molecular geometry of the emulsifier mole-
cules (Sec. 111.C.3). The forces holding association colloids together are relatively
weak, and so they have highly dynamic and flexible structures [8]. Their size and
shape is continually fluctuating, and individual emulsifier molecules rapidly exchange
between the micelle and the surrounding liquid. The relative weakness of the forces
holding association colloids together also means that their structures are particularly
sensitive to changes in environmenta conditions, such as temperature, pH, ionic
strength, and ion type. Surfactant micelles are the most important type of association
colloid formed in many food emulsions, and we focus principally on their properties.

B. Functional Properties

1. Critical Micelle Concentration

A surfactant forms micelles in an agueous solution when its concentration exceeds
some critical level, known as the critical micelle concentration (cmc). Below the
cmc, surfactant molecules are dispersed predominantly as monomers, but once the
cmc has been exceeded, any additional surfactant molecules form micelles, and the
monomer concentration remains constant. Despite the highly dynamic nature of their
structure, surfactant micelles do form particles that have a well-defined average size.
Thus, when surfactant is added to a solution above the cmc, the number of micelles
increases, rather than their size. When the cmc is exceeded, there is an abrupt change
in the physicochemical properties of a surfactant solution (e.g., surface tension, elec-
trical conductivity, turbidity, osmotic pressure) [12]. This is because the properties
of surfactant molecules dispersed as monomers are different from those in micelles.
For example, surfactant monomers are amphiphilic and have a high surface activity,
whereas micelles have little surface activity because their surface is covered with
hydrophilic head groups. Consequently, the surface tension of a solution decreases
with increasing surfactant concentration below the cmc but remains fairly constant
above it.
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2. Cloud Point

When a surfactant solution is heated above a certain temperature, known as the cloud
point, it becomes turbid. As the temperature is raised, the hydrophilic head groups
become increasingly dehydrated, which causes the emulsifier molecules to aggregate.
These aggregates are large enough to scatter light, and so the solution appears turbid.
At temperatures above the cloud point, the aggregates grow so large that they sed-
iment under the influence of gravity and form a separate phase. The cloud point
increases as the hydrophobicity of a surfactant molecule increases; that is, the length
of its hydrocarbon tail increases or the size of its hydrophilic head group decreases
[13,14].

3. Solubilization

Nonpolar molecules, which are normally insoluble or only sparingly soluble in water,
can be solubilized in an agueous surfactant solution by incorporation into micelles
or other types of association colloid [9]. The resulting system is thermodynamically
stable; however, equilibrium may take an appreciable time to achieve because of the
activation energy associated with transferring a nonpolar molecule from a bulk phase
to a micelle. Micelles containing solubilized materials are referred to as swollen
micelles or microemulsions, whereas the material solubilized within the micelle is
referred to as the solubilizate. The ability of micellar solutions to solubilize nonpolar
molecules has a number of potentially important applications in the food industry,
including selective extraction of nonpolar molecules from oils, controlled ingredient
release, incorporation of nonpolar substances into agueous solutions, transport of
nonpolar molecules across agueous membranes, and modification of chemical reac-
tions [9]. Three important factors determine the functional properties of swollen
micellar solutions: the location of the solubilizate within the micelles, the maximum
amount of material that can be solubilized per unit mass of surfactant, and the rate
at which solubilization proceeds [9].

4. Surface Activity and Droplet Stabilization

Lipid-based emulsifiers are used widely in the food industry to enhance the formation
and stability of food emulsions. To do this they must adsorb to the surface of emul-
sion droplets during homogenization and form a protective membrane that prevents
the droplets from aggregating with each other [1]. Emulsifier molecules adsorb to
oil—water interfaces because they can adopt an orientation in which the hydrophilic
part of the molecule is located in the water, while the hydrophobic part is located
in the oil. This minimizes the unfavorable free energy associated with the contact of
hydrophilic and hydrophobic regions, and therefore reduces the interfacia tension.
This reduction in interfacial tension is important because it facilitates the further
disruption of emulsion droplets; that is, less energy is needed to break up a droplet
when the interfacial tension is lowered.

Once adsorbed to the surface of a droplet, the emulsifier must provide a re-
pulsive force that is strong enough to prevent the droplet from aggregating with its
neighbors. lonic surfactants provide stability by causing all the emulsion droplets to
have the same €electric charge, hence to repel each other electrostatically. Nonionic
surfactants provide stability by generating a number of short-range repulsive forces
(e.g., steric overlap, hydration, thermal fluctuation interactions) that prevent the drop-
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lets from getting too close together [1,11]. Some emulsifiers form multilayers (rather
than monolayers) at the surface of an emulsion droplet, which greatly enhances the
stability of the droplets against aggregation.

In summary, emulsifiers must have three characteristics to be effective. First,
they must rapidly adsorb to the surface of the freshly formed emulsion droplets
during homogenization. Second, they must reduce the interfacial tension by a sig-
nificant amount. Third, they must form a membrane that prevents the droplets from

aggregating.

C. Ingredient Selection

A large number of different types of lipid-based emulsifier can be used as food
ingredients, and a manufacturer must select the one that is most suitable for each
particular product. Suitability, in turn, depends on factors such as an emulsifier's
legal status as a food ingredient; its cost and availability, the consistency in its
properties from batch to batch, its ease of handling and dispersion, its shelf life, its
compatibility with other ingredients, and the processing, storage, and handling con-
ditions it will experience, as well as the expected shelf life and physicochemical
properties of the final product.

How does a food manufacturer decide which emulsifier is most suitable for a
product? There have been various attempts to develop classification systems that can
be used to select the most appropriate emulsifier for a particular application. Clas-
sification schemes have been developed that are based on an emulsifier’'s solubility
in oil and/or water (Bancroft’s rule), its ratio of hydrophilic to lipophilic groups
(HLB number) [15,16], and its molecular geometry [17]. Ultimately, all of these
properties depend on the chemical structure of the emulsifier, and so al the different
classification schemes are closely related.

1. Bancroft's Rule

One of the first empirical rules developed to describe the type of emulsion that could
be stabilized by a given emulsifier was proposed by Bancroft. Bancroft's rule states
that the phase in which the emulsifier is most soluble will form the continuous phase
of an emulsion. Hence, a water-soluble emulsifier will stabilize oil-in-water emul-
sions, whereas an oil-soluble emulsifier will stabilize water-in-oil emulsions.

2. Hydrophile—Lipophile Balance

The hydrophile—lipophile balance (HLB) concept underlies a semiempirical method
for selecting an appropriate emulsifier or combination of emulsifiers to stabilize an
emulsion. The HLB is described by a number, which gives an indication of the
overdl affinity of an emulsifier for the oil and/or aqueous phases [12]. Each emul-
sifier is assigned an HLB number according to its chemical structure. A molecule
with a high HLB number has a high ratio of hydrophilic groups to lipophilic groups,
and vice versa. The HLB number of an emulsifier can be calculated from a knowl-
edge of the number and type of hydrophilic and lipophilic groups it contains, or it
can be estimated from experimental measurements of its cloud point. The HLB
numbers of many emulsifiers have been tabulated in the literature [15,16]. A widely
used semiempirical method of calculating the HLB number of a lipid-based emul-
sifier is as follows:
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HLB = 7 + X (hydrophilic group numbers)
— 3 (lipophilic group numbers) (@)

Asindicated in Table 1 [18], group numbers have been assigned to hydrophilic
and lipophilic groups of many types. The sums of the group numbers of al the
lipophilic groups and of all the hydrophilic groups are substituted into Eq. (1) and
the HLB number is calculated. The semiempirical equation above has been found to
have a firm thermodynamic basis, with the sums corresponding to the free energy
changes in the hydrophilic and lipophilic parts of the molecule when micelles are
formed.

The HLB number of an emulsifier gives a useful indication of its solubility in
the oil and/or water phases, and it can be used to predict the type of emulsion that
will be formed. An emulsifier with a low HLB number (4-6) is predominantly
hydrophobic, dissolves preferentially in oil, stabilizes water-in-oil emulsions, and
forms reversed micelles in oil. An emulsifier with a high HLB number (8—18) is
predominantly hydrophilic, dissolves preferentially in water, stabilizes oil-in-water
emulsions, and forms micelles in water. An emulsifier with an intermediate HLB
number (6—8) has no particular preference for either oil or water. Nonionic molecules
with HLB numbers below 4 and above 18 are less surface active and are therefore
less likely to preferentially accumulate at an oil —water interface.

Emulsion droplets are particularly prone to coalescence when they are stabi-
lized by emulsifiers that have extreme or intermediate HLB numbers. At very high
or very low HLB numbers, a nonionic emulsifier has such alow surface activity that
it does not accumulate appreciably at the droplet surface and therefore does not
provide protection against coalescence. At intermediate HLB numbers (6—8), emul-
sions are unstable to coalescence because the interfacial tension is so low that very
little energy is required to disrupt the membrane. Maximum stability of emulsions
is obtained for oil-in-water emulsions using an emulsifier with a HLB number around
10-12, and for water-in-oil emulsions around 3-5. This is because the emulsifiers
are sufficiently surface-active but do not lower the interfacial tension so much that
the droplets are easily disrupted. It is possible to adjust the effective HLB number
by using a combination of two or more emulsifiers with different HLB numbers.

One of the major drawbacks of the HLB concept is its failure to account for
the significant alterations in the functional properties of an emulsifier molecule that
result from changes in temperature or solution conditions, even though the chemical

Table 1 Selected HLB Group Numbers

Group Lipophilic Group
Hydrophilic group number group number
—SO,NA™ 38.7 —CH— 0.475
—COO H" 21.2 —CH,— 0.475
Tertiary amine 94 —CH, 0.475
Sorbitan ring 6.8
—COOH 2.1
—0— 13

Source: Adopted from Ref. 18.
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structure of the molecule does not change. Thus, an emulsifier may be capable of
stabilizing oil-in-water emulsions at one temperature but water-in-oil emulsions at
another temperature.

3. Molecular Geometry and Phase Inversion Temperature

The molecular geometry of an emulsifier molecule is described by a packing param-
eter p (see Fig. 3) as follows:

_ v
la,

P @
where v and | are the volume and Iength of the hydrophaobic tail, and a, is the cross-
sectional area of the hydrophilic head group. When surfactant molecules associate
with each other, they tend to form monolayers having a curvature that allows the
most efficient packing of the molecules. At this optimum curvature, the monolayer
has its lowest free energy, and any deviation from this curvature requires the expen-
diture of energy [8,11]. The optimum curvature of a monolayer depends on the
packing parameter of the emulsifier: for p = 1, monolayers with zero curvature are
preferred; for p < 1, the optimum curvature is convex; and for p > 1 the optimum
curvature is concave (Fig. 3). Simple geometrical considerations indicate that spher-
ical micelles are formed when p is less than 0.33, nonspherical micelles when p is
between 0.33 and 0.5, and bilayers when p is between 0.5 and 1 [11]. Above a
certain concentration, bilayers join up to form vesicles because energeticaly unfa-
vorable end effects are eliminated. At values of p greater than 1, reversed micelles
are formed, in which the hydrophilic head groups are located in the interior (away
from the oil), and the hydrophobic tail groups are located at the exterior (in contact
with the ail) (Fig. 2). The packing parameter therefore gives a useful indication of
the type of association colloid that is formed by an emulsifier molecule in solution.

The packing parameter is also useful because it accounts for the temperature
dependence of the physicochemical properties of surfactant solutions and emulsions.
The temperature at which an emulsifier solution converts from a micellar to a re-
versed micellar system or an oil-in-water emulsion converts to a water-in-oil emul-

pel
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Figure 3 Relationship between the molecular geometry of surfactant molecules and their
optimum curvature.
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sion is known as the phase inversion temperature (PIT). Consider what happens when
an emulsion that is stabilized by a lipid-based emulsifier is heated (Fig. 4). At tem-
peratures well below the PIT (=20°C), the packing parameter is significantly less
than unity, and so a system that consists of oil-in-water emulsion in equilibrium with
a swollen micellar solution is favored. As the temperature is raised, the hydrophilic
head groups of the emulsifier molecules become increasingly dehydrated, which
causes p to increase toward unity. Thus the emulsion droplets become more prone
to coaescence and the swollen micelles grow in size. At the phase inversion tem-
perature, p =~ 1, and the emulsion breaks down because the droplets have an ultralow
interfacial tension and therefore readily coalesce with each other. The resulting sys-
tem consists of excess oil and excess water (containing some emulsifier monomers),
separated by a third phase that contains emulsifier molecules aggregated into bilayer
structures. At temperatures sufficiently greater than the PIT, the packing parameter
is much larger than unity, and the formation of a system that consists of a water-in-
oil emulsion in equilibrium with swollen reversed micelles is favored. A further
increase in temperature leads to a decrease in the size of the reversed micelles and
in the amount of water solubilized within them. The method of categorizing emul-
sifier molecules according to their molecular geometry is now widely accepted as
the most useful means of determining the types of emulsion they tend to stabilize
[17].

4. Other Factors

The classification schemes mentioned above provide information about the type of
emulsion an emulsifier tends to stabilize (i.e., O/W or W/O), but they do not provide
much insight into the size of the droplets that form during homogenization or the
stability of the emulsion droplets once formed [1]. In choosing a suitable emulsifier
for a particular application, these factors must also be considered. The speed at which
an emulsifier adsorbs to the surface of the emulsion droplets produced during ho-
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Figure 4 Phase inversion temperature in emulsions.

Copyright 2002 by Marcel Dekker, Inc. All Rights Reserved.



mogenization determines the minimum droplet size that can be produced: the faster
the adsorption rate, the smaller the size. The magnitude and range of the repulsive
forces generated by a membrane, and its viscoelasticity, determine the stability of
the droplets to aggregation.

IV. BIOPOLYMERS

Proteins and polysaccharides are the two most important biopolymers used as func-
tional ingredients in food emulsions. These biopolymers are used principally for their
ability to stabilize emulsions, enhance viscosity, and form gels.

A. Molecular Characteristics

Molecular characteristics of biopolymers, such as molecular weight, conformation,
flexibility, and polarity, ultimately determine the properties of biopolymer solutions.
These characteristics are determined by the type, number, and sequence of monomers
that make up the polymer. Proteins are polymers of amino acids [19], whereas poly-
saccharides are polymers of monosaccharides [20]. The three-dimensional structures
of biopolymers in agueous solution can be categorized as globular, fibrous, or random
coil (Fig. 5). Globular biopolymers have fairly rigid compact structures; fibrous bio-
polymers have fairly rigid, rodlike structures; and random coil biopolymers have
highly dynamic and flexible structures. Biopolymers can also be classified according
to the degree of branching of the chain. Most proteins have linear chains, whereas
polysaccharides can have either linear (e.g., amylose) or branched (e.g., amylopectin)
chains.

The conformation of a biopolymer in solution depends on the relative magni-
tude of the various types of attractive and repulsive interaction that occur within and
between molecules, as well as the configurational entropy of the molecule. Biopoly-
mers that have substantial proportions of nonpolar groups tend to fold into globular
structures in which the nonpolar groups are located in the interior (away from the
water) and the polar groups are located at the exterior (in contact with the water)
because this arrangement minimizes the number of unfavorable contacts between
hydrophobic regions and water. However, since stereochemical constraints and the
influence of other types of molecular interaction usually make it impossible for all
the nonpolar groups to be located in the interior, the surfaces of globular biopolymers
have some hydrophobic character. Many kinds of food protein have compact globular
structures, including B-lactoglobulin, a-lactalbumin, and bovine serum albumin [6].
Biopolymers that contain a high proportion of polar monomers, distributed fairly
evenly along their backbone, often have rodlike conformations with substantial
amounts of helical structure stabilized by hydrogen bonding. Such biopolymers (e.g.,
collagen, cellulose) usually have low water solubilities because they tend to associate
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Figure 5 Typical molecular conformations adopted by biopolymers in aqueous solution.
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strongly with each other rather than with water; consequently, they often have poor
functional properties. However, if the chains are branched, the molecules may be
prevented from getting close enough together to aggregate, and so they may exist in
solution as individual molecules. Predominantly polar biopolymers containing mono-
mers that are incompatible with helix formation (e.g., B-casein) tend to form random
coil structures.

In practice, biopolymers may have some regions along their backbone that have
one type of conformation and others that have a different conformation. Biopolymers
may also exist as isolated molecules or as aggregates in solution, depending on the
relative magnitude of the biopolymer—biopolymer, biopolymer—solvent, and sol-
vent—solvent interactions. Biopolymers are also capable of undergoing transitions
from one type of conformation to another in response to environmental changes such
as alterations in their pH, ionic strength, solvent composition, and temperature. Ex-
amples include helix < random coil and globular < random coil. In many food
biopolymers, this type of transition plays an important role in determining the func-
tional properties (e.g., gelation).

B. Functional Properties
1. Emulsification

Biopolymers that have a high proportion of nonpolar groups tend to be surface-
active, i.e, they can accumulate at oil—water interfaces [1-4]. The major driving
force for adsorption is the hydrophobic effect. When the biopolymer is dispersed in
an aqueous phase, some of the nonpolar groups are in contact with water, which is
a thermodynamically unfavorable condition. By adsorbing to an interface, the bio-
polymer can adopt a conformation of nonpolar groups in contact with the oil phase
(away from the water) and hydrophilic groups located in the aqueous phase (in
contact with the water). In addition, adsorption reduces the number of contacts be-
tween the oil and water molecules at the interface, thereby reducing the interfacial
tension. The conformation a biopolymer adopts at an oil—water interface, and the
physicochemical properties of the membrane formed, depend on its molecular struc-
ture. Flexible random coil biopolymers adopt an arrangement in which the predom-
inantly nonpolar segments protrude into the oil phase, the predominantly polar seg-
ments protrude into the agueous phase, and the neutral regions lie flat against the
interface (Fig. 6, left). The membranes formed by molecules of these types tend to
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Figure 6 The conformation and unfolding of biopolymers at oil—-water interfaces depends
on their molecular structure.
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have relatively open structures, to be relatively thick, and to have low viscoelastic-
ities. Globular biopolymers (usually proteins) adsorb to an interface so that the pre-
dominantly nonpolar regions on their surface face the oil phase; thus they tend to
have a definite orientation at an interface (Fig. 6, right). Once they have adsorbed
to an interface, biopolymers often undergo structural rearrangements that permit them
to maximize the number of contacts between nonpolar groups and oil [4].

Random coil biopolymers have flexible conformations and therefore rearrange
their structures rapidly, whereas globular biopolymers are more rigid and therefore
unfold more slowly. The unfolding of a globular protein at an interface often exposes
amino acids that were originally located in the hydrophobic interior of the molecule,
which can lead to enhanced interactions with neighboring protein molecul es through
hydrophobic attraction or disulfide bond formation. Consequently, globular proteins
tend to form relatively thin and compact membranes, high in viscoelasticity. Thus,
membranes formed from globular proteins tend to be more resistant to rupture than
those formed from random coil proteins [3].

To be effective emulsifiers, biopolymers must rapidly adsorb to the surface of
the emulsion droplets formed during homogenization and provide a membrane that
prevents the droplets from aggregating. Biopolymer membranes can stabilize emul-
sion droplets against aggregation by a number of different physical mechanisms [1].
All biopolymers are capable of providing short-range steric repulsive forces that are
usually strong enough to prevent droplets from getting sufficiently close together to
coalesce. If the membrane is sufficiently thick, it can also prevent droplets from
flocculating. Otherwise, it must be electrically charged so that it can prevent floc-
culation by electrostatic repulsion. The properties of emulsions stabilized by charged
biopolymers are particularly sensitive to the pH and ionic strength of agueous so-
lutions [1&]. At pH values near the isoelectric point of proteins, or at high ionic
strengths, the electrostatic repulsion between droplets may not be large enought to
prevent the droplets from aggregating (see Sec. VI.A.5).

Proteins are commonly used as emulsifiers in foods because many of them
naturally have a high proportion of nonpolar groups. Most polysaccharides are so
hydrophilic that they are not surface-active. However, a small number of naturally
occurring polysaccharides have some hydrophobic character (e.g., gum arabic) or
have been chemically modified to introduce nonpolar groups (e.g., some hydrophob-
ically modified starches), and these biopolymers can be used as emulsifiers.

2. Thickening and Stabilization

The second major role of biopolymers in food emulsions is to increase the viscosity
of the agueous phase [1a]. This modifies the texture and mouthfeel of the food
product (“‘thickening’’), as well as reducing the rate at which particles sediment or
cream (‘‘stabilization’”). Both proteins and polysaccharides can be used as thickening
agents, but polysaccharides are usually preferred because they can be used at much
lower concentrations. The biopolymers used to increase the viscosity of agueous
solutions are usualy highly hydrated and extended molecules or molecular aggre-
gates. Their ability to increase the viscosity depends principally on their molecular
weight, degree of branching, conformation, and flexibility. The viscosity of a dilute
solution of particles increases as the concentration of particles increases [3]:
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n = (1l + 2.5¢) ©)

where 7 is the viscosity of the solution, 7, is the viscosity of the pure solvent, and
¢ is the volume fraction of particles in solution.

Biopolymers are able to enhance the viscosity of agueous solutions at low
concentrations because they have an effective volume fraction that is much greater
than their actual volume fraction [1a]. A biopolymer rapidly rotates in solution be-
cause of its thermal energy, and so it sweeps out a spherical volume of water that
has a diameter approximately equal to the end-to-end length of the molecule (Fig.
7). The volume of the biopolymer molecule is only a small fraction of the total
volume of the sphere swept out, and so the effective volume fraction of a biopolymer
is much greater than its actual volume fraction. Consequently, small concentrations
of biopolymer can dramatically increase the viscosity of a solution [Eq. (3)]. The
effectiveness of a biopolymer at increasing the viscosity increases as the volume
fraction it occupies within the sphere it sweeps out decreases. Thus large, highly
extended linear biopolymers increase the viscosity more effectively than small com-
pact or branched biopolymers.

In adilute biopolymer solution the individual molecules (or aggregates) do not
interact with each other. When the concentration of biopolymer increases above some
critical value c*, the viscosity increases rapidly because the spheres swept out by
the biopolymers overlap with each ancther. This type of solution is known as a
semidilute solution, because even though the molecules are interacting with one
another, each individual biopolymer is still largely surrounded by solvent molecules.
At still higher polymer concentrations, the molecules pack so close together that they
become entangled, and the system has more gel-like characteristics. Biopolymers
that are used to thicken the agueous phase of emulsions are often used in the semi-
dilute concentration range [3].

Solutions containing extended biopolymers often exhibit strong shear-thinning
behavior; that is, their apparent viscosity decreases with increasing shear stress. Some
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Figure 7 Extended biopolymers in agueous solutions sweep out a large volume of water
as they rotate, which increases their effective volume fraction and therefore their viscosity.

Copyright 2002 by Marcel Dekker, Inc. All Rights Reserved.



biopolymer solutions even have a characteristic yield stress. When a stressis applied
below the yield stress, the solution acts like an elastic solid, but when it exceeds the
yield stress the solution acts like a liquid. Shear thinning tends to occur because the
biopolymer molecules become aligned with the shear field, or because the weak
physical interactions responsible for biopolymer—biopolymer interactions are dis-
rupted. The characteristic rheological behavior of biopolymer solutions plays an im-
portant role in determining their functional properties in food emulsions. For ex-
ample, a salad dressing must be able to flow when it is poured from a container, but
must maintain its shape under its own weight after it has been poured onto a salad.
The amount and type of biopolymer used must therefore be carefully selected to
provide a low viscosity when the salad dressing is poured (high applied stress), but
a high viscosity when the salad dressing is allowed to sit under its own weight (low
applied stress).

The viscosity of biopolymer solutionsis also related to the mouthfeel of afood
product. Liquids that do not exhibit extensive shear-thinning behavior at the shear
stresses experienced in the mouth are perceived as being “ slimy.” On the other hand,
a certain amount of viscosity is needed to contribute to the ‘‘creaminess’ of a
product.

The shear-thinning behavior of biopolymer solutions is also important for de-
termining the stability of food emulsions to creaming [1a]. As oil droplets move
through an emulsion, they exert very small shear stresses on the surrounding liquid.
Consequently, they experience a very large viscosity, which greatly slows down the
rate at which they cream and therefore enhances stability. Many biopolymer solutions
also exhibit thixotropic behavior (i.e., their viscosity decreases with time when they
are sheared at a constant rate) as a result of disruption of the weak physical inter-
actions that cause biopolymer molecules to aggregate. A food manufacturer must
therefore select an appropriate biopolymer or combination of biopolymersto produce
a final product that has a desirable mouthfeel and texture.

3. Gelation

Biopolymers are used as functional ingredients in many food emulsions (e.g., yo-
gurts, cheeses, desserts, egg and meat products) because of their ability to cause the
agueous phase to gel [1la]. Gel formation imparts desirable textural and sensory
attributes, as well as preventing the droplets from creaming. A biopolymer gel con-
sists of a three-dimensional network of aggregated or entangled biopolymers that
entraps a large volume of water, giving the whole structure some solid-like charac-
teristics. The appearance, texture, water-holding capacity, reversibility, and gelation
temperature of biopolymer gels depends on the type, structure, and interactions of
the molecules they contain.

Gels may be transparent or opague, hard or soft, brittle or rubbery, homoge-
neous or heterogeneous; they may exhibit syneresis or have good water-holding
capacity. Gelation may be induced by a variety of different methods, including al-
tering the temperature, pH, ionic strength, or solvent quality; adding enzymes; and
increasing the biopolymer concentration. Biopolymers may be cross-linked by co-
valent and/or noncovaent bonds.

It is convenient to distinguish between two types of gel: particulate and fila-
mentous (Fig. 8). Particulate gels consist of biopolymer aggregates (particles or
clumps) that are assembled together to form a three-dimensional network. This type
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Figure 8 Biopolymer molecules or aggregates can form various types of gel structure, such
as particulate or filamentous.

of gel tends to be formed when there are strong attractive forces over the whole
surface of the individual biopolymer molecules. Particulate gels are optically opaque
because the particles scatter light, and they are prone to syneresis because the large
interparticle pore sizes means that the water is not held tightly in the gel network
by capillary forces. Filamentous gels consist of filaments of individual or aggregated
biopolymer molecules that are relatively thin and tend to be formed by biopolymers
that can form junction zones only at a limited number of sites on the surface of a
molecule, or when the attractive forces between the molecules are so strong that
they stick firmly together and do not undergo subsequent rearrangement [3]. Fila-
mentous gels tend to be optically transparent because the filaments are so thin that
they do not scatter light significantly, and they tend to have good water-holding
capacity because the small pore size of the gel network means that the water mol-
ecules are held tightly by capillary forces.

In some foods a gel is formed upon heating (heat-setting gels), while in others
it is formed upon cooling (cold-setting gels). Gels may also be either thermorevers-
ible or thermoirreversible, depending on whether gelation is or is not reversible.
Gelatin is an example of a cold-setting thermoreversible gel: when a solution of
gelatin molecules is cooled below a certain temperature, a gel is formed, but when
it is reheated the gel melts. Egg white is an example of a heat-setting thermoirre-
versible gel: when an egg is heated above a temperature at which gelation occurs, a
characteristic white gel is formed; when the egg is cooled back to room temperature,
however, the gel remains white (i.e., it does not revert back to its earlier liquid form).
Whether a gel is reversible or irreversible depends on the changes in the molecular
structure and organization of the molecules during gelation. Biopolymer gels that are
stabilized by noncovalent interactions and do not involve large changes in the struc-
ture of the individual molecules prior to gelation tend to be reversible. On the other
hand, gels that are held together by covalent bonds or involve large changes in the
structure of the individual molecules prior to gelation tend to form irreversible gels.

The type of force holding the molecul es together in gels varies from biopolymer
to biopolymer. Some proteins and polysaccharides (e.g., gelatin, starch) form helical
junction zones through extensive hydrogen bond formation. This type of junction
zone tends to form when a gel is cooled, becoming disrupted when it is heated, and
thus it is responsible for cold-setting gels. Below the gelatin temperature, the attrac-
tive hydrogen bonds favor junction zone formation, but above this temperature the
configurational entropy favors a random coil type of structure. Biopolymers with
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extensive nonpolar groups (e.g., caseins, denatured whey proteins) tend to associate
via hydrophobic interactions. Electrostatic interactions play an important role in de-
termining the gelation behavior of many biopolymers, and so gelation is particularly
sensitive to the pH and ionic strength of the solution containing the biopolymers.
For example, at pH values sufficiently far from their isoelectric point, proteins may
be prevented from gelling because of the electrostatic repulsion between the mole-
cules. However, if the pH of the same solution is adjusted near to the isoelectric
point, or salt is added, the proteins gel.

The addition of multivalent ions, such as Ca’", can promote gelation of charged
biopolymer molecules by forming salt bridges between the molecules. Proteins with
thiol groups are capable of forming covalent linkages through thiol—disulfide inter-
changes, which help to strengthen and enhance the stability of gels. The tendency
for a biopolymer to form a gel under certain conditions, and the physical properties
of the gel formed, depend on a delicate balance of biopolymer—biopolymer, biopoly-
mer—solvent, and solvent—solvent interactions of various kinds.

C. Ingredient Selection

A wide variety of proteins and polysaccharides are available as ingredients in foods,
each with its own unique functional properties and optimum range of applications.
Food manufacturers must decide which biopolymer is the most suitable for each type
of food product. The selection of the most appropriate ingredient is often the key to
success of a particular product. The factors a manufacturer must consider include
the desired properties of the final product (appearance, rheology, mouthfeel, stabil-
ity), the composition of the product, and the processing, storage, and handling con-
ditions the food will experience during its lifetime, as well as the cost, availability,
consistency from batch to batch, ease of handling, dispersibility, and functional prop-
erties of the biopolymer ingredient.

V. EMULSION FORMATION

The formation of an emulsion may involve a single step or a number of consecutive
steps, depending on the nature of the starting material, the desired properties of the
end product, and the instrument used to create it [1a]. Before separate oil and agueous
phases are converted to an emulsion, it is usualy necessary to disperse the various
ingredients into the phase in which they are most soluble. Oil-soluble ingredients,
such as certain vitamins, coloring agents, antioxidants, and surfactants, are mixed
with the oil, while water-soluble ingredients, such as proteins, polysaccharides, sug-
ars, sats, and some vitamins, coloring agents, antioxidants, and surfactants, are
mixed with the water. The intensity and duration of the mixing process depends on
the time required to solvate and uniformly distribute the ingredients. Adequate sol-
vation is important for the functionality of a number of food components. If the lipid
phase contains any crystalline material, it is usually necessary to warm it before
homogenization to a temperature at which all the fat melts; otherwise it is difficult,
if not impossible, to efficiently create a stable emulsion.

The process of converting two immiscible liquids to an emulsion is known as
homogenization, and a mechanical device designed to carry out this processis called
a homogenizer. To distinguish the nature of the starting material, it is convenient to
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divide homogenization into two categories. The creation of an emulsion directly from
two separate liquids will be referred to as primary homogenization, whereas the
reduction in size of droplets in an existing emulsion will be referred to as secondary
homogenization (Fig. 9). The creation of a food emulsion may involve the use of
one or the other form of homogenization, or a combination of both. For example,
salad dressing is formed by direct homogenization of the aqueous and oil phases
and is therefore an example of primary homogenization, whereas homogenized milk
is manufactured by reducing the size of the fat globules in natural milk and hence
is an example of secondary homogenization.

In many food processing operations and laboratory studies it is more efficient
to prepare an emulsion using two steps. The separate oil and water phases are con-
verted to a coarse emulsion, with fairly large droplets, using one type of homogenizer
(e.q., high speed blender). Then the droplet size is reduced by means of another type
of homogenizer (e.g., colloid mill, high pressure valve homogenizer). In reality, many
of the same physical processes that occur during primary homogenization also occur
during secondary homogenization, and there is no clear distinction between them.
Emulsions that have undergone secondary homogenization usually contain smaller
droplets than those that have undergone primary homogenization, although this is
not always the case. Some homogenizers (e.g., ultrasound, microfluidizers, membrane
homogenizers) are capable of producing emulsions with small droplet sizes directly
from separate oil and water phases (see Sec. V.C).

To highlight the important physical mechanisms that occur during homogeni-
zation, it is useful to consider the formation of an emulsion from pure oil and pure
water. When the two liquids are placed in a container, they tend to adopt their
thermodynamically most stable state, which consists of a layer of oil on top of the
water (Fig. 1). This arrangement is adopted because it minimizes the contact area
between the two immiscible liquids and because the oil has a lower density than the
water. To create an emulsion, it is necessary to mechanically agitate the system, to
disrupt and intermingle the oil and water phases. The type of emulsion formed in
the absence of an emulsifier depends primarily on the initial concentration of the
two liquids. At high oil concentrations a water-in-oil emulsion tends to form, but at
low oil concentrations an oil-in-water emulsion tends to form. In this example, it is
assumed that the oil concentration is so low that an oil-in-water emulsion is formed.
Mechanical agitation can be applied in a variety of ways, the simplest being to
vigorously shake the oil and water together in a sealed container. An emulsion is
formed immediately after shaking, and it appears opticaly opague (because light is

Water 0
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1° Homogenization 2° Homogenization

Figure 9 The homogenization process can be divided into two steps: primary homogeni-
zation (creating an emulsion from two separate phases) and secondary homogenization (re-
ducing the size of the droplets in a preexisting emulsion).
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Figure 10 The size of the droplets produced in an emulsion is a balance between droplet
disruption and droplet coal escence.

scattered from the emulsion droplets). With time, the system rapidly reverts back to
itsinitial state—a layer of oil sitting on top of the water. This is because the droplets
formed during the application of the mechanical agitation are constantly moving
around and frequently collide and coal esce with neighboring droplets. As this process
continues, the large droplets formed rise to the top of the container and merge to-
gether to form a separate layer.

To form a stable emulsion, one must prevent the droplets from merging after
they have been formed. This is achieved by having a sufficiently high concentration
of a surface-active substance, known as an emulsifier, present during the homoge-
nization process. The emulsifier rapidly adsorbs to the droplet surfaces during ho-
mogenization, forming a protective membrane that prevents the droplets from coming
close enough together to coalesce. One of the major objectives of homogenization
is to produce droplets as small as possible because this usually increases the shelf
life of the final product. It is therefore important for the food scientist to understand
the factors that determine the size of the droplets produced during homogenization.
It should be noted that homogenization is only one step in the formation of a food
emulsion, and many of the other unit operations (e.g., pasteurization, cooking, drying,
freezing, whipping) also affect the final quality of the product.

A. Physical Principles of Emulsion Formation

The size of the emulsion droplets produced by a homogenizer depends on a balance
between two opposing mechanisms: droplet disruption and droplet coalescence (Fig.
10). The tendency for emulsion droplets to break up during homogenization depends
on the strength of the interfacial forces that hold the droplets together, compared to
the strength of the disruptive forces in the homogenizer. In the absence of any applied
external forces, emulsion droplets tend to be spherical because this shape minimizes
the contact area between oil and water phases. Changing the shape of a droplet, or
breaking it into smaller droplets, increases this contact area and therefore requires
the input of energy. The interfacial force holding a droplet together is given by the
Laplace pressure (AP,):
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where vy is the interfacial tension between oil and water, and r is the droplet radius.
This equation indicates that it is easier to disrupt large droplets than small ones and
that the lower the interfacial tension, the easier it is to disrupt a droplet. The nature
of the disruptive forces that act on a droplet during homogenization depends on the
flow conditions (i.e., laminar, turbulent, or cavitational) the droplet experiences and
therefore on the type of homogenizer used to create the emulsion. To deform and
disrupt a droplet during homogenization, it is necessary to generate a stress that is
greater than the Laplace pressure and to ensure that this stress is applied to the
droplet long enough to enable it to become disrupted [21-23].

Emulsions are highly dynamic systems in which the droplets continuously
move around and frequently collide with each other. Droplet—droplet collisions are
particularly rapid during homogenization because of the intense mechanical agitation
of the emulsion. If droplets are not protected by a sufficiently strong emulsifier
membrane, they tend to coalesce during collision. Immediately after the disruption
of an emulsion droplet during homogenization, there is insufficient emulsifier present
to completely cover the newly formed surface, and therefore the new droplets are
more likely to coalesce with their neighbors. To prevent coalescence from occurring,
it is necessary to form a sufficiently concentrated emulsifier membrane around a
droplet before it has time to collide with its neighbors. The size of droplets produced
during homogenization therefore depends on the time taken for the emulsifier to be
adsorbed to the surface of the droplets (Tawsopion) COMpared to the time between
droplet—droplet collisions (Tison)- 1T Tassorpion << Teontison, the droplets are rapidly
coated with emulsifier as soon as they are formed and are stable; but if Tosprion =
Teaisions the droplets tend to rapidly coalesce because they are not completely coated
with emulsifier before colliding with one of their neighbors. The values of these two
times depend on the flow profile the droplets experience during homogenization, as
well as the physicochemical properties of the bulk phases and the emulsifier [13,23].

B. Role of Emulsifiers

The preceding discussion has highlighted two of the most important roles of emul-
sifiers during the homogenization process:

1. Their ability to decrease the interfacial tension between oil and water
phases and thus reduce the amount of energy required to deform and dis-
rupt adroplet [Eg. (4)]. It has been demonstrated experimentally that when
the movement of an emulsifier to the surface of a droplet is not rate-
[iMiting (Tassorption << Teonision), there is a decrease in the droplet size produced
during homogenization with a decrease in the equilibrium interfacial ten-
sion [24].

2. Their ability to form a protective membrane that prevents droplets from
coalescing with their neighbors during a collision.

The effectiveness of emulsifiers at creating emulsions containing small droplets
depends on a number of factors: (a) the concentration of emulsifier present relative
to the dispersed phase; (b) the time required for the emulsifier to move from the
bulk phase to the droplet surface; (c) the probability that an emulsifier molecule will
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be adsorbed to the surface of a droplet during a droplet-emulsifier encounter (i.e.,
the adsorption efficiency); (d) the amount by which the emulsifier reduces the inter-
facial tension; and (e) the effectiveness of the emulsifier membrane at protecting the
droplets against coalescence.

It is often assumed that small emulsifier molecules adsorb to the surface of
emulsion droplets during homogenization more rapidly than larger ones. This as-
sumption is based on the observation that small molecules diffuse to the interface
more rapidly than larger ones under quiescent conditions [3]. It has been demon-
strated that under turbulent conditions large surface-active molecules tend to accu-
mulate at the droplet surface during homogenization preferentially to smaller ones
[23].

C. Homogenization Devices

There are a wide variety of food emulsions, and each one is created from different
ingredients and must have different final characteristic properties. Consequently, a
number of homogenization devices have been developed for the chemical production
of food emulsions, each with its own particular advantages and disadvantages, and
each having a range of foods to which it is most suitably applied [1a]. The choice
of a particular homogenizer depends on many factors, including the equipment avail-
able, the site of the process (i.e., a factory or a laboratory), the physicochemical
properties of the starting materials and final product, the volume of material to be
homogenized, the throughput, the desired droplet size of the final product, and the
cost of purchasing and running the equipment. The most important types of homog-
enizer used in the food industry are discussed in the subsections that follow.

1. High Speed Blenders

High speed blenders are the most commonly used means of directly homogenizing
bulk oil and agueous phases. The oil and agueous phase are placed in a suitable
container, which may contain as little as a few milliliters or as much as several liters
of liquid, and agitated by a stirrer that rotates at high speeds. The rapid rotation of
the blade generates intense velocity gradients that cause disruption of the interface
between the oil and water, intermingling of the two immiscible liquids, and break-
down of larger droplets to smaller ones [25]. Baffles are often fixed to the inside of
the container to increase the efficiency of the blending process by disrupting the flow
profile. High speed blenders are particularly useful for preparing emulsions with low
or intermediate viscosities. Typically they produce droplets that are between 1 and
10 um in diameter.

2. Colloid Mills

The separate oil and water phases are usually blended together to form a coarse
emulsion premix prior to their introduction into a colloid mill because this increases
the efficiency of the homogenization process. The premix is fed into the homoge-
nizer, where it passes between two disks separated by a narrow gap. One of the disks
is usually stationary, while the other rotates at a high speed, thus generating intense
shear stresses in the premix. These shear stresses are large enough to cause the
droplets in the coarse emulsion to be broken down. The efficiency of the homoge-
nization process can be improved by increasing the rotation speed, decreasing the
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flow rate, decreasing the size of the gap between the disks, and increasing the surface
roughness of the disks. Colloid mills are more suitable than most other types of
homogenizer for homogenizing intermediate or high viscosity fluids (e.g., peanut
butter, fish or meat pastes), and they typically produce emulsions with droplet di-
ameters between 1 and 5 um.

3. High Pressure Value Homogenizers

Like colloid mills, high pressure valve homogenizers are more efficient at reducing
the size of the droplets in a coarse emulsion premix than at directly homogenizing
two separate phases [26]. The coarse emulsion premix is forced through a narrow
orifice under high pressure, which causes the droplets to be broken down because
of the intense disruptive stresses (e.g., impact forces, shear forces, cavitation, tur-
bulence) generated inside the homogenizer [27]. Decreasing the size of the orifice
increases the pressure the emulsion experiences, which causes a greater degree of
droplet disruption and therefore the production of smaller droplets. Nevertheless, the
throughput is reduced and more energy must be expended. A food manufacturer must
therefore select the most appropriate homogenization conditions for each particular
application, depending on the compromise between droplet size, throughput, and
energy expenditure. High pressure valve homogenizers can be used to homogenize
a wide variety of food products, ranging from low viscosity liquids to viscoelastic
pastes, and can produce emulsions with droplet sizes as small as 0.1 um.

4. Ultrasonic Homogenizers

A fourth type of homogenizer utilizes high intensity ultrasonic waves that generate
intense shear and pressure gradients. When applied to a sample containing oil and
water, these waves cause the two liquids to intermingle and the large droplets formed
to be broken down to smaller ones. There are two types of ultrasonic homogenizer
commonly used in the food industry: piezoelectric transducers and liquid jet gener-
ators [28]. Piezoelectric transducers are most commonly found in the small benchtop
ultrasonic homogenizers used in many laboratories. They are idea for preparing
small volumes of emulsion (a few milliliters to a few hundred milliliters), a property
that is often important in fundamental research when expensive components are used.
The ultrasonic transducer consists of a piezoelectric crystal contained in some form
of protective metal casing, which is tapered at the end. A high intensity electrical
wave is applied to the transducer, which causes the piezoelectric crystal inside to
oscillate and generate an ultrasonic wave. The ultrasonic wave is directed toward the
tip of the transducer, where it radiates into the surrounding liquids, generating intense
pressure and shear gradients (mainly due to cavitational affects) that cause the liquids
to be broken up into smaller fragments and intermingled with one another. It is
usually necessary to irradiate a sample with ultrasound for a few seconds to a few
minutes to create a stable emulsion. Continuous application of ultrasound to a sample
can cause appreciable heating, and so it is often advantageous to apply the ultrasound
in a number of short bursts.

Ultrasonic jet homogenizers are used mainly for industrial applications. A
stream of fluid is made to impinge on a sharp-edged blade, which causes the blade
to rapidly vibrate, thus generating an intense ultrasonic field that breaks up any
droplets in its immediate vicinity though a combination of cavitation, shear, and
turbulence [28]. This device has three major advantages: it can be used for contin-

Copyright 2002 by Marcel Dekker, Inc. All Rights Reserved.



uous production of emulsions; it can generate very small droplets; and it is more
energy efficient than high pressure valve homogenizers (since less energy is needed
to form droplets of the same size).

5. Microfluidization

Microfluidization is a technique that is capable of creating an emulsion with small
droplet sizes directly from the individual oil and aqueous phases [29]. Separate
streams of an oil and an agueous phase are accelerated to a high velocity and then
made to simultaneously impinge on a surface, which causes them to be intermingled
and leads to effective homogenization. Microfluidizers can be used to produce emul-
sions that contain droplets as small as 0.1 um.

6. Membrane Homogenizers

Membrane homogenizers form emulsions by forcing one immiscible liquid into an-
other through a glass membrane that is uniform in pore size. The size of the droplets
formed depends on the diameter of the pores in the membrane and on the interfacial
tension between the oil and water phases [30]. Membranes can be manufactured with
different pore diameters, with the result that emulsions with different droplet sizes
can be produced [30]. The membrane technique can be used either as a batch or a
continuous process, depending on the design of the homogenizer. I ncreasing numbers
of applications for membrane homogenizers are being identified, and the technique
can now be purchased for preparing emulsions in the laboratory or commercially.
These instruments can be used to produce oil-in-water, water-in-oil, and multiple
emulsions. Membrane homogenizers have the ability to produce emulsions with very
narrow droplet size distributions, and they are highly energy efficient, since there is
much less energy |oss due to viscous dissipation.

7. Energy Efficiency of Homogenization

The efficiency of the homogenization process can be calculated by comparing the
energy required to increase the surface area between the oil and water phases with
the actual amount of energy required to create an emulsion. The difference in free
energy between the two separate immiscible liquids and an emulsion can be esti-
mated by calculating the amount of energy needed to increase the interfacial area
between the oil and agueous phases (AG = yAA). Typicaly, this is less than 0.1%
of the total energy input into the system during the homogenization process because
most of the energy supplied to the system is dissipated as heat, owing to frictional
losses associated with the movement of molecules past one another [23]. This heat
exchange accounts for the significant increase in temperature of emulsions during
homogenization.

8. Choosing a Homogenizer

The choice of a homogenizer for a given application depends on a number of factors,
including volume of sample to be homogenized, desired throughput, energy require-
ments, nature of the sample, final droplet size distribution required, equipment avail-
able, and initial and running costs. Even after the most suitable homogenization
technique has been chosen, the operator must select the optimum processing con-
ditions, such as temperature, time, flow rate, pressure, valve gaps, rotation rates, and
sample composition. If an application does not require that the droplets in an emul-
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sion be particularly small, it is usualy easiest to use a high speed blender. High
speed blenders are also used frequently to produce the coarse emulsion premix that
is fed into other devices.

To create an emulsion that contains small droplets (<1 wm), either industrially
or in the laboratory, it is necessary to use one of the other methods. Colloid mills
are the most efficient type of homogenizer for high viscosity fluids, whereas high
pressure valve, ultrasonic, or microfluidization homogenizers are more efficient for
liquids that are low or intermediate in viscosity. In fundamental studies one often
uses small volumes of sample, and therefore a number of laboratory homogenizers
have been developed that are either scaled-down versions of industrial equipment or
instruments specifically designed for use in the laboratory. For studies involving
ingredients that are limited in availability or expensive, an ultrasonic piezoelectric
transducer can be used because it requires only small sample volumes. When it is
important to have monodisperse emulsions, the use of a membrane homogenizer
would be advantageous.

D. Factors That Determine Droplet Size

The food manufacturer is often interested in producing emulsion droplets that are as
small as possible, using the minimum amount of energy input and the shortest
amount of time. The size of the droplets produced in an emulsion depends on many
different factors, some of which are summarized below [27-30].

Emulsifier concentration. Up to a certain level, the size of the droplets usually
decreases as the emulsifier concentration increases; above this level, droplet
size remains constant. When the emulsifier concentration exceeds the critical
level, the size of the droplets is governed primarily by the energy input of
the homogenization device.

Emulsifier type. At the same concentration, different types of emulsifier produce
different sized droplets, depending on their surface load, the speed at which
they reach the oil —water interface, and the ability of the emulsifier membrane
to prevent droplet coalescence.

Homogenization conditions. The size of the emulsion droplets usually decreases
as the energy input or homogenization time increases.

Physicochemical properties of bulk liquids. The homogenization efficiency de-
pends on the physicochemical properties of the lipids that comprise an emul-
sion (e.g., their viscosity, interfacia tension, density, or physical state).

VI. EMULSION STABILITY

Emulsions are thermodynamically unstable systems that tend, with time, to separate
back into individual oil and water phases (Fig. 1). The term ‘“‘emulsion stability”
refers to the ability of an emulsion to resist changes in its properties with time: the
greater the emulsion stability, the longer the time taken for the emulsion to alter its
properties [1a]. Changes in the properties of emulsions may be the result of physical
processes that cause alterations in the spatial distribution of the ingredients (e.g.,
creaming, flocculation, coalescence, phase inversion) or chemical processes that
cause aterations in the chemical structure of the ingredients (e.g., oxidation, hydro-
lysis). It is important for food scientists to elucidate the relative importance of each
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of these mechanisms, the relationship between them, and the factors that affect them,
so that effective means of controlling the properties of food emulsions can be
established.

A. Droplet—Droplet Interactions

The bulk properties of food emulsions are largely determined by the interaction of
the droplets with each other. If the droplets exert a strong mutual attraction, they
tend to aggregate, but if they are strongly repelled they tend to remain as separate
entities. The overall interaction between droplets depends on the magnitude and
range of a number of different types of attractive and repulsive interaction. A knowl-
edge of the origin and nature of these interactions is important because it enables
food scientists to predict and control the stability and physicochemical properties of
food emulsions.

Droplet—droplet interactions are characterized by an interaction potential AG
(s), which describes the variation of the free energy with droplet separation. The
overdl interaction potential between emulsion droplets is the sum of various attrac-
tive and repulsive contributions [3]:

A G (S) = A G VDW (S) + A Geiectrosatic (S) + A G hydrophobic (S)
+ A Gshort range (S) (5)

Where AC"VDW: AG‘eiectrosxatica A(-\"‘hydrophobicv and AG‘shor't range refer to the free energles
associated with van der Waals, electrostatic, hydrophobic, and various short-range
forces, respectively. In certain systems, there are additional contributions to the over-
all interaction potential from other types of mechanism, such as depletion or bridging
[1a,1b]. The stability of food emulsions to aggregation depends on the shape of the
free energy versus separation curve, which is governed by the relative contributions
of the different types of interaction [1-3].

1. van der Waals Interactions

The van der Waals interactions act between emulsion droplets of all types and are
aways attractive. At close separations, the van der Waals interaction potential be-
tween two emulsion droplets of equal radius r separated by a distance s is given by
the following equation [12]:

Ar
AGypw(s) = _E (6)

where A is the Hamaker parameter, which depends on the physical properties of the
oil and water phases. This equation provides a useful insight into the nature of the
van der Waals interaction. The strength of the interaction decreases with the recip-
rocal of droplet separation, and so van der Waals interactions are fairly long range
compared to other types of interaction. In addition, the strength of the interaction
increases as the size of the emulsion droplets increases. In practice, Eq. (6) tends to
overestimate the attractive forces because it ignores the effects of electrostatic screen-
ing, radiation, and the presence of the droplet membrane on the Hamaker parameter
[11].
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2. Electrostatic Interactions

Electrostatic interactions occur only between emulsion droplets that have electrically
charged surfaces (e.g., those established by ionic surfactants or biopolymers). The
electrostatic interaction between two droplets at close separation is given by the
following relationship [5]:

AGaecrosaic(s) = 4.3 X 10 °ryg In(1 + e *°) ()

where

. ( o0& kT >u2
K =
e?s.cz2

Here k' is the thickness of the electric double layer, ¢; and z; are the molar
concentration and valency of ions of species i, &, is the dielectric constant of a
vacuum, &, is the relative dielectric constant of the medium surrounding the droplet,
e is the electrical charge, i, is the surface potential, k is the Boltzmann constant,
and T is the temperature. These equations provide a useful insight into the nature of
the electrostatic interactions between emulsion droplets. Usually all the droplets in
food emulsions have the same electrical charge, hence repel each other. Electrostatic
interactions are therefore important for preventing droplets from aggregating. The
strength of the interactions increases as the magnitude of the surface potential in-
creases; thus the greater the number of charges per unit area at a surface, the greater
the protection against aggregation. The strength of the repulsive interaction decreases
as the concentration of valency of ions in the agueous phase increases because coun-
terions *‘screen’’ the charges between droplets, which causes a decrease in the thick-
ness of the electrical double layer. Emulsions stabilized by proteins are particularly
sensitive to the pH and ionic strength of the aqueous solution, since altering pH
changes i, and altering ionic strength changes «*. The strength of the electrostatic
interaction also increases as the size of the emulsion droplets increases.

3. Hydrophobic Interactions

The surfaces of emulsion droplets may not be completely covered by emulsifier
molecules, or the droplet membrane may have some nonpolar groups exposed to the
agueous phase [1a]. Consequently, there may be attractive hydrophobic interactions
between nonpolar groups and water. The interaction potential energy per unit area
between two hydrophobic surfaces separated by water is given by:

AGryaopmonc(S) = —0.69 X 10~ °r¢ exp <— %) G)
0

where ¢ is the fraction of the droplet surface (which is hydrophobic) and the decay
length A, is of the order of 1—-2 nm [11]. The hydrophobic attraction between droplets
with nonpolar surfaces is fairly strong and relatively long range [11]. Hydrophobic
interactions therefore play an important role in determining the stability of a number
of food emulsions. Protein-stabilized emulsions often have nonpolar groups on the
protein molecules exposed to the agqueous phase, and therefore hydrophobic inter-
actions are important. They are also important during homogenization because the
droplets are not covered by emulsifier molecules.
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4. Short-Range Forces

When two emulsion droplets come sufficiently close together, their interfacial layers
start to interact. A number of short-range forces result from these interactions, in-
cluding steric (osmotic and elastic components), hydration, protrusion, and undula-
tion forces [11,12]. Some progress has been made in developing theories to predict
the magnitude and range of short-range forces associated with interfacial layers of
fairly simple geometry. Nevertheless, both magnitude and range of these forces are
particularly sensitive to the size, shape, conformation, packing, interactions, mohility,
and hydration of the molecules in the adsorbed layer, and so it is difficult to predict
their contribution to the overall interaction potential with any certainty. Even so, they
are usually repulsive and tend to increase strongly as the interfacial layers overlap.

5. Overall Interaction Potential

It is often difficult to accurately calculate the contribution of each type of interaction
to the overall interdroplet pair potential because information about the relevant phys-
icochemical properties of the system is lacking. Nevertheless, it is informative to
examine the characteristics of certain combinations of interactions that are particu-
larly important in food emulsions, for this provides a valuable insight into the factors
that affect the tendency of droplets to aggregate. Consider an emulsion in which the
only important types of droplet—droplet interaction are van der Waals attraction,
electrostatic repulsion, and steric repulsion (e.g., an emulsion stabilized by a charged
biopolymer).

The van der Waals interaction potential isfairly long range and always negative
(attractive), the electrostatic interaction potential is fairly long range and aways
positive (repulsive), while the steric interaction is short range and highly positive
(strongly repulsive). The overall interdroplet pair potential has a complex dependence
on separation because it is the sum of these three different interactions, and it may
be attractive at some separations and repulsive at others. Figure 11 shows a typical
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Figure 11 The overall interaction potential for an emulsion stabilized by a charged
biopolymer.
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profile of interdroplet pair potential versus separation for an emulsion stabilized by
a charged biopolymer. When the two droplets are separated by alarge distance, there
is no effective interaction between them. As they move closer together, the van der
Waals attraction dominates initially and there is a shallow minimum in the profile,
which is referred to as the secondary minimum. If the depth of this minimum is
large compared to the thermal energy (JAG (Smin)| > kT), the droplets tend to be
flocculated. However, if it is small compared to the thermal energy, the droplets tend
to remain unaggregated. At closer separations the repulsive electrostatic interactions
dominate, and there is an energy barrier AG (s.») that must be overcome before the
droplets can come any closer. If this energy barrier is sufficiently large compared to
the thermal energy AG(Sm.) = KT, it will prevent the droplets from falling into the
deep primary minimum at close separations. On the other hand, if it is not large
compared to the thermal energy, the droplets will tend to fall into the primary min-
imum, leading to strong flocculation of the droplets. In this situation the droplets
would be prevented from coalescing because of the domination of the strong steric
repulsion at close separations.

Emulsions that are stabilized by repulsive electrostatic interactions are partic-
ularly sensitive to the ionic strength and pH of the aqueous phase [1a,1b]. At low
ion concentrations there may be a sufficiently high energy barrier to prevent the
droplets from getting close enough together to aggregate into the primary minimum.
As the ion concentration is increased, the screening of the electrostatic interactions
becomes more effective, which reduces the height of the energy barrier. Above a
certain ion concentration, the energy barrier is not high enough to prevent the drop-
lets from falling into the primary minimum, and so the droplets become strongly
flocculated. This phenomenon accounts for the tendency for droplets to flocculate
when salt is added to emulsions stabilized by ionic emulsifiers. The surface charge
density of protein-stabilized emulsions decreases as the pH tends toward the iso-
electric point, which reduces the magnitude of the repulsive electrostatic interactions
between the droplets and also leads to droplet flocculation.

B. Mechanisms of Emulsion Instability

As mentioned earlier, emulsions are thermodynamically unstable systems that tend
with time to revert back to the separate oil and water phases of which they were
made. The rate at which this process occurs, and the route that is taken, depend on
the physicochemical properties of the emulsion and the prevailing environmental
conditions. The most important mechanisms of physical instability are creaming,
flocculation, coalescence, Ostwald ripening, and phase inversion. In practice, al these
mechanisms act in concert and can influence one another. However, one mechanism
often dominates the others, facilitating the identification of the most effective method
of controlling emulsion stability.

The length of time an emulsion must remain stable depends on the nature of
the food product. Some food emulsions (e.g., cake batters, ice cream mix, margarine
premix) are formed as intermediate steps during a manufacturing processes and need
remain stable for only a few seconds, minutes, or hours. Other emulsions (e.g.,
mayonnaise, creme liqueurs) must persist in a stable state for days, months, or even
years prior to sale and consumption. Some food processing operations (e.g., the
production of butter, margarine, whipped cream, and ice cream) rely on controlled
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destabilization of an emulsion. We now turn to a discussion of the origin of the
major destabilization mechanisms, the factors that influence them, and methods of
controlling them. This type of information is useful for food scientists because it
facilitates the selection of the most appropriate ingredients and processing conditions
required to produce a food emulsion with particular properties.

1. Creaming and Sedimentation

The droplets in an emulsion have a density different from that of the liquid that
surrounds them, and so a net gravitational force acts on them [1a,1b]. If the droplets
have lower density than the surrounding liquid, they tend to move up, that is, to
‘““cream.” Conversely, if they have a higher density they tend to move down, resulting
in what is referred to as sedimentation. Most liquid oils have densities lower than
that of water, and so there is a tendency for oil to accumulate at the top of an
emulsion and water at the bottom. Thus droplets in an oil-in-water emulsion tend to
cream, whereas those in a water-in-oil emulsion tend to sediment. The creaming rate
of a single isolated spherical droplet in a viscous liquid is given by the Stokes
equation:

- _ 29r*(p. —pa)
9,
where v is the creaming rate, g the acceleration due to gravity, p the density, n the

shear viscosity, and the subscripts 1 and 2 refer to the continuous phase and droplet,
respectively. The sign of v determines whether the droplet moves up (+) or down

()

9

Equation (9) can be used to estimate the stability of an emulsion to creaming.
For example, an oil droplet (p, = 910 kg/m® with a radius of 1 um suspended in
water (n, = 1 mPa-s, p, = 1000 kg/m®) will cream at a rate of about 5 mm/day.
Thus one would not expect an emulsion containing droplets of this size to have a
particularly long shelf life. As a useful rule of thumb, an emulsion in which the
creaming rate is less than about 1 mm/day can be considered to be stable toward
creaming [3].

In the initial stages of creaming (Fig. 12), the droplets move upward and a
droplet-depleted layer is observed at the bottom of the container. When the droplets
reach the top of the emulsion, they cannot move up any further and so they pack
together to form the ““creamed layer.” The thickness of the final creamed layer
depends on the packing of the dropletsin it. Droplets may pack very tightly together,
or they may pack loosely, depending on their polydispersity and the magnitude of
the forces between them. Close-packed droplets will tend to form a thin creamed
layer, whereas loosely packed droplets form athick creamed layer. The same factors
that affect the packing of the droplets in a creamed layer determine the nature of the
flocs formed (see Sec. VI.B.2). If the attractive forces between the droplets are fairly
weak, the creamed emulsion can be redispersed by lightly agitating the system. On
the other hand, if an emulsion is centrifuged, or if the droplets in a creamed layer
are allowed to remain in contact for extended periods, significant coalescence of the
droplets may occur, with the result that the emulsion droplets can no longer be
redispersed by mild agitation.

Creaming of emulsion droplets is usually an undesirable process, which food
manufacturers try to avoid. Equation (9) indicates that creaming can be retarded by
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minimizing the density difference (p . — p.) between the droplets and the surround-
ing liquid, reducing the droplet size, or increasing the viscosity of the continuous
phase. The Stokes equation is strictly applicable only to isolated rigid spheres sus-
pended in an infinite viscous liquid. Since these assumptions are not valid for food
emulsions, the equation must be modified to take into account hydrodynamic inter-
actions, droplet fluidity, droplet aggregation, non-Newtonian aqueous phases, droplet
crystallization, the adsorbed layer, and Brownian motion [1a,2].

2. Flocculation and Coalescence

The droplets in emulsions are in continual motion because of their thermal energy,
gravitational forces, or applied mechanical forces, and as they move about they
collide with their neighbors. After a collision, emulsion droplets may either move
apart or remain aggregated, depending on the relative magnitude of the attractive
and repulsive forces between them. If the net force acting between the droplets is
strongly attractive, they will aggregate, but if it is strongly repulsive they will remain
unaggregated. Two types of aggregation are commonly observed in emulsions: floc-
culation and coaescence. In flocculations (Fig. 12), two or more droplets come
together to form an aggregate in which the emulsion droplets retain their individual
integrity. Coalescence is the process whereby two or more droplets merge together
to form a single larger droplet (Fig. 12). Improvements in the quality of emulsion-
based food products largely depend on an understanding of the factors that cause
droplets to aggregate. The rate at which droplet aggregation occurs in an emulsion
depends on two factors: collision frequency and collision efficiency [1a,1b].

The collision frequency is the number of encounters between droplets per unit
time per unit volume. Any factor that increases the collision frequency is likely to
increase the aggregation rate. The frequency of collisions between droplets depends
on whether the emulsion is subjected to mechanical agitation. For dilute emulsions
containing identical spherical particles, the collision frequency N has been calculated
for both quiescent and stirred systems [3]:
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where n, is the initial number of particles per unit volume and G is the shear rate.
The collision efficiency, E, is the fraction of encounters between droplets that lead
to aggregation. Its value ranges from 0 (no floccuation) to 1 (fast flocculation) and
depends on the interaction potential. The equations for the collision frequency must
therefore be modified to take into account droplet—droplet interactions:

_ 4kTn3

N
3n

E (12)
where

0 -1
- AGK)| -
E = Lr {exp ‘ T X dx}

with x the distance between the centers of the droplets (x = 2r + s) and AG(x) the
droplet—droplet interaction potential (Sec. VI.A). Emulsion droplets may remain un-
aggregated, or they may aggregate into the primary or secondary minima depending
on AG(x).

The equations above are applicable only to the initial stages of aggregation in
dilute emulsions containing identical spherical particles. In practice, most food emul-
sions are fairly concentrated systems, and interactions between flocs as well as be-
tween individual droplets are important. The equations above must therefore be mod-
ified to take into account the interactions and properties of flocculated droplets.

The nature of the droplet—droplet interaction potential also determines the
structure of the flocs formed, and the rheology and stability of the resulting emulsion
[1a]. When the attractive force between them is relatively strong, two droplets tend
to become “‘locked’” together as soon as they encounter each other. This leads to the
formation of flocs that have quite open structures [3]. When the attractive forces are
not particularly strong, the droplets may ‘‘roll around” each other after a collision,
which allows them to pack more efficiently to form denser flocs. These two extremes
of floc structure are similar to those formed by filamentous and particulate gels,
respectively (Fig. 8).

The structure of the flocs formed in an emulsion has a pronounced influence
on its bulk physicochemical properties. An emulsion containing flocculated droplets
has a higher viscosity than one containing unflocculated droplets, since the water
trapped between the flocculated droplets increases the effective diameter (and there-
fore volume fraction) of the particles (Eq. 3). Flocculated particles also exhibit strong
shear thinning behavior: as the shear rate is increased, the viscosity of the emulsion
decreases because the flocs are disrupted and so their effective volume fraction de-
creases. If flocculation is extensive, a three-dimensional network of aggregated par-
ticles extends throughout the system and the emulsion has a yield stress that must
be overcome before the system will flow. The creaming rate of droplets is also
strongly dependent on flocculation. At low droplet concentrations, flocculation in-
creases the creaming rate because the effective size of the particles is increased
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[Eq. (9)], but at high droplet concentrations, it retards creaming because the droplets
are trapped within the three-dimensional network of aggregated emulsion droplets.

In coalescence (Fig. 12), two or more liquid droplets collide and merge into a
single larger droplet. Extensive coalescence eventually leads to oiling off, i.e., for-
mation of free oil on the top of an emulsion. Because coal escence involves a decrease
in the surface area of oil exposed to the continuous phase, it is one of the principal
mechanisms by which an emulsion reverts to its most thermodynamically stable state
(Fig. 1). Coaescence occurs rapidly between droplets that are not protected by emul-
sifier molecules; for example, if one homogenizes oil and water in the absence of
an emulsifier, the droplets readily coalesce. When droplets are stabilized by an emul-
sifier membrane, the tendency for coalescence to occur is governed by the droplet—
droplet interaction potential and the stability of the film to rupture. If there is astrong
repulsive force between the droplets at close separations, or if the film is highly
resistant to rupture, the droplets will tend not to coalesce. Most food emulsions are
stable to coalescence, but they become unstable when subjected to high shear forces
that cause the droplets to frequently collide with each other or when the droplets
remain in contact with each other for extended periods (e.g., droplets in flocs,
creamed layers, or highly concentrated emulsions).

3. Partial Coalescence

Normal coalescence involves the aggregation of two or more liquid droplets to form
a single larger spherical droplet, but partial coalescence occurs when two or more
partialy crystaline droplets encounter each other and form a single irregularly
shaped aggregate (Fig. 13). The aggregate is irregular in shape because some of the
structure of the fat crystal network contained in the original droplets is maintained
within it. It has been proposed that partial coalescence occurs when two partialy
crystalline droplets collide and a crystal from one of them penetrates the intervening
membranes and protrudes into the liquid region of the other droplet [1a]. Normally,
the crystal would stick out into the aqueous phase, thus becoming surrounded by
water; however, when it penetrates another droplet, it is surrounded by oil, and
because this arrangement is energetically favorable the droplets remain aggregated.
With time the droplets slowly fuse more closely together, with the result that the
total surface area of oil exposed to the agueous phase is reduced. Partial coalescence
occurs only when the droplets have a certain ratio of solid fat and liquid oil. If the
solid fat content of the droplets is either too low or too high, the droplets will tend
not to undergo partial coalescence [5].

Aggregar:an % Fu.ﬂmr @

Figure 13 Partial coalescence occurs when two partly crystalline emulsion droplets collide
and aggregate because a crystal in one droplet penetrates the other droplet.
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Partial coalescence is particularly important in dairy products because milk fat
globules are partially crystaline at temperatures commonly found in foods. The
application of shear forces or temperature cycling to cream containing partly crys-
taline milk fat globules can cause extensive aggregation of the droplets, leading to
a marked increase in viscosity (*‘thickening”) and subsequent phase separation [9].
Partial coalescence is an essential process in the production of ice cream, whipped
toppings, butter, and margarine. Oil-in-water emulsions are cooled to a temperature
at which the droplets are partly crystalline, and a shear force is then applied that
causes droplet aggregation via partial coalescence. In butter and margarine, aggre-
gation results in phase inversion, whereas in ice cream and whipped cream the ag-
gregated fat droplets form a network that surrounds air cells and provides the me-
chanical strength needed to produce good stability and texture.

4. Ostwald Ripening

Ostwald ripening is the growth of large droplets at the expense of smaller ones [14].
This process occurs because the solubility of the material in a spherical droplet
increases as the size of the droplet decreases:

RTr

Here V,, is the molar volume of the solute, vy is the interfacial tension, R is the
gas constant, S(0) is the solubility of the solute in the continuous phase for a droplet
with infinite curvature (i.e., a planar interface), and S(r) is the solubility of the solute
when contained in a spherical droplet of radius r. The greater solubility of the ma-
terial in smaller droplets means that there is a higher concentration of solubilized
material around a small droplet than around a larger one. Consequently, solubilized
molecules move from small droplets to large droplets because of this concentration
gradient, which causes the larger droplets to grow at the expense of the smaller ones.
Once steady state conditions have been achieved, the growth in droplet radius with
time due to Ostwald ripening is given by

d(r)® _ 8yV,S(*)D
dt ORT

where D is the diffusion coefficient of the material through the continuous phase.
This equation assumes that the emulsion is dilute and that the rate-limiting step is
the diffusion of the solute molecules across the continuous phase. In practice, most
food emulsions are concentrated systems, and so the effects of the neighboring drop-
lets on the growth rate have to be considered. Some droplets are surrounded by
interfacial membranes that retard the diffusion of solute molecules in and out of
droplets, and in such cases the equation must be modified accordingly. Ostwald
ripening is negligible in many foods because triacylglyercols have extremely low
water solubilities, and therefore the mass transport rate is insignificant [Eqg. (14)].
Nevertheless, in emulsions that contain more water-soluble lipids, such as flavor oils,
Ostwald ripening may be important.

S(r) = S()exp <27Vm> (13)

(14)

5. Phase Inversion

In phase inversion (Fig. 12), a system changes from an oil-in-water emulsion to a
water-in-oil emulsion or vice versa. This process usually occurs as a result of some
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alteration in the system’s composition or environmental conditions, such as dispersed
phase volume fraction, emulsifier type, emulsifier concentration, temperature, or ap-
plication of mechanical forces. Phase inversion is believed to occur by means of a
complex mechanism that involves a combination of the processes that occur during
flocculation, coalescence, and emulsion formation. At the point where phase inver-
sion occurs, the system may briefly contain regions of oil-in-water emulsion, water-
in-oil emulsion, multiple emulsions, and bicontinuous phases, before converting to
its final state.

6. Chemical and Biochemical Stability

Chemical and biochemical reactions of various types (e.g., oxidation, reduction, or
hydrolysis of lipids, polysaccharides, and proteins) can cause detrimental changesin
the quality of food emulsions. Many of these reactions are catalyzed by specific
enzymes that may be present in the food. The reactions that are important in a given
food emulsion depend on the concentration, type, and distribution of ingredients, and
the thermal and shear history of the food. Chemical and biochemical reactions can
alter the stability, texture, flavor, odor, color, and toxicity of food emulsions. Thus
it is important to identify the most critical reactions that occur in each type of food
so that they can be controlled in a systematic fashion.

VIl. CHARACTERIZATION OF EMULSION PROPERTIES

Ultimately, food manufacturers want to produce a high quality product at the lowest
possible cost. To achieve this goa they must have a good appreciation of the factors
that determine the properties of the final product. This knowledge, in turn, is used
to formulate and manufacture a product with the desired characteristics (e.g., ap-
pearance, texture, mouthfeel, taste, shelf life). These bulk physicochemical and sen-
sory properties are determined by such molecular and colloidal properties of emul-
sions as dispersed volume fraction, droplet size distribution, droplet—droplet
interactions, and interfacial properties. Consequently, a wide variety of experimenta
techniques have been devel oped to characterize the molecular, colloidal, microscopic,
and macroscopic properties of food emulsions [1a]. Analytical techniques are needed
to characterize the properties of food emulsions in the laboratory, where they are
used to improve our understanding of the factors that determine emulsion properties,
and in the factory, where they are used to monitor the properties of foods during
processing to ensure that the manufacturing process is operating in an appropriate
manner. The subsections that follow highlight some of the most important properties
of food emulsions and outline experimental techniques for their measurement.

A. Dispersed Phase Volume Fraction

The dispersed phase volume fraction or ¢ is the volume of emulsion droplets (V)
divided by the total volume of the emulsion (Ve): ¢ = Vp/Ve. The dispersed phase
volume fraction determines the relative proportion of oil and water in a product, as
well as influencing many of the bulk physicochemical and sensory properties of
emulsions, such as appearance, rheology, taste, and stability. For example, an emul-
sion tends to become more turbid and to have a higher viscosity when the concen-
tration of droplets is increased [1a]. Methods for measuring the dispersed phase
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Table 2 Experimental Techniques for Characterizing the Physicochemical Properties of
Food Emulsions [1a]

Dispersed phase volume Proximate analysis, density, electrical conductivity, light
fraction scattering, NMR, ultrasound
Droplet size distribution Light scattering (static and dynamic), electrical

conductivity, optical microscopy, electron
microscopy, ultrasound, NMR

Microstructure Optical microscopy, electron microscopy, atomic force
microscopy

Creaming and sedimentation Light scattering, ultrasound, NMR, visual observation

Droplet charge Electrokinetic techniques, electroacoustic techniques

Droplet cyrstallization Density, NMR, ultrasound, differential scanning
calorimetry, polarized optical microscopy

Emulsion rheology Viscometers, dynamic shear rheometers

Interfacial tension Interfacial tensiometers (static and dynamic)

Interfacial thickness Ellipsometry, neutron reflection, neutron scattering, light

scattering, surface force apparatus

volume fraction of emulsions are outlined in Table 2. Traditional proximate analysis
technigues, such as solvent extraction to determine oil content and oven drying to
determine moisture content, can be used to anayze the dispersed phase volume
fraction of emulsions. Nevertheless, proximate analysis techniques are often destruc-
tive and quite time-consuming to carry out, and are therefore unsuitable for rapid
quality control or on-line measurements. If the densities of the separate oil and
agueous phases are known, the dispersed phase volume fraction of an emulsion can
simply be determined from a measurement of its density:

(;b = (pemulsion P continuous phase)(pdroplet P continuous phase) (15)

The electrical conductivity of an emulsion decreases as the concentration of oil
within it increases, and so instruments based on electrical conductivity can also be
used to determine ¢. Light scattering techniques can be used to measure the dispersed
phase volume fraction of dilute emulsions (¢ < 0.001), whereas NMR and ultrasound
spectroscopy can be used to rapidly and nondestructively determine ¢ of concen-
trated and optically opaque emulsions. A number of these experimental techniques
(e.g., ultrasound, NMR, electrical conductivity, density measurements) are particu-
larly suitable for on-line determination of the composition of food emulsions during
processing.

B. Droplet Size Distribution

The size of the droplets in an emulsion influences many of their sensory and bulk
physicochemical properties, including rheology, appearance, mouthfeel, and stability
[3,5]. It is therefore important for food manufacturers to carefully control the size
of the dropletsin afood product and to have analytical techniques to measure droplet
size. Typically, the droplets in a food emulsion are somewhere in the size range of
0.1-50 wm in diameter.
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Food emulsions always contain droplets that have a range of sizes, and so it
is usually important to characterize both the average size and the size distribution
of the droplets. The droplet size distribution is usually represented by a plot of droplet
frequency (number or volume) versus droplet size (radius or diameter). Some of the
most important experimental techniques for measuring droplet size distributions are
included in Table 2.*

Light-scattering and electrical conductivity techniques are capable of providing
a full particle size distribution of a sample in a few minutes. Since, however, these
techniques usually require that the droplet concentration be very low (¢ < 0.001),
samples must be diluted considerably before analysis. Optical and electron micros-
copy techniques, which provide the most direct measurement of droplet size distri-
bution, are often time-consuming and laborious to operate, and sample preparation
can cause considerable artifacts in the results. In contrast, recently developed tech-
niques based on NMR and ultrasonic spectroscopy can be used to rapidly and non-
destructively measure the droplet size distribution of concentrated and optically
opague emulsions [1a]. These techniques are particularly useful for on-line charac-
terization of emulsion properties.

C. Microstructure

The structural organization and interactions of the droplets in an emulsion often play
an important role in determining the properties of afood. For example, two emulsions
may have the same droplet concentration and size distribution, but very different
properties, because of differences in the degree of droplet flocculation. Various forms
of microscopy are available for providing information about the microstructure of
food emulsions. The unaided human eye can resolve objects that are farther apart
than about 0.1 mm (100 wm). Most of the structural components in food emulsions
(e.q., emulsion droplets, surfactant micelles, fat crystals, ice crystals, small air cells,
protein aggregates) are much smaller than this lower limit and cannot therefore be
observed directly by the eye.

Optical microscopy can be used to study components of size between about
0.5 and 100 wm. The characteristics of specific components can be highlighted by
selectively staining certain ingredients or by using specia lenses. Electron micros-
copy can be used to study components that have sizes down to about 0.5 nm. Atomic
force microscopy can be used to provide information about the arrangements and
interactions of single atoms or molecules. All these techniques are burdened by
sample preparation steps that often are laborious and time-consuming, and subject
to alter the properties of the material being examined. Nevertheless, when carried
out correctly the advanced microscopic techniques provide extremely valuable in-
formation about the arrangement and interactions of emulsion droplets with each
other and with the other structural entities found in food emulsions.

D. Physical State

The physical state of the components in a food emulsion often has a pronounced
influence on its overall properties [1a]. For example, oil-in-water emulsions are par-

* A comprehensive review of analytical methods for measuring particle size in emulsions has recently
been published [31].
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ticularly prone to partial coalescence when the droplets contain a certain percentage
of crystaline fat (Sec. VI.B). Partial coalescence leads to extensive droplet aggre-
gation, which decreases the stability of emulsions to creaming and greatly increases
their viscosity. In water-in-oil emulsions, such as margarine or butter, the formation
of a network of aggregated fat crystals provides the characteristic rheological prop-
erties. The most important data for food scientists are the temperature at which
melting or crystallization begins, the temperature range over which the phase tran-
sition occurs, and the value of the solid fat content at any particular temperature.
Phase transitions can be monitored by measuring changes in any property (e.g.,
density, compressibility, heat capacity, absorption or scattering of radiation) that is
altered upon conversion of an ingredient from a solid to a liquid (Table 2). The
density of a component often changes when it undergoes a phase transition, and so
melting or crystallization can be monitored by measuring changes in the density of
a sample with temperature or time.

Phase transitions can also be monitored by measuring the amount of heat ab-
sorbed or released when a solid melts or a liquid crystallizes, respectively. This type
of measurement can be carried out by means of differential thermal analysis or
differential scanning calorimetry. These techniques also provide valuable information
about the polymorphic form of the fat crystals in an emulsion. More recently, rapid
instrumental methods based on NMR and ultrasound have been devel oped to measure
solid fat contents [14]. These instruments are capable of hondestructively determining
the solid fat content of a sample in a few seconds and are extremely valuable ana-
Iytical tools for rapid quality control and on-line procedures. Phase transitions can
be observed in a more direct manner by means of polarized optical microscopy.

E. Creaming and Sedimentation Profiles

Over the past decade, a number of instruments have been developed to quantify the
creaming or sedimentation of the droplets in emulsions. Basically the same light
scattering, NMR, and ultrasound techniques used to measure the dispersed phase
volume fraction or droplet size distributions of emulsions are applied to creaming or
sedimentation, but the measurements are carried out as a function of sample height
to permit the acquisition of a profile of droplet concentrations or sizes. Techniques
based on the scattering of light can be used to study creaming and sedimentation in
fairly dilute emulsions. A light beam is passed through a sample at a number of
different heights, and the reflection and transmission coefficients are measured and
related to the droplet concentration and size. By measuring the ultrasonic velocity
or attenuation as a function of sample height and time, it is possible to quantify the
rate and extent of creaming in concentrated and optically opaque emulsions. This
technigue can be fully automated and has the two additional advantages. creaming
can be detected before it is visible to the eye, and a detailed creaming profile can
be determined rather than a single boundary. By measuring the ultrasound properties
as a function of frequency, it is possible to determine both the concentration and
size of the droplets as a function of sample height. Thus a detailed analysis of
creaming and sedimentation in complex food systems can be monitored noninva-
sively. Recently developed NMR imaging techniques can also measure the concen-
tration and size of droplets in any region in an emulsion [9]. These ultrasound and
NMR techniques will prove particularly useful for understanding the kinetics of
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creaming and sedimentation in emulsions and for predicting the long-term stability
of food emulsions.

F. Emulsion Rheology

The rheology of an emulsion is one of its most important overall physical attributes
because it largely determines the mouthfeel, flowability, and stability of emulsions
[3]. A variety of experimental techniques are available for measuring the rheol ogical
properties of food emulsions. The rheology of emulsions that have low viscosities
and act like ideal liquids can be characterized by capillary viscometers. For nonideal
liquids or viscoelastic emulsions, more sophisticated instrumental techniques called
dynamic shear rheometers are available to measure the rel ationship between the stress
applied to an emulsion and the resulting strain, or vice versa. As well as providing
valuable information about the bulk physicochemical properties of emulsions (e.g.,
texture, flow through pipes), rheologica measurements can provide information
about droplet—droplet interactions and the properties of any flocs formed in an
emulsion.

G. Interfacial Properties

Despite comprising only a small fraction of the total volume of an emulsion, the
interfacial region that separates the oil from the agueous phase plays a major rolein
determining stability, rheology, chemical reactivity, flavor release, and other overall
physicochemical properties of emulsions. The most important properties of the in-
terface are the concentration of emulsifier molecules present (the surface load), the
packing of the emulsifier molecules, and the thickness, viscoelasticity, electrica
charge, and (interfacial) tension of the interface.

A variety of experimental techniques are available for characterizing the prop-
erties of oil —water interfaces (Table 2). The surface load is determined by measuring
the amount of emulsifier that adsorbs per unit area of oil —water interface. The thick-
ness of an interfacial membrane can be determined by light scattering, neutron scat-
tering, neutron reflection, surface force, and ellipsometry techniques. The rheological
properties of the interfacial membrane can be determined by means of the two-
dimensional analog of normal rheological techniques. The electrical charge of the
droplets in an emulsion determines their susceptibility to aggregation. Experimental
techniques based on electrokinetic and electroacoustic techniques are available for
determining the charge on emulsion droplets. The dynamic or equilibrium interfacial
tension of an oil—water interface can be determined by means of a number of inter-
facial tension meters, including the Wilhelmy plate, Du Nouy ring, maximum bubble
pressure, and pendant drop methods.
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The Chemistry of Waxes and Sterols
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I. CHEMISTRY OF WAXES
A. Introduction

The term waxes commonly refers to the mixtures of long chain apolar compounds
found on the surface of plants and animals. By a strict chemical definition, a wax is
the ester of a long chain acid and a long chain alcohol. However, this academic
definition is much too narrow both for the wax chemist and for the requirements of
industry. The following description from the German Society for Fat Technology [1]
better fits the redlity:

Wax is the collective term for a series of natural or synthetically produced substances
that normally possess the following properties: kneadable at 20°C, brittle to solid, coarse
to finely crystalline, translucent to opaque, relatively low viscosity even slightly above
the melting point, not tending to stinginess, consistency and solubility depending on
the temperature and capable of being polished by slight pressure.

The collective properties of wax as just defined clearly distinguish waxes from other
articles of commerce. Chemically, waxes constitute alarge array of different chemical
classes, including hydrocarbons, wax esters, sterol esters, ketones, aldehydes, alco-
hols, and sterols. The chain length of these compounds may vary from C,, asin the
acetate of along chain ester, to Cs, in the case of some hydrocarbons [2,3].
Waxes can be classified according to their origins as naturally occurring or
synthetic. The naturally occurring waxes can be subclassified into animal, vegetable,
and mineral waxes. Beeswax, spermaceti, wool grease, and lanolin are important
animal waxes. Beeswax, wool grease, and lanolin are by-products of other industries.
The vegetable waxes include carnauba wax, the so-called queen of waxes, ouricouri
(another palm wax), and candelilla. These three waxes account for the major pro-
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portion of the consumption of vegetable waxes. The mineral waxes are further clas-
sified into the petroleum waxes, ozokerite, and montan. Based on their chemical
structure, waxes represent a very broad spectrum of chemical types from polyeth-
ylene, polymers of ethylene oxide, derivatives of montan wax, alkyl esters of mon-
ocarboxylic acids, alkyl esters of hydroxy acids, polyhydric alcohol esters of hydroxy
acids, Fisher—Tropsch waxes, and hydrogenated waxes, to long chain amide waxes.

We begin with an overview of the diverse class of lipids known as waxes. The
discussion presented that follows, which touches on source, structure, function, and
biosynthesis, is intended to serve as an entry to the literature, enabling the reader to
pursue this topic in greater detail.

B. Properties and Characteristics of Waxes

The ancient Egyptians used beeswax to make writing tablets and models, and waxes
are now described as man'’s first plastic. Indeed, the plastic property of waxes and
cold-flow yield values alow manual working at room temperature, corresponding to
the practices of the Egyptians. The melting points of waxes usually vary within the
range 40—120°C.

Waxes dissolve in fat solvents, and their solubility is dependent on temperature.
They can also wet and disperse pigments, and they can be emulsified with water,
which makes them useful in the furniture, pharmaceutical, and food industries. Their
combustibility, associated with alow ash content, isimportant in candle manufacture
and solid fuel preparation. Waxes also find application in industry as lubricants and
insulators, where their properties as natural plastics, their high flash points, and their
high dielectric constants are advantageous.

The physical and technical properties of waxes depend more on molecular
structure than on molecular size and chemical constitution. The chemical components
of waxes range from hydrocarbons, esters, ketones, aldehydes, and alcohols to acids,
mostly as aliphatic long chain molecules. The hydrocarbons in petroleum waxes are
mainly akanes, though some unsaturated and branched chain compounds are found.
The common esters are those of saturated acids with 12—28 carbon atoms combining
with saturated alcohols of similar chain length. Primary acohols, acids, and esters
have been characterized and have been found to contain an even straight chain of
carbon atoms. By contrast, most ketones, secondary alcohols, and hydrocarbons have
odd numbers of carbon atoms. The chemical constitution of waxes varies in great
degree depending on the origin of the material. A high proportion of cholesterol and
lanosteral is found in wool wax. Commercial waxes are characterized by a number
of properties. These properties are used in wax grading [4].

1. Physical Properties of Waxes

Color and odor are determined by comparison with standard samples in a molten
state. In the National Petroleum Association scale, the palest color is rated 0, while
amber colors are rated 8. Refined waxes are usually free from taste, this property
being especially important in products such as candelilla when it is used in chewing
gum. Melting and softening points are important physical properties. The melting
points can be determined by the capillary tube method or the drop point method.
The softening point of a wax is the temperature at which the solid wax begins to
soften. The penetration property measures the depth to which a needle with a definite
top load penetrates the wax sample.
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Shrinkage and flash point are two frequently measured physical properties of
waxes. The flash point is the temperature at which a flash will occur if asmall flame
is passed over the surface of the sample. In the liquid state, a molten wax shrinks
uniformly until the temperature approaches the solidification point. This property is
measured as the percentage shrinkage of the volume.

2. Chemical Properties of Waxes

a. Acid Value. The acid value is the number of milligrams of potassium hydrox-

ide required to neutralize a gram of the wax. It is determined by the titration of the

wax solution in ethanol—toluene with 0.5 M potassium hydroxide. Phenolphthalein
is normally used as the titration indicator.

. V, X 56.104

Acid vdlue = ———

where V,, is the number of milliliters (mL) of potassium hydroxide used in the
titration and w is the mass of wax.

b. Saponification Number. The saponification number is the number of milli-
grams of potassium hydroxide required to hydrolyze 1 g of wax:

(V, — V,) X 56.105
W

Saponification number =

where w is the weight of wax sample(s), V, the volume (mL) of hydrochloric acid
used in the blank, and V,, the volume (mL) of hydrochloric acid used in the actual
analysis. The wax (2 g) is dissolved in hot toluene (910 mL). Alcoholic potassium
hydroxide (25 mL of 0.5 M KOH) is added, and the solution is refluxed for 2 hours.
A few drops of phenolphthalein are added and the residual potassium hydroxide is
titrated with 0.5 M hydrochloric acid. A blank titration is also performed with 25
mL of 0.5 M acoholic potassium hydroxide plus toluene.

c. Ester Value. Ester value, the difference between the saponification number and
the acid value, shows the amount of potassium hydroxide consumed in the saponi-
fication of the esters.

d. lodine Number. The iodine number expresses the amount of iodine that is
absorbed by the wax. It is a measure of the degree of unsaturation.

e. Acetyl Number. The acetyl number indicates the milligrams of potassium hy-
droxide required for the saponification of the acetyl group assimilated in 1 g of wax
on acetylation. The difference of this number and the ester value reflects the amount
of free hydroxy groups (or alcohol composition) in a wax. The wax sample is first
acetylated by acetic anhydride. A certain amount of acetylated wax (about 2 g) is
taken out to be saponified with the standard procedure in the measurement of the
saponification number. The acetyl number is the saponification number of the acet-
ylated wax.

3. Properties of Important Naturally Occurring Waxes

a. Beeswax. Beeswax is a hard amorphous solid, usually light yellow to amber
depending on the source and manufacturing process. It has a high solubility in warm
benzene, toluene, chloroform, and other polar organic solvents. Typically, beeswax
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has an acid value of 17-36, a saponification number of 90—147, melting point of
60—67°C, an ester number of 64—84, a specific gravity of 0.927—-0.970, and an iodine
number of 7—16. Pure beeswax consists of about 70—80% of long chain esters, 12—
15% of free acids, 10—15% of hydrocarbon, and small amounts of diols and cho-
lesterol esters. Beeswax is one of the most useful and valuable of waxes. Its con-
sumption is not limited to the candle industry, the oldest field of wax consumption.
It is aso used in electrical insulation and in the food, paper, and rubber industries.

b. Wool Grease and Lanolin. Wool grease is a by-product of the wool industry,
and the finest wool grease yields lanolin. Pharmaceutical grade lanolin accounts for
about 80% of all wool grease consumption. Wool grease has a melting point of 35—
42°C, an acid value of 7-15, a saponification value of 100—110, an ester value of
85-100, a specific gravity of 0.932—0.945, and an iodine value of 22—30.

c. Carnauba Wax. Carnauba wax, ‘‘queen of waxes,”” is a vegetable wax pro-
duced in Brazil. Carnauba wax is hard, amorphous, and tough, with a pleasant smell.
It is usually used in cosmetics and by the food industry, in paper coatings, and in
making inks. In the food industry, it is a minor component in glazes for candies,
gums, and fruit coatings. Carnauba wax is soluble in most polar organic solvents. It
contains esters (84—85%), free acids (3—3.5%), resins (4—6%), alcohols (2—3%),
and hydrocarbons (1.5—-3.0%). Typically, carnauba has an acid value of 2.9-9.7, an
ester value of 39-55, a saponification value of 79-95, an iodine value of 7—-14, and
a melting range of 78—85°C.

d. Candelilla Wax. Candelillawax is a vegetable wax produced mainly in Mex-
ico. It is used chiefly in the manufacturing of chewing gum and cosmetics, which
represent about 40% of the market. It is also used in furniture polish, in the produc-
tion of lubricants, and in paper coating. Candelilla wax has a specific gravity of 0.98,
an acid value of 12—-22, a saponification value of 43—65, a melting point of 66—
71°C, an ester value of 65—75, and an iodine value of 12—22. The chemical com-
position of candelillawax is 28—29% esters, 50—51% hydrocarbon, 7—9% free acids,
and small amounts of acohols and cholesterols.

e. Ozocerite. Ozocerite is a mineral wax found in Galicia, Russia, Iran, and the
United States. Most ozocerite consists of hydrocarbons, but the chemical composition
varies with the source. Typically ozocerite has an ester value of 56—66, an acid value
of 31-38, a saponification value of 87—104, a melting point of 93—89°C, and an
iodine value of 14—18. Ozocerite is graded as unbleached (black), single bleached
(yellow), and double bleached (white). It is mainly used in making lubricants, lip-
sticks, polishes, and adhesives.

C. Isolation, Separation, and Analysis of Natural Waxes

Knowledge of the chemical analysis of natural waxes is essential for understanding
wax biosynthesis, manufacture, and application. While the chemical compositions of
synthetic waxes are constant and depend on the manufacturing process, the natural
waxes are much more complicated in chemical composition. In genera, natura
waxes are isolated by chemical extraction, separated by chromatographic methods,
and analyzed by means of mass spectrometry (MS); both gas chromatography (GC)
and high performance liquid chromatography (HPLC) techniques are used. The fol-
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lowing discussion on chemical analysis is based on an understanding of the general
principles of chemical extraction, chromatography, and mass spectrometry. There are
numerous textbooks detailing these principles [5-7].

1. Isolation

Natural waxes are mixtures of long chain apolar compounds found on the surface
of plants and animals. However internal lipids also exist in most organisms. In earlier
times, the plant or animal tissue was dried, whereupon the total lipid material could
be extracted with hexane or chloroform by means of a Soxhlet extractor. The time
of exposure to the organic solvent, particularly chloroform, is kept short to minimize
or avoid the extraction of internal lipids. Because processors are interested in the
surface waxes, it became routine to harvest them by a dipping procedure. For plants
this was usually done in the cold, but occasionally at the boiling point of light
petroleum or by swabhing to remove surface lipids. Chloroform, which has been
widely used, is now known to be toxic; dichloromethane can be substituted. After
removal of the solvent under vacuum, the residue can be weighed. Alternatively, the
efficiency of the extraction can be determined by adding a known gquantity of a
standard wax component (not present naturally in the sample) and performing a
quantification based on this component following column chromatography.

2. Separation

The extract of surface lipids contains hydrocarbons, as well as long chain alcohols,
aldehydes and ketones, short chain acid esters of the long chain alcohols, fatty acids,
sterols and sterol esters, and oxygenated forms of these compounds. In most cases
it is necessary to separate the lipid extract into lipid classes prior to the identification
of components. Separation of waxes into their component classes is first achieved
by column chromatography. The extract residue is redissolved in the least polar
solvent possible, usually hexane or light petroleum, and transferred to the chromat-
ographic column. When the residue is not soluble in hexane or light petroleum, a
hot solution or a more polar solvent, like chloroform of dichloromethane, may be
used to load the column. By gradually increasing the polarity of the eluting solvent,
it is possible to obtain hydrocarbons, esters, aldehydes and ketones, triglycerides,
alcohols, hydroxydiketones, sterols, and fatty acids separately from the column. Most
separations have been achieved on alumina or silica gel. However, Sephadex LH-20
was used to separate the alkanes from Green River Shale. Linde 5-A sieve can
remove the n-alkanes to provide concentrated branched and alicyclic hydrocarbons.
Additionally, silver nitrate can be impregnated into alumina or silica gel columns or
thin-layer chromatography (TLC) plates for separating components according to the
degree of unsaturation.

As the means of further identifying lipids become more sophisticated, it is
possible to obtain a sufficient quantity of the separated wax components by TLC.
One of the major advantages of TLC isthat it can be modified very easily, and minor
changes to the system have allowed mgjor changes in separation to be achieved.
Most components of wax esters can be partially or completely separated by TLC on
25 um silica gel G plates developed in hexane—diethyl ether or benzene—hexane.
The retardation factor (R;) values of most wax components are listed in Table 1 [8].

If TLC is used, the components must be visualized, and the methods employed
can be either destructive or nondestructive. The commonly used destructive method
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Table 1 TLC Separation of Wax Components on Silica Gel: R; Values for Common
Wax Components

Solvent systems®

Component A B Cc D E F G H
Hydrocarbon 095 09% 095 08 083 09 0.85
Squalene 0.80
Triakylglyceryl ethers 0.90

Steryl esters 0.90 095 057

Wax esters 090 082 084 071 065 091 0.75
B-Diketones 0.75 0.54

Monoketones 0.53

Fatty acid methyl esters  0.65 0.47 0.75

Aldehydes 055 065 0.47 0.66
Triterpenyl acetates 0.53
Secondary alcohols 0.36

Triacylglycerols 0.35 0.61 0.37

Free fatty acids 0.18 000 0.00 035 020
Triterpenols 0.22
Primary alcohols 015 014 016 009 015 021 0.19
Sterols 0.10 016 010 012
Hydroxy-B-diketones 0.09 0.04

Triterpenoid acid 0.05

°A, petroleum ether (b.p. 60—70°C)—diethyl ether—glacial acetic acid (90:10:1, v/v); B, benzene;
C, chloroform containing 1% ethanol; D, petroleum ether (b.p. 40—60°C)—diethyl ether (80:20, v/v);
E, chloroform containing 1% ethanol; F, hexane—heptane—diethy| ether—glacial acetic acid (63:18.5:18.5,
v/v) to 2 cm from top, then full development with carbon tetrachloride; G (1) petroleum ether—diethyl
ether—glacial acetic acid (80:20:1, v/v); (2) petroleum ether; H, benzene—chloroform (70:30 v/v).

isto spray TLC plates with sulfuric or molyhdic acid in ethanol and heat them. This
technique is very sensitive, but it destroys the compounds and does not work well
with free acids. lodine vapors will cause a colored band to appear, particularly with
unsaturated compounds, and is widely used to both locate and quantify the lipids.
Since the iodine can evaporate from the plate readily after remova from iodine
chamber, the components usually remain unchanged. lodine vapor is one of the ideal
visualization media in the isolation of lipid classes from TLC plates. Commercial
TLC plates with fluorescent indicators are available as well, and bands can be vi-
sualized under UV light. However, if it is necessary to use solvents more polar than
diethyl ether to extract polar components from the matrix, the fluorescent indicators
may also be extracted, and these additives will interfere with subsequent analyses.
To isolate lipid classes from TLC plates after a nondestructive method of vi-
sualization, the silica gel can be scraped into a champagne funnel and eluted with
an appropriate solvent. Or, the gel can be scraped into a test tube and the apolar
lipid extracted with diethyl ether by vortexing, centrifuging, and decanting off the
ether. Polar lipids are extracted in the same manner, using a more polar solvent such
as chloroform and/or methanol. High performance liquid chromatography has been
used in the separation and analysis of natural waxes, but its application was halted
by the lack of a suitable detector, since most wax components have no useful ultra-
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violet chromophore. Application of ultraviolet detection was limited to wavelength
around 210 nm. Some components with isolated double bonds and carbony! group
(e.g., esters, aldehydes, ketones) can be detected in this wavelength. Hamilton and
coworkers have examined an alternative detection system, infrared detection at 5.74
pm, which allowed the hydrocarbon components to be detected [9]. While the sen-
sitivity of this method of detection could not match that of ultraviolet detection, it
has merit for use in the preparative mode, where it is feasible to allow the whole
output from the column to flow through the detector. The third useful mode for
HPLC is mass spectrometry. The coupling of HPLC and MS makes this form of
chromatography a very important analytical technique.

3. Analysis

When individual classes of waxes have been isolated, the identity of each must be
determined. Because of the complex composition of these materials, combined an-
alytical approaches (e.g., GC-MS) have been used to analyze individua wax classes.
Mass spectrometry is a major analytica method for the anaysis of this class of
compounds. With the electron impact—mass spectrometry (EI-MS), the wax mole-
cules tend to give cleavage fragments rather than parent ions. Thus, soft (chemical)
ionization (ClI), and fast atom bombardment (FAB) have been frequently used to give
additional information for wax analysis.

In GC-MS analysis, the hydrocarbon fraction and many components of the wax
ester fraction can be analyzed directly, while long chain acohols, the aldehydes, and
fatty acids are often analyzed as their acetate esters of alcohols, dimethylhydrazones
of aldehydes, and methyl ethers of fatty acids. The analysis of wax esters after
hydrolysis and derivatization will provide additional information on high molecular
weight esters. For example, the chain branching of a certain component might be
primarily examined with respect to its unusual retention time on GC analysis, then
determined by converting to the corresponding hydrocarbon through the reduction
of its iodide intermediate with LiAID, (the functional group end is labeled by the
deuterium atom). A similar approach isto convert the alcohol of the target component
to an alkyl chloride via methanesulfonyl chloride. This method labels the functional
end with a chlorine atom, and its mass spectra are easily interpreted because of the
chlorine isotopes. As mentioned above, unsaturated hydrocarbons can be separated
from saturated hydrocarbons and unsaturated isomers by column chromatography or
TLC with silver nitrate silica gel or alumina gel media. The position and number of
double bonds affect the volatility of the hydrocarbons, thereby altering their retention
in GC and HPLC analysis. The location of a double bond is based on the mass
spectra of their derivatives, using either positive or negative Cl.

D. Biosynthesis of Natural Waxes

Epicuticular waxes (from the outermost layer of plant and insect cuticles) comprise
very long chain nonpolar lipid molecules that are soluble in organic solvents. In
many cases this lipid layer may contain proteins and pigments, and great variability
in molecular architecture is possible, depending on the chemical composition of the
wax and on environmental factors [10,11].

A variety of waxes can be found in the cuticle. On the outer surface of plants
these intracuticular waxes entrap cutin, which is an insoluble lipid polymer of hy-
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droxy and epoxy fatty acids. In underlying layers, associated with the suberin matrix,
another cutin-like lipid polymer containing aliphatic and aromatic components is
found [12]. In some instances, internal nonsuberin waxes, which are stored in plant
seeds, are the major energy reserves rather than triacylglycerols. In insects, intra-
cuticular waxes are the major constituents of the inner epicuticular layer [13—15].

A variety of aliphatic lipid classes occur in epicuticular waxes. These include
hydrocarbons, alcohols, esters, ketones, aldehydes, and free fatty acids of numerous
types [16,17]. Frequently, a series of 10 carbon atom homologs occurs, while chain
lengths of 10—35 carbon atoms are most often found. However, fatty acids and
hydrocarbons with fewer than 20 carbon atoms are known, as are esters with more
than 60 carbon atoms. Other minor lipids such as terpenoids, flavonoids, and sterols
also occur in epicuticular waxes. The composition and quantity of epicuticular wax
varies widely from one species to another and from one organ, tissue, or cell type
to another [16]. In insects, wax composition depends on stage of life cycle, age, sex,
and external environment [17].

In waxes, the biosynthesis of long chain carbon skeletons is accomplished by
a basic condensation—elongation mechanism. Elongases are enzyme complexes that
repetitively condense short activated carbon chainsto an activated primer and prepare
the growing chain for the next addition. The coordinated action of two such soluble
complexes is plastid results in the synthesis of the 16 and 18 carbon acyl chains
characterizing plant membranes [18—20]. Each condensation introduces a B-keto
group into the elongating chain. This keto group is normally removed by a series of
three reactions: a B-keto reduction, a B-hydroxy dehydration, and an enol reduction.

Variations of the foregoing basic biosynthetic mechanism occur, giving rise to
compounds classified as polyketides. Their modified acyl chains can be recognized
by the presence of keto groups, hydroxy groups, or double bonds that were not
removed before the next condensation took place. It is well established that the very
long carbon skeletons of the wax lipids are synthesized by a condensation—elonga-
tion mechanism. The primary elongated products in the form of free fatty acids are
often minor components of epicuticular waxes. Most of them, however, serve as
substrates for the associated enzyme systems discussed. The total length attained
during elongation is reflected by the chain lengths of the members of the various
wax classes [15—21]. Normal, branched, and unsaturated hydrocarbons and fatty
acids are prominent components of plant waxes, while insect waxes usually lack
long chain free fatty acids [22—26].

II. CHEMISTRY OF STEROLS
A. Introduction

Sterols constitute a large group of compounds with a broad range of biological
activities and physical properties. The natural occurring sterols usually possess the
1,2-cyclopentano-phenanthrene skeleton with a stereochemistry similar to the trans-
syn-trans-anti-trans-anti configuration at their ring junctions, and have 27—30 carbon
atoms with an hydroxy group at C-3 and a side chain of at least seven carbons at
C-17 (Fig. 1). Sterols can exhibit both nuclear variations (differences within the ring
system) and side chain variations. The examples of the three subclasses of sterolsin
Figure 1 represent the mgjor variations of sterols. Sterols have been defined as hy-
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Figure 1 Examples of naturally occurring sterols.

droxylated steroids that retain some or al of the carbon atoms of squalene in the
side chain and partition almost completely into an ether layer when shaken with
equal volumes of water and ether [27].

Sterols are common in eukaryotic cells but rare in prokaryotes. Without ex-
ception, vertebrates confine their sterol biosynthetic activity to producing cholesterol.
Most invertebrates do not have the enzymatic machinery for sterol biosynthesis and
must rely on an outside supply. Sterols of invertebrates have been found to comprise
most complex mixtures arising through food chains. In plants, cholesterol exists only
as a minor component. Sitosterol and stigmasterol are the most abundant and widely
distributed plant sterols, while ergosterol is the major occurring sterol in fungus and
yeast. The plant sterols are characterized by an additional alkyl group at C-24 on
the cholesterol nucleus with either « or 8 chirality. Sterols with methylene and
ethylidene substitutes are also found in plants (e.g., 24-methylene cholesterol, fu-
costerol). The other mgjor characteristics of plant sterols are the presence of addi-
tional double bonds in the side chain, as in porifeasterol, cyclosadol, and closterol.

Despite the diversity of plant sterols and sterols of invertebrates, cholesterol is
considered the most important sterol. Cholesterol is an important structural compo-
nent of cell membranes and is also the precursor of bile acids and steroid hormones
[28]. Cholesterol and its metabolism are of importance in human disease. Abnor-
malities in the biosynthesis or metabolism of cholesterol and bile acid are associated
with cardiovascular disease and gallstone formation [29,30]. Our discussion will
mainly focus on cholesterol and its metabolites, with a brief comparison of the
biosynthesis of cholesterol and plant sterols (see Sec. 11.B.2). The biosynthesis of
plant sterols and sterols of invertebrates was reviewed by Goodwin [31] and Ikekawa
[32].

The chemistry of sterols encompasses a large amount of knowledge relating to
the chemical properties, chemical synthesis, and analysis of sterols. A detailed dis-
cussion on all these topics is impossible in one chapter. We consider the analysis of
sterols to be of primary interest, and therefore our treatment of the chemistry of
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sterols is confined to the isolation, purification, and characterization of sterols from
various sources. Readers interested in the chemical reactions and total syntheses of
sterols may refer to the monographs in these areas [33—35].

B. Biosynthetic Origins of Sterols
1. Cholesterol Biosynthesis

Cholesterol is the principal mammalian sterol and the steroid that modulates the
fluidity of eukaryotic membranes. Cholesterol is also the precursor of steroid hor-
mones such as progesterone, testosterone, estradiol, cortisol, and vitamin D. The
elucidation of the cholesterol biosynthesis pathway has chalenged the ingenuity of
chemists for many years. The early work of Konrad Bloch in the 1940s showed that
cholesterol is synthesized from acetyl coenzyme A (acetyl CoA) [36]. Acetate iso-
topically labeled in its carbon atoms was prepared and fed to rats. The cholesterol
that was synthesized by these rats contained the isotopic label, which showed that
acetate is a precursor of cholesterol. In fact, all 27 carbon atoms of cholesterol are
derived from acetyl CoA. Since then, many chemists have put forward enormous
efforts to elucidate this biosynthetic pathway, and this work has yielded our present
detailed knowledge of sterol biosynthesis. This outstanding scientific endeavor was
recognized by the awarding of several Nobel prizes to investigators in research areas
related to sterol [1].

The cholesterol biosynthetic pathway can be generally divided into four stages:
(a) the formation of mevalonic acid from three molecules of acetyl CoA; (b) the
biosynthesis of squalene from six molecules and mevalonic acid through a series of
phosphorylated intermediates; (c) the biosynthesis of lanosterol from squalene via
cyclization of 2,3-epoxysqualene; and (d) the modification of lanosterol to produce
cholesterol.

The first stage in the synthesis of cholesterol is the formation of mevalonic
acid and isopentyl pyrophosphate from acetyl CoA. Three molecules of acetyl CoA
are combined to produce mevalonic acid as shown in Scheme 1. The first step of
this synthesis is catalyzed by a thiolase enzyme and results in the production of
acetoacetyl CoA, which is then combined with third molecule of acetyl CoA by the
action of 3-hydroxy-3-methylglutaryl CoA (HMG-CoA) isits cleavage to acetyl CoA
and acetoacetate. Acetoacetate is further reduced to p-3-hydroxybutyrate in the mi-
tochondrial matrix. Since it is a B-keto acid, acetoacetate also undergoes a slow,
spontaneous decarboxylation to acetone. Acetoacetate, b-3-hydroxybutyrate, and ac-
etone, sometime referred to as ketone bodies, occur in fasting or diabetic individuals.
Alternatively, HMG-CoA can be reduced to mevalonate and is present in both the
cytosol and the mitochondria of liver cells. The mitochondrial pool of this inter-
mediate is mainly a precursor of ketone bodies, whereas the cytoplasmic pool gives
rise to mevaonate for the biosynthesis of cholesterol.

The reduction of HMG-CoA to give the mevalonic acid is catayzed by a
microsomal enzyme, HM G-CoA reductase, which is of prime importance in the con-
trol of cholesterol biosynthesis. The biomedical reduction of HMG-CoA is an essen-
tia step in cholesterol biosynthesis. The reduction of HMG-CoA is irreversible and
proceeds in two steps, each requiring NADPH as the reducing reagent. A hemi-
thioacetal derivative of mevalonic acid is considered to be an intermediate. The
concentration of HMG-CoA reductase is determined by rates of its synthesis and
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Scheme 1  Synthesis of mevalonic acid from acetyl CoA.

degradation, which are in turn regulated by the amount of cholesterol in the cell.
Cholesterol content is influenced by the rate of biosynthesis, dietary uptake, and a
lipoprotein system that traffics in the intercellular movement of cholesterol. During
growth, cholesterol is mainly incorporated into the cell membrane. However, in ho-
meostasis cholesterol is mainly converted to hile acids and is transported to other
tissues vialow density lipoprotein (LDL). High density lipoprotein (HDL) also serves
as a cholesterol carrier, which carries cholesterol from peripheral tissues to the liver.
The major metabolic route of cholesterol is its conversion to bile acids and neutral
sterols, which are excreted from the liver via the bile. Kandutsch and Chen and
others have shown that oxysterols regulate the biosynthesis of HMG-CoA reductase
as well as its digression, which controls cholesterol biosynthesis [37]; the regulation
of HMG-CoA reductase by oxysterols is discussed in more detail in a later section.
A number of substrate analogs have been tested for their inhibition of HMG-CoA
reductase. Some of them (e.g., compactin and melinolin) were found to be very
effective in treating hypocholesterol diseases [38,39].

The coupling of six molecules of mevalonic acid to produce squal ene proceeds
through a series of phosphorylated compounds. Mevalonate is first phosphorylated
by mevalonic kinase to form a 5-phosphomevalonate, which serves as the substrate
for the second phosphorylation to form 5-pyrophosphomevalonate (Scheme 2). There
is then a concerted decarboxylation and loss of a tertiary hydroxy group from 5-
pyrophosphomevalonate to form 3-isopentyl pyrophosphate, and in each step one
molecule of ATP must be consumed. 3-1sopentyl pyrophosphate is regarded as the
basic biological ‘“‘isoprene unit” from which all isoprenoid compounds are elabo-
rated. Squalene is synthesized from isopentyl pyrophosphate by sequence coupling
reactions. This stage in the cholesterol biosynthesis starts with the isomerization of
isopentyl pyrophosphate to dimethylallyl pyrophosphate. The coupling reaction
shown in Scheme 2 is catalyzed by a soluble sulfydryl enzyme, isopentyl pyrophos-
phate—dimethylalyl pyrophosphate isomerase. The coupling of these two isomeric
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C5 units yields geranyl pyrophosphate, which is catalyzed by geranyl pyrophosphate
synthetase (Scheme 3). This reaction proceeds by the head-to-tail joining of isopentyl
pyrophosphate to dimethylallyl pyrophosphate. A new carbon—carbon bond isformed
between the C-1 of dimethylallyl pyrophosphate and C-4 of isopentyl pyrophosphate.
Consequently, geranyl pyrophosphate can couple in a similar manner with a second
molecule of isopentyl pyrophosphate to produce farnesyl pyrosphate (C15 structure).
The last step in the synthesis of sgualene is a reductive condensation of two mole-
cules of farnesyl pyrophosphate (Scheme 4). This step is actually a two-step se-
quence, catalyzed by sgualene synthetase. In the first reaction, presqualene pyro-
phosphate is produced by a tail-to-tail coupling of two farnesyl pyrophosphate
molecules. In the following conversion of presqualene pyrophosphate to squalene,
the cyclopropane ring of presqualene pyrophosphate is opened with a loss of the
pyrophosphate moiety. A molecule of NADPH is required in the second conversion.

The third stage of cholesterol biosynthesis is the cyclization of squalene to
lanosterol (Scheme 5). Squalene cyclization proceeds in two steps requiring, molec-
ular oxygen, NADPH, squalene epoxidase, and 2,3-oxidosqualene—sterol cyclase.
The first step is the epoxidation of squalene to form 2,3-oxidosqual ene—sterol cy-
clase. The 2,3-oxidosqualene is oriented as a chair—boat—chair—boat conformation
in the enzyme active center. The acid-catalyzed epoxide ring opening initiates the
cyclization to produce a tetracyclic protosterol cation. This is followed by a series
of concerted 1,2-trans migrations of hydrogen and methyl groups to produce
lanosterol.

The last stage of cholesterol biosynthesis is the metabolism of lanosterol to
cholesterol. Scheme 6 gives the general biosynthetic pathway from lanosterol to
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cholesterol. The C-14 methyl group is first oxidized to an aldehyde, and removed as
formic acid. The oxidation of the C-4a methyl group leads to an intermediate, 3-
oxo-4a-carboxylic acid, which undergoes a decarboxylation to form 3-oxo-43-meth-
ylsterol. This compound is then reduced by an NADPH-dependent microsomal 3-
oxosteroid reductase to produce 3B-hydroxy-4a-methyl sterol, which undergoes a
similar series of reactions to produce a 4,4-dimethylsterol. In animal tissues, C-14
demethylation and the subsequent double-bond modification are independent of the
reduction of the A** double bond. Desmosterol (cholesta-5,24-dien-33-0l) is found
in animal tissues and can serve as a cholesterol precursor. The double-bond isom-
erization of 8 to 5 involves the pathway A®* — A7 — A" — A®

2. Biosynthesis of Plant Sterols

In animals, 2,3-oxidosgualene is first converted to lanosterol through a concerted
cyclization reaction. This reaction also occurs in yeast. However, in higher plants
and algae the first cyclic product is cycloartenol (Scheme 7). The cyclization inter-
mediate, tetracyclic protosterol cation, undergoes a different series of concerted 1,2-
trans migrations of hydrogen and methyl groups. Instead of the 8,9 double bond, a
stabilized C-9 cation intermediate is formed. Following a trans elimination of en-
zyme-X ~ and H" from C-19, with the concomitant formation of the 9,19-cyclopro-
pane ring, cycloartenol is formed. A nearby «-face nucleophile from the enzyme is
necessary to stabilize the C-9 cation and allow the final step to be a trans elimination
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according to the isoprene rule. The biosynthesis pathway from acetyl CoA to 2,3-
oxisgualene in plants is the same as that in animals (see detailed discussion of the
biosynthesis of cholesterol, Sec. I1.B.1).

The conversion of cycloartenol to other plant sterols can be generally divided
into three steps, which are the alkylation of the side chain at C-24, demethylation

S Ry
Squalene epoxidase| -~ |
o

2.3-epoxysqualene

=

Squalene epoxide cyclase

HO Lanosterol

Scheme 5 Cyclization of sguaene.
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Scheme 6 Biosynthesis of cholesterol from lanosterol.

of the C-4 and C-14 methyl groups, and double-bond manipulation. Alkylation in
the formation of plant sterols involves methylation at C-24 with S-adenosylmethio-
nine to produce C28 sterols. The further methylation of a C-24 methylene substrate
yields C-24 ethyl sterols. The details of the mechanism of demethylation and double-
bond manipulation in plants are not clear, but it is highly likely to be very similar
to that in animals. In plants, C-4 methyl groups are removed before the methyl group
at C-14, whereas in animals it is the other way around. Sterols found in plants
are very diversified. The structural features of mgor plant sterols are depicted in
Figure 2.

C. Regulation of Sterol Biosynthesis in Animals

Sterol biosynthesis in mammalian systems has been intensely studied for several
decades. Interest in the cholesterol biosynthesis pathway increased following clinical
observations that the incidence of cardiovascular disease is greater in individuals
with levels of serum cholesterol higher than average. More recently, the results of
numerous clinical studies have indicated that lowering serum cholesterol levels may
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reduce the risk of coronary heart disease and promote the regression of atheroscle-
rotic lesions [40,41]. The total exchangeable cholesterol of the human body is esti-
mated at 60 g for a 60-kg man. The cholesterol turnover rate is in the order of 0.8—
1.4 g/day. Both the dietary uptake and the biosynthesis contribute significantly to
body cholesterol. In Western countries the daily ingestion of cholesterol ranges from
0.5 to 3.0 g, athough only a portion of this sterol is absorbed from the intestine.
The absorption of dietary cholesterol ranges from 25% (high dietary sterol intake)
to 50% (low dietary sterol intake). The total body cholesterol level is determined by
the interaction of dietary cholesterol, the excretion of cholesterol and bile acid, and
the biosynthesis of cholesterol in tissue.

The major site of cholesterol synthesis in mammals is the liver. Appreciable
amounts of cholesterol are also formed by the intestine. The rate of cholesterol
formation by these organs is highly responsive to the amount of cholesterol absorbed
from dietary sources. This feedback regulation is mediated by changes in the activity
of HMG-CoA reductase. As discussed in connection with pathway for the biosyn-
thesis of cholesterol, this enzyme catalyzes the formation of mevalonate, which is
the committed step in cholesterol biosynthesis. Dietary cholesterol suppresses cho-
lesterol biosynthesis in these organs through the regulation of HMC-CoA reductase
activity. In 1974, Kandutsch and Chen observed that highly purified cholesterol (in
contrast to crude cholesterol) is rather ineffective in lowering HMG-CoA reductase
activity in culture cells [37]. This perception led to the recognition that oxidized
derivatives of sterols (oxysterols), rather than cholesterol, may function as the natural
regulators of HMG-CoA reductase activity. Furthermore, oxysterols display a high
degree of versatility ranging from substrates in sterol biosynthesis to regulators of
gene expression to cellular transporters.

Cholesteral, triacylglycerols, and other lipids are transported in body fluids to
specific targets by lipoproteins. A lipoprotein is a particle consisting of a core of
hydrophobic lipids surrounded by a shell of polar lipids and apoproteins. Lipopro-
teins are classified according to their densities. LDL, the major carrier of cholesterol
in blood, has a diameter of 22 nm and a mass of about 3 X 10° daltons (Da). LDL
is composed of globular particles, with lipid constituting about 75% of the weight
and protein (apoprotein B) the remainder. Cholesterol esters (about 1500 molecules)
are located at the core, which is surrounded by a more polar layer of phospholipids
and free cholesterol. The shell of LDL contains a single copy of apoprotein B-100,
avery large protein (514 kDa). The major functions of LDL are to transport choles-
terol to peripheral tissues and to regulate de novo cholesterol synthesis at these sites.

As we discussed above, the major site of cholesterol biosynthesis is the liver.
The mode of control in the liver has also been discussed: dietary cholesterol (possibly
oxysterols) reduces the activity and amount of HMG-CoA reductase, the enzyme
catalyzing the committed step of cholesterol biosynthesis. In some tissues, such as
adrenal gland, spleen, lung, and kidney, biosynthesis contributes only a relatively
small proportion of the total tissue cholesterol, with the bulk being derived by uptake
from LDL in the blood. Investigation upon the interaction of plasma LDL with
specific receptors on the surface of some nonhepatic cells has led to a new under-
standing of the mechanisms of cellular regulation of cholesterol uptake, storage, and
biosynthesis in peripheral tissues.

Michael Brown and Joseph Goldstein did pioneering work concerning the con-
trol of cholesterol metabolism in nonhepatic cells based on studies of cultured human
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fibroblasts [42,43]. In general, cells outside the liver and intestine obtain cholesterol
from the plasma rather than by synthesizing them de novo. LDL, the primary source
of cholesteral, is first bound to a specific high affinity receptor on the cell surface;
endocytosis then transfers it to internal lysosomes, where the LDL cholesteryl ester
and protein are hydrolyzed. The released cholesterol suppresses the transcription of
the gene from HM G-CoA reductase, hence blocking de novo synthesis of cholesterol.
In the meantime, the LDL receptor itself is subject to feedback regulation. The raised
cholesterol concentration also suppresses new LDL receptor synthesis. So the uptake
of additional cholesterol from plasma LDL is blocked. After the drop of HMG-CoA
reductase activity, there is a reciprocal increase in the microsomal acyl CoA-choles-
terol acyltransferase (ACAT), with the result that the excess free cholesteral is re-
esterified for storage. Also, the reduction in the rate of cholesterol biosynthesis, which
is attributed to uptake of LDL cholesterol by cells, may in fact be due to the presence
of a small amount of oxygenated sterol in the LDL [44]. Hydroxylated sterols are
known to be far more potent inhibitors of cholesterol biosynthesis and microsomal
HMG-CoA reductase activity than is pure cholesterol [45,46]. The development of
the hypothesis that oxysterols are regulators of cholesterol biosynthesis has attracted
much attention. A comprehensive review has been published by George Schroepfer,
Jr. [47a). This work could lead to the development of new drugs for the treatment
of hypocholesterol diseases [47b].

D. Cholesterol Metabolism

In mammalss, cholesterol is metabolized into three major classes of metabolic prod-
ucts: (a) the C18, C19, and C21 steroid hormones and vitamin D; (b) the fecal neutral
sterols, such as 5a-cholestan-33-0l and 58-cholestan-33-ol; and (c) the C,, bile
acids. Only small amounts of cholesterol are metabolized to steroid hormones and
vitamin D. These metabolites are very important physiologically. A detailed discus-
sion of steroid hormones is beyond the scope of this chapter. Vitamin D, also con-
sidered a steroid hormone, is discussed individually (see Sec. I1.E). The neutral
sterols and bile acids are quantitatively the most important excretory metabolites of
cholesterol.

The fecal excretion of neutral sterolsin humans is estimated to range from 0.5
to 0.7 g/day. These sterols are complex mixtures of cholesterol, 5«-cholestan-33-al,
5B-cholestan-38-0l, cholest-4-en-3-one, and a number of cholesterol precursor ste-
rols. The major sterol, 58-cholestan-33-0l, is found in the feces as a microbia
transformation product of cholesterol.

The principal C24 bile acids are cholic acid and chenodeoxycholic acid. The
conversion of cholesterol to bile acids takes place in the liver. These bile acids are
conjugated with either glycine or taurine to produce bile salts. The bile salts produced
in the liver are secreted into the bile and enter the small intestine, where they facil-
itate lipid and fat absorption. Most bile acids are reabsorbed from the intestine and
pass back to the liver and the enterohepatic circulation. The excretion of bile acids
in the feces is estimated to range from 0.4 to 0.6 g/day.

The metabolic pathway of cholesterol to bile acids has been studied for many
years. Recent advances in oxysterol syntheses have aided the study of this metabolic
pathway [48a—c]. Several reviews are available describing the formation of bile acids
from cholesterol [49a,49b]. There are three genera stages in the biotransformation
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of cholesterol to bile acids (Scheme 8). The first stage is the hydroxylation of cho-
lesterol at the 7« position to form cholest-5-ene-33,7«-diol. Elucidation of the role
of LXR receptors has furthered our knowledge of 7a-hydroxylase and the role of
oxysterols in sterol metabolism [48d]. In the second stage, cholest-5-ene-38,7«-diol
is first oxidized to 7«-hydroxycholest-5-en-3-one, which is isomerized to 7«-hy-
droxycholest-4-en-3-one. Further enzymatic transformation leads to 5B-cholesta-
3B,7a-diol and 58-cholesta-33,7«,12«-triol. The third stage is the degradation of
the hydrocarbon side chain, which is less well understood. However, in cholic acid
formation it is generally considered to commence when the steroid ring modifications
have been completed. The side chain oxidation begins at the C-26 position; 383,
7a,12«-trihydroxy-58-cholestan-26-oic acid is an important intermediate. The re-
moval of the three terminal atoms is believed to proceed by a B-oxidation mechanism
analogous to that occurring in fatty acid catabolism.

—_—
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Scheme 8 Biosynthesis of cholic acid from cholesterol.
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E. The Chemistry of Vitamin D and Related Sterols

The discovery of vitamin D dates back to the 1930s, following studies of rickets, a
well-known disease resulting from deficiency of vitamin D [50]. Vitamin D has
basically two functions in mammals: to stimulate the intestinal absorption of calcium
and to metabolize bone calcium. A deficiency of vitamin D resultsin ricketsin young
growing animals and osteomalacia in adult animals. In both cases, the collagen fibrils
are soft and pliable and are unable to carry out the structural role of the skeleton.
As a result, bones become bent and twisted under the stress of the body’s weight
and muscle function.

Vitamin D is obtained from dietary uptake or via biosynthesis in the skin by
means of the ultraviolet irradiation of 7-dehydrocholesterol. The UV irradiation of
7-dehydrocholesterol first produces provitamin D5, which results from a rupture in
the 9—10 bond followed by a 5,7-sigmatropic shift (Scheme 9). Provitamin then
undergoes the thermally dependent isomerization to vitamin D; in liver, and further
is metabolized to 1,25-dihydroxyvitamin Ds, which is 10 times more active than
vitamin D3, whereas 25-hydroxyvitamin D; (Scheme 10) is approximately twice as
active as vitamin Ds.

The most important nutritional forms of vitamin D are shown in Figure 3. Of
these structures, the two most important are vitamin D, and vitamin D;. These two
forms of vitamin D are prepared from their respective 5,7-diene sterols. Vitamins
D,, Ds, and Dg have aso been prepared chemically, but they have much lower
biological activity than vitamins D, and D;. Also, many analogs of vitamin D me-
tabolites have been synthesized. Some of these compounds exhibit similar vitamin
D hormone responses and have found use in the treatment of vitamin D deficiency
diseases (Fig. 4). Recently, vitamin D metabolites were found to be potent inducers
of cancer cells, which make this steroid hormone and its analogs (biosynthetic in-
hibitors) potential candidates for the treatment of cancers and other diseases [51].

HO HO =

7-Dehydrocholesterol Previtamin

Vitamin D,
HO

Scheme 9  Photochemical synthesis of vitamin D,.
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The most interesting anal ogs possessing hormonal activity are the 26,26,26,27,27,27-
hexafluoro-1,25-(0OH),D; and 24,24-F2-1,25(0H),D;, which possess all responses to
the vitamin D hormone but are 10—100 times more active than the native hormone.
The fluoro groups on the side chain block the metabolism of these compounds.

All vitamin D compounds possess a common triene structure. Thus, it is not
surprising that they have the same ultraviolet maximum at 265 nm, a minimum of
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Figure 3  Structures of known nutritional forms of vitamin D.
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Figure 4 Examples of vitamin D, analogs.

228 nm, and a molar extinction coefficient of 18,200. Since they possess intense
ultraviolet absorption, they are labile to light-induced isomerization. In addition, the
triene system is easily protonated, resulting in isomerization that produces isotachy-
sterol, which is essentially devoid of biological activity. The lability of the triene
structure has markedly limited the chemical approaches to modification of this mol-
ecule. There is a great deal of chemistry relating to the chemical properties and
syntheses of vitamin D compounds. The detailed chemistry and chemical synthesis
of the D vitamins are beyond the scope of this chapter, and interested readers are
referred to reviews in this important area [52,53].

F. Analysis of Sterols
1. Extraction of Sterols

To analyze the sterols in specific biological tissues, sterols are first extracted from
these tissues with organic solvents. The choice of an extraction technique is often
determined by the nature of the source and the amount of information the investigator
chooses to obtain concerning the forms of sterols present as free, glycosylated, and/
or esterified through the 3-hydroxy group. Different extraction procedures may vary
dramatically depending on the extraction efficiency required for different classes of
sterols [54,55]. Irrespective of the nature of the source, one of four methods of
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sample preparation is usually employed. Samples can be extracted directly, with little
or no preparation; after drying and powdering; after homogenization of the fresh
materials; or after freeze-drying or fresh-freezing, followed by powdering, sonication,
or homogenization. Extraction procedures vary. The analyst may simply mix the
prepared material with the extraction solvent (the most frequently used solvents in-
clude mixtures of chloroform and methanol, or dichloromethane and acetone) for a
short time (0.5—1 hour) and separate the organic solvent phase from the aqueous
phases and debris by centrifugation. Another common procedure is extraction from
a homogenized material by means of a refluxing solvent in a Soxhlet apparatus for
18 hours or with a boiling solvent for 1 hour. To obtain a total lipid extraction,
saponification under basic (i.e., in 10% KOH in 95% ethanol) or acidic conditions
is usually conducted prior to the organic solvent extraction. Most of the glycosylated
sterols and some esterified sterols cannot be easily extracted into organic solvents
without the hydrolysis step.

Many oxysterols contain functional groups (e.g., epoxides and ketones) that
may be sensitive to high concentration of acids or bases. Epoxides may undergo
nucleophilic attack by strong bases (e.g., NaOH and KOH), followed by ring open-
ing. Moreover, treatment with strong acids can result in ring opening to form to
alcohals, alkenes, and ketones. The hydrolysis of cholesterol epoxides under mildly
acidic conditions has been studied [56]. Modified procedures are available for the
isolation of steroidal epoxides from tissues and cultured cells by saponification and/
or extraction [57-59]. Ketones are known to form enolates under the influence of
strong bases, which may then form condensation products of higher molecular weight
[60]. To circumvent these potential problems, procedures using different extraction
techniques are sometimes preferred to a saponification followed by extraction. Mild
methods for the removal of the ester function without ketone enolization include
extraction by means of sodium or potassium carbonate in heated agueous solutions
of methanol or ethanol. The addition of tetrahydrofuran to these mixtures has been
found to significantly increase the solubility of the more polar oxysterols [61].

There are not many studies on the efficiency of various extraction methods.
Most extraction procedures were designed to compare the extraction of lipids from
cells or tissues of a single source and have been applied subsequently to plants and
animals of various types. The errors in the quantitative analysis of sterols, which are
probably introduced in the extraction steps, could be eliminated by using in situ
labeling of key sterols. Sterols labeled with deuterium and *C have been used to
monitor the extraction recovery in human plasma oxysterol analysis.

2. Isolation of Sterols

Conventional column chromatography, with ordinary phase (silica gel or alumina
oxide), reversed phase, and argentation stationary phase, is still the most important
method for the isolation and purification of sterols, especially if the total lipid ex-
traction is complex and high in weight (>200 mg) [62]. Chromatographic methods
with an organic phase involve the binding of a substrate to the surface of a stationary
polar phase through hydrogen bonding and dipole—dipole interaction. A solvent gra-
dient with increasing polarity is used to elute the substrate from the stationary phase.
The order of substrate movement will be alkyl > ketone > hindered alcohol > un-
hindered alcohol. The elution profile is routinely monitored by GC or TLC. Reversed
phase column chromatography involves the use of lipophilic dextran (Sephadex LH-
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20 or Lipidex 5000), and elution with nonpolar solvents like a mixture of methanol
and hexane). The substrate could be separated in order of increasing polarity.

Argentation column chromatography is a very powerful chromatographic
method in the separation of different alkene isomers. The argentation stationary phase
is typically made by mixing AgNO; solution (10 g of AgNO; in 10 mL of water)
and silica gel or aluminum oxide (90 g of stationary phase in 200 mL of acetone).
After acetone has been evaporated at a moderate temperature (<35°C) under vacuum,
the resulting argentation stationary phase is dried under vacuum at room temperature
until a constant weight is obtained. Usually argentation chromatography is suitable
only for the separation of sterol acetates. For free sterol, on-column decomposition
of substrate was observed. Compared to the conditions of normal adsorption column
chromatography, a slightly polar solvent system is usually needed to elute the sub-
strate from the column. For a preliminary clean-up step, good normal silica gel
column chromatography running under the gravity will give good results. Column
chromatography with fine silica gel and/or aluminum oxide (230—400 mesh) running
under medium pressure (10—100 psi, MPLC) could be used in the separation of
individual sterols and sterol subclasses.

TLC isprimarily used as an analytical method to detect compounds. Also, small
samples (<20 mg) can be separated by means of preparative TLC. For an analytical
TLC plate, the thickness of the stationary phase (usually silica gel) is less than 0.25
mm; for preparative TLC a much thicker stationary phase (>0.5 mm) is required.
No more than 1 mg of substrate should be loaded on 1-cm analytical plates, and 2
mg on preparative plates. Otherwise overloading will prevent the achievement of a
good separation. Nondestructive detection methods (such asiodine and UV detection)
are usually used to locate individual compounds. The silica gel containing pure
individual compounds is scraped from the plates and eluted with polar solvents.

HPLC, adsorption or reversed phase, is becoming the most commonly used
technique for the separation of individual sterols from subclass fractions [62,63]. In
adsorption HPLC, microspheres of silica (silicic acid such as w-Poracil) are em-
ployed. As in adsorption, open column, and thin-layer chromatography, this method
is characterized by hydrogen bonding and other electronic attractions between the
sterol and stationary phase. The smaller diameter (3—5 wm) and high porosity of the
microspheres create a very large effective surface area and alow the simultaneous
analysis of many more theoretical plates than the other systems can handle. TLC
solvent systems can be used directly for adsorption HPLC. In general, the solvents
that give best separations are binary (or trinary) systems of mostly low to moderate
polarity solvents with a small amount of a strongly polar solvent such as hexane/
benzene (9:1) or dichloromethane—n-hexane-ethyl acetate (94:5:1).

In reversed phase HPLC (RP-HPLC) systems, akyl groups at C-8 or C-18
have been chemically bonded to microspheres of silica. These small diameters (2—
5 pm), highly porous particles give the stationary phases very large effective surface
areas for the interaction of the sterols with the bonded alkyl groups. This large area,
in turn, makes possible rapid equilibration of the sterol between the stationary phase
and an appropriate mobile phase, yielding columns with as many as 10" theoretical
plates. A variety of polar mobile phases have been employed in RP-HPLC [eg.,
100% acetonitrile, acetonitrile—water mixtures (0—20%), and methanol —water
mixtures (2—20% water)]. Samples are usualy injected onto the analytical column
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at levels of 1-100 ug per component (up to 1.0 mg total) for routine separations.
Retention volumes of eluted sterols are usually expressed relative to cholesterol.

Gas—liquid chromatography (GLC) is most frequently used as an analytical
technique to monitor fractions during the isolation and separation of sterols; however,
this technique can also be used in preparative separations. The use of GLC as an
analytical and preparative technique for sterols and related steroids has been dis-
cussed in numerous reviews [64,65]. The separation of sterolsin gas—liquid systems
depends on the polarity and molecular weight (frequently correlating with size and
volume) of the molecule.

3. Characterization of Sterols

GLC is most frequently used to quantitate sterols in extracts, subfraction mixtures,
and isolated sterol fractions. Selectivity is provided by gas—liquid partitioning. In
general, three different methods of detection have been employed for quantitation:
flame ionization detection (FID), electron capture detection (ECD), and mass detec-
tion (MD) [66,67]. However, FID is by far the most commonly employed method
because it is relatively insensitive to temperature changes during analysis and to
minor structural differences in sterols and related steroids, and because it has a large
linear mass range of response. For quantitative analysis it is necessary to determine
the linear range or response to a sterol standard (e.g., cholesterol or 3-cholestanol)
for each FID and accompanying chromatographic system. For sample analysis, dried
fractions are routinely weighed and dissolved in a known amount of solvent to give
amass-to-volume ratio within the linear range of the detector, whereupon the samples
are injected onto the column.

Quantification of sterols in extracts, subclass fractions, or isolated sterol frac-
tions by HPLC is somewhat limited. The selectivity provided by either adsorption
or reversed phase chromatography is in many cases greater than that provided by
GLC. Most frequently, UV detectors are employed and are set at end-adsorption
wavelengths [68]. These detectors have limited sensitivity, with monochromatic de-
tectors being most sensitive. Additionally, UV detectors cannot be considered uni-
versal sterol detectors. Most sterols differ significantly in their UV absorption prop-
erties, even in end-absorption regions. Thus, it would not be possible to select a
single wavelength for the quantitation of complex sterol mixtures. Therefore, HPLC
coupled to variable-wavelength detectors or multidiode detectors can be used to
quantitate specific sterols in a mixture if the compound in question has a unique
absorption spectrum relative to other members of the mixture.

For a full discussion of the identification of sterols with NMR [69,70], mass
[71], UV [72], infrared, and X-ray [73] spectrographic techniques, the reader is
referred to recent comprehensive reviews in this area.
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I. INTRODUCTION

Lipids are among the major components of food of plant and animal origin. There
is no precise definition available for the term lipid; however, it usually includes a
broad category of compounds that have some common properties and compositional
similarities. Lipids are materials that are sparingly soluble or insoluble in water, but
soluble in selected organic solvents such as benzene, chloroform, diethyl ether, hex-
ane, and methanol. Together with carbohydrates and proteins, lipids constitute the
principal structural components of tissues. However, the common and unique features
of lipids relate to their solubility rather than their structural characteristics [1]. Many
classification systems have been proposed for lipids. From the nutrition point of view,
according to the National Academy of Sciences report on nutrition labeling, fats and
oils are defined as the complex organic molecules that are formed by combining
three fatty acid molecules with one molecule of glycerol [2]. As indicated in Table
1[3-5], lipids are generally classified as simple and compound (complex) or derived
lipids according to the Bloor [3] classification.

Foods contain any or al of these lipid compounds; however, triacylglycerols
(TAGs) and phospholipids (PLs) are the most abundant and important ones. Liquid
TAGs at room temperature are referred to as oils, and are generally of plant or marine
origin (e.g., vegetable and marine cils). Solid TAG at room temperature are termed
fats, which are generally of animal origin (e.g., lard and tallow).

Accurate and precise analysis of lipids in foods is important for determining
constituting components and nutritive value, standardizing identity and uniformity,
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Table 1 General Classification of Lipids

Simple lipids: Compounds with two types of structural moieties

Glyceryl esters:

Cholesteryl esters:
Waxes:

Ceramides:

Phospholipids:

Phosphatidic acid:
Phosphatidylcholine:
Phosphatidylethanolamine
Phosphatidylserine
Phosphatidylinositol
Phosphatidy! acylglycerol:

Glycoglycerolipids:

Gangliosides:

Sphingolipids:
Sphingomyelin:
Cerebroside:

Ceramide dihexoside:
Ceramide polyhexoside:
Cerebroside sulfate:

esters of glycerol and fatty acids (e.g., triacylglycerals,
partial acylglycerols)

esters of cholesterol and fatty acids

true waxes are esters of long chain acohols and fatty
acids; esters of vitamins A and D are also included

amides of fatty acids with long chain di- or trihydroxy
bases containing 12—22 carbon atoms in the aliphatic
chain (e.g., sphingosine)

Complex lipids: Compounds with more than two types of structural moieties

glycerol estesr of fatty acids, phosphoric acid, and other
groups containing nitrogen

diacylglycerol esterified to phosphoric acid

phosphatidic acid linked to choline, lecithin

more than one glycerol molecule is esterified to
phosphoric acid (e.g., cardiolipin, diphosphatidyl
acylglycerol)

1,2-diacylglycerol joined by a glycosidic linkage through
position sn-3 to a carbohydrate moiety [e.g.,
monogal actosy! diacylglycerol, digalactosyl
monoacylglycerol, sulfoquinovosyl diacylglycerol
(monoglycosyl diacylglycerol at position 6 of the
disaccharide moiety is linked by carbon—sulfur bond to
a sulfonic acid)]

glycolipids that are structurally similar to ceramide
polyhexoside and also contain 1-3 sialic acid residues,
most contain an amino sugar in addition to the other
sugars

derivatives of ceramides

ceramide phosphorylcholine

ceramide monohexoside (i.e., ceramide linked to a single
sugar moiety at the terminal hydroxyl group of the
base)

linked to a disaccharide

linked to a tri- or oligosaccharide

ceramide monohexoside esterified to a sulfate group

Derived lipids: Compounds that occur as such or released from simple or complex lipids
due to hydrolysis (e.g., fatty acids; fatty alcohols; fat-soluble vitamins A, D, E, and K;
hydrocarbons; sterols)

Source: Adapted from Ref. [3-5].
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preparing nutritional labeling material, as well as for promoting and understanding
the effects of fats and oils on food functionality. At the same time, knowledge about
the structural characteristics of lipids may allow development of tailor-made products
designed for a particular function or application.

II. EXTRACTION OF LIPIDS FROM FOODS AND
BIOLOGICAL MATERIALS

Lipidsin nature are associated with other molecules via (a) van der Waals interaction,
e.g., interaction of several lipid molecules with proteins; (b) electrostatic and hydro-
gen bonding, mainly between lipids and proteins; and (c) covalent bonding among
lipids, carbohydrates, and proteins. Therefore, to separate and isolate lipids from a
complex cellular matrix, different chemical and physical treatments must be admin-
istered. Water insolubility is the genera property used for the separation of lipids
from other cellular components. Complete extraction may require longer extraction
time or a series or combination of solvents so that lipids can be solubilized from the
matrix.

The existing procedures of lipid extraction from animal or plant tissues usually
include several steps: (a) pretreatment of the sample, which includes drying, size
reduction, or hydrolysis; (b) homogenization of the tissue in the presence of a sol-
vent; (c) separation of liquid (organic and aqueous) and solid phases; (d) removal of
nonlipid contaminants; and (e) removal of solvent and drying of the extract. Standard
methods for lipid extraction have been established by the Association of Official
Analytical Chemists (AOAC) Internationa for different types of material s/tissues.
However, when it comes to practical situations, each case might require modification
of the method.

A. Sample Preparation

As with any form of chemical analysis, proper sampling and storage of the samples
are essential for obtaining valid results. According to Pomeranz and Meloan [5], an
ideal sample should be identical in al of its intrinsic properties to the bulk of the
material from which it is taken. In practice, a sample is satisfactory if its properties
under investigation correspond to those of the bulk material within the limits set by
the nature of the test. Sample preparation for lipid analysis depends on the type of
food and the nature of its lipids. Effective analysis calls for a knowledge of the
structure, chemistry, and occurrence of principal lipid classes and their constituents.
Therefore, it is not possible to devise a single standard method for extraction of all
kinds of lipids in different foods.

Extraction of lipids should be performed as soon as possible after the removal
of tissues from the living organism so as to minimize any subsequent changes. Im-
mediate extraction is not always possible; however, the samples usually are stored
at very low temperatures in sealed containers, under an inert (nitrogen) atmosphere
or on dry ice. Yet the freezing process itself may permanently damage the tissues as
a result of osmotic shock, which alters the original environment of the tissue lipids
and brings them into contact with enzymes from which they are normally protected.
Thawing the sample taken from frozen storage before extraction may enhance this
deterioration. Therefore, tissue samples should be homogenized and extracted with
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solvents without being allowed to thaw [4]. Lipolytic enzymes of animal and plant
tissues are usualy deactivated irreversibly by homogenization with polar solvents.
Use of high temperatures should be avoided; it is also advisable, when possible, to
maintain an inert atmosphere during sample preparation and extraction which may
minimize oxidation reactions of unsaturated lipids.

B. Pretreatments
1. Drying

Sometimes nonpolar solvents, such as diethyl ether and hexane, do not easily pen-
etrate the moist tissues (>8% moisture); therefore, effective lipid extraction does not
occur. Diethyl ether is hygroscopic and becomes saturated with water and thus in-
efficient for lipid extraction. Therefore, reducing moisture content of the samples
may facilitate lipid extraction. Vacuum oven drying at low temperatures or lyophil-
ization is usually recommended. Predrying facilitates the grinding of the sample,
enhances extraction, and may break fat-water emulsions to make fat dissolve easily
in the organic solvent and helps to free tissue lipids. Drying the samples at elevated
temperatures is undesirable because lipids become bound to proteins and carbohy-
drates, and such bound lipids are not easily extracted with organic solvents [5].

2. Particle Size Reduction

The extraction efficiency of lipids from a dried sample also depends on the size of
the particles. Therefore, particle size reduction increases surface area, allowing more
intimate contact of the solvent, and enhances lipid extraction (e.g., grinding of oil-
seeds before lipid extraction). In some cases, homogenizing the sample together with
the extracting solvent (or solvent system) is carried out instead of performing these
operations separately.

3. Acid/Alkali Hydrolysis

To make lipids more available for the extracting solvent, food matrices are often
treated with acid or alkali prior to extraction. Acid or akali hydrolysis is required
to release covaently and ionically bound lipids to proteins and carbohydrates as well
as to break emulsified fats. Digestion of the sample with acid (usually 3—6 M HCI)
under reflux conditions converts such bound lipids to an easily extractable form.
Many dairy products, including butter, cheese, milk, and milk-based products, require
akali pretreatment with ammonia to break emulsified fat, neutralize any acid, and
solubilize proteins prior to solvent extraction [6]. Enzymes are also employed to
hydrolyze food carbohydrates and proteins (e.g., use of Clarase, a mixture of «-
amylase and protease) [2].

C. Lipid Extraction with Solvents

The insolubility of lipids in water makes possible their separation from proteins,
carbohydrates, and water in the tissues. Lipids have a wide range of relative hy-
drophobicity depending on their molecular constituents. In routine food analysis,
“fat” content (sometimes called the ether extract, neutral fat, or crude fat) refers
to “free” lipid constituents that can be extracted into less polar solvents, such as
light petroleum ether or diethyl ether. The *“bound” lipid constituents require more
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polar solvents, such as alkanols, for their extraction. Therefore, use of a single uni-
versal solvent for extraction of lipids from tissues is not possible. During solvent
extraction van der Waals and electrostatic interactions as well as hydrogen bonds are
broken to different extents, however, covalent bonds remain intact.

Neutral lipids are hydrophobically bound and can be extracted from tissues by
nonpolar solvents, whereas polar lipids, which are bound predominantly by electro-
static forces and hydrogen bonding, require polar solvents capable of breaking such
bonds. However, less polar neutral lipids, such as TAGs and cholesterol esters, may
also be extracted incompletely with nonpolar solvents, probably due to inaccessibility
of a significant part of these lipids to the solvents. Lipids that are covalently bound
to polypeptide and polysaccharide groups will not be extracted at al by organic
solvents and will remain in the nonlipid residue. Therefore, a hydrolysis step may
be required to release covalently bound lipids to render them fully extractable.

1. Properties of Solvents and Their Mode of Extraction

The type of solvent and the actual method of lipid extraction depend on both the
chemical nature of the sample and the type of lipid extract (e.g., total lipids, surface
lipids of leaves) desired. The most important characteristic of the ideal solvent for
lipid extraction is the high solubility of lipids coupled with low or no solubility of
proteins, amino acids, and carbohydrates. The extracting solvent may also prevent
enzymatic hydrolysis of lipids, thus ensuring the absence of side reactions. The
solvent should readily penetrate sample particles and should have a relatively low
boiling point to evaporate readily without leaving any residues when recovering
lipids. The solvents mostly used for isolation of lipids are alcohols (methanol, eth-
anol, isopropanol, n-butanol), acetone, acetonitrile, ethers (diethyl ether, isopropyl
ether, dioxane, tetrahydrofuran), halocarbons (chloroform, dichloromethane), hydro-
carbons (hexane, benzene, cyclohexane, isooctane), or their mixtures. Although sol-
vents such as benzene are useful in lipid extraction, it is advisable to look for alter-
native solvents due to the potential carcinogenicity of such products. Flammability
and toxicity of the solvent are also important considerations to minimize potential
hazards as well as cost and nonhygroscopicity.

Solubility of lipids in organic solvents is dictated by the proportion of the
nonpolar hydrocarbon chain of the fatty acids or other aiphatic moieties and polar
functional groups, such as phosphate or sugar moieties, in their molecules. Lipids
containing no distinguishable polar groups (e.g., TAGs or cholesterol esters) are
highly soluble in hydrocarbon solvents such as hexane, benzene, or cyclohexane and
in more polar solvents such as chloroform or diethyl ether, but remain insoluble in
polar solvents such as methanol. The solubility of such lipids in alcoholic solvents
increases with the chain length of the hydrocarbon moiety of the alcohol; therefore,
they are more soluble in ethanol and completely soluble in n-butanol. Similarly, the
shorter chain fatty acid residues in the lipids have greater solubility in more polar
solvents (e.g., tributyrin is completely soluble in methanol whereas tripalmitin is
insoluble). Polar lipids are only sparingly soluble in hydrocarbon solvents unless
solubilized by association with other lipids, however, they dissolve readily in more
polar solvents, such as methanol, ethanol, or chloroform [4].

2. Extraction Methods with Single Organic Solvent

Diethyl ether and petroleum ether are the most commonly used solvents for extrac-
tion of lipids. In addition, hexane and sometimes pentane are preferred to obtain
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lipids from oilseeds. Diethyl ether (bp 34.6°C) has a better solvation ability for lipids
compared to petroleum ether. Petroleum ether is the low boiling point fraction (bp
35-38°C) of petroleum and mainly contains hexanes and pentanes. It is more hy-
drophobic than diethyl ether and therefore selective for more hydrophobic lipids
[5,7]. The main component (>95%) of dietary lipids are TAGs, while the remaining
lipids are mono- and diacylglycerols, phospho- and glycolipids, and sterols. There-
fore, nonpolar solvent extractions have been widely employed to extract and deter-
mine lipid content of foods. However, oil-soluble flavor, vitamins, and color com-
pounds may also be extracted and determined as lipids when less polar solvents are
used.

In determining total lipid content, severa equipment and methods have been
developed that utilize single-solvent extraction. Among them the gravimetric methods
are most commonly used for routine analysis purposes. In gravimetric methods, lipids
of the sample are extracted with a suitable solvent continuously, semicontinuously,
or discontinuously. The fat content is quantified as weight loss of the sample or by
weight of the fat removed. The continuous solvent extraction (e.g., Goldfisch and
Foss—L et) gives a continuous flow of boiling solvent to flow over the sample (held
in a ceramic thimble) for a long period. This gives a faster and more efficient ex-
traction than semicontinuous methods but may result in incomplete extraction due
to channeling. In the semicontinuous solvent extraction (e.g., Soxhlet, Soxtec), the
solvent accumulates in the extraction chamber (sample is held in a filter paper thim-
ble) for 5—10 minutes and then siphons back to the boiling flasks. This method
requires a longer time than the continuous method, provides a soaking effect for the
sample, and does not result in channeling. In the direct or discontinuous solvent
extraction, there is no continuous flow of solvent and the sample is extracted with
a fixed volume of solvent. After a certain period of time the solvent layer is recov-
ered, and the dissolved fat is isolated by evaporating the organic solvent. Rose-
Gottlieb, modified Mojonnier, and Schmid—Boudzynski —Ratzlaff (SBR) methods are
examples, and these aways include acid or base dissolution of proteins to release
lipids [6]. Such procedures sometimes employ a combination extraction with diethyl
and petroleum ethers to obtain lipids from dairy products. Use of these solvents may
alow extraction of mono-, di-, and triacylglycerols, most of the sterols and glyco-
lipids, but may not remove phospholipids and free fatty acids.

3. Methods Using Organic Solvent Combination

A single nonpolar solvent may not extract the polar lipids from tissues under most
circumstances. To ensure a complete and quantitative recovery of tissue lipids, a
solvent system composed of varying proportions of polar and nonpolar components
may be used. Such a mixture extracts total lipids more exhaustively and the extract
is suitable for further lipid characterization. The methods of Folch et a. [8] and
Bligh and Dyer [9] are most widely used for total lipid extraction. Use of a polar
solvent alone may leave nonpolar lipids in the residue; when lipid-free apoproteins
are to beisolated, tissues are defatted with polar solvents only [10]. It is aso accepted
that the water in tissues or water used to wash lipid extracts markedly alters the
properties of organic solvents used for lipid extraction.

Commonly the chloroform—methanol (2:1, v/v) solvent system [8] provides an
efficient medium for complete extraction of lipids from animal, plant, or bacterial
tissues. The initial solvent system is binary; during the extraction process, it becomes
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a ternary system consisting of chloroform, methanol, and water in various propor-
tions, depending on the moisture content of the sample [9]. The method of Bligh
and Dyer [9] specifically recognizes the importance of water in the extraction of
lipids from most tissues and also plays an important role in purifying the resulting
lipid extract. A typical Folch procedure uses a solvent-to-sample ratio of 2:1 (v/w)
with a mixture of chloroform and methanol (2:1, v/v) in a two-step extraction. The
sample is homogenized with the solvent and the resultant mixture filtered to recover
the lipid mixture from the residue. Repeated extractions are usually carried out,
separated by washings with fresh solvent mixtures of a similar composition. It is
usually accepted that about 95% of tissue lipids are extracted during the first step.
In this method, if the initial sample contains a significant amount of water, it may
be necessary to perform a preliminary extraction with 1:2 (v/v) chloroform—methanol
in order to obtain a one-phase solution. This extract is then diluted with water or a
salt solution (0.08% KCI) until the phases separate and the lower phase containing
lipids is collected. Bligh and Dyer [9] uses 1:1 (v/v) chloroform—methanol for the
first step extraction and the ratio is adjusted to 2:1 (v/v) in the alternate step of
extraction and washing. The original procedure of Folch or of Bligh and Dyer uses
large amounts of sample (40—100 g) and solvents; therefore, the amounts may be
scaled down when a small amount of sample is present or for routine analysis in the
laboratory. Hence, Lee and coworkers [11] have described a method that uses the
same solvent combination, but in different proportions, based on the anticipated lipid
content of the sample. According to this method, chloroform—methanol ratios of
2:1 (v/v) for fatty tissues (>10% lipid) and 1:2 (v/v) for lean (<2%) tissues are recom-
mended.

Folch extraction recovers neutral lipids, diacylglycerophospholipids, and most
of the sphingolipids. Lysophospholipids are only partly recovered, and more polar
acidic phospholipids and glycolipids may be lost during washing with water. How-
ever, both Folch and Bligh—Dyer procedures may fail to transfer all of the lipids to
the organic phase. Lysophospholipids, phosphoinositides, and other highly polar lipid
substances are selectively lost. According to Christie [5], tissues rich in phospho-
inositides should be stored in such a manner as to minimize their enzymatic degra-
dation, and solvent extraction should be performed initially in the presence of CaCl..
When lysophosphatides are the major component of the tissue extract, it is recom-
mended that acids or inorganic salts be added during extraction with chloroform—
methanol, or n-butanol saturated with water. Therefore, specific applications and
modifications of the method are required to ensure compl ete recovery of tissue lipids.

Due to the potentia health hazards of chloroform, solvent mixtures containing
alkane—alcohol —water mixtures such as hexane and isopropanol, with or without
water, have been successfully used to extract tissue [12,13] and fish meal lipids[14].
Hexane—isopropanol (3:2, v/v) [12,14,15], heptane—ethanol —water—sodium dode-
cylsulfate (1:1:1, v/viv) [16], methylene chloride—methanol (2:1, v/v) [17,18], and
hexane—acetone (1:1, v/v) [19] are such solvent combinations employed to extract
lipids from biological materials. Azeotropes of isopropanol have also been used to
extract lipids from oilseeds as substitutes for hexane [20—22]. Water-saturated n-
butanol [23] has been most effective in extracting lipids from cereals that are rich
in starch. This solvent mixture is used extensively for extracting lipids from starchy
foods; however, acid hydrolysis might be needed to release bound lipids or inclusion
complexes prior to their extraction.
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Accelerated solvent extraction (ASE) techniques have recently been introduced.
These use classical solvent systems to extract lipids, but under varying extraction
parameters such as temperature, pressure, and volume. ASE is also automated
[24,25]. The ASE process consumes a much lower solvent volume and time as lipid
is extracted at temperatures well above the boiling point of the solvent due to the
elevated pressure used in the process. This enhances solubilization and diffusion of
lipids from samples into the solvent, significantly shortening the extraction time and
solvent consumption. The fat could be extracted with no outflow of solvent (static
mode) or alowing fresh solvent to flow continuously through the sample (dynamic
mode) during extraction. Under elevated temperature and pressure, dissolved lipids
diffuse from the core to the surface of the sample particles and then are transferred
to the extraction solvent. Compressed gas then purges the solubilized fat into a
collection vessel and can then be quantified gravimetrically [7]. According to Schafer
[25], the content of fatty acids of the lipids extracted from muscle matrices using
ASE (Dionex 200 or 300 System, chloroform—methanol solvent system) was similar
or better in comparison with the conventional Folch extraction. The automated sol-
vent extractors contain microwave moisture analyzer to dry the sample before ex-
traction, redry to remove solvent and moisture, and to determine the percentage of
fat as weight loss due to the extraction process [2].

4. Methods Using Nonorganic Solvents

Due to environmental concerns and potential health hazards of organic solvents,
nonorganic solvents have become popular. The use of microwave digestion for iso-
lating lipids has recently been reported [26]. It is suggested that microwave energy,
by increasing the rotational force on bonds connecting dipolar moieties to adjacent
molecules, reduces the energy required to disrupt hydrophobic associations. Hydro-
gen bonding, and electrostatic forces, thus helping to dissolve all kinds of lipids [26].
Microwave technology has allowed the development of rapid, safe, and cost-effective
methods for extracting lipids and does not require that samples be devoid of water
[27]. Performance of microwave lipid extraction was qualitatively (all lipid classes)
and quantitatively comparable to that of the conventional Folch method for various
biological samples [26].

Supercritical fluid extraction (SFE). When carbon dioxide is compressed at a
temperature (31.1°C) and pressure (72.9 atm) above its critical point, it doesn't lig-
uify but attains a dense gaseous state that behaves like a solvent. Thus, it is called
supercritical CO, (SC-CO,). Use of SC-CO, for lipid extraction significantly reduces
the use of organic solvents, avoids waste disposal problems, eliminates the use of
potentially toxic and flammable solvents, and reduces the extraction time. Lipids so
extracted are not subjected to high temperatures during the extraction process.

Extraction using SC-CO, yields a good recovery of nonpolar lipids including
esterified fatty acids, acylglycerols, and unsaponifiable matter. Complex polar lipids
are only sparingly soluble in SC-CO,. The polarity of SC-CO, can be varied by
using an entrainer such as methanol, ethanol, or even water to improve the extraction
of polar lipids [28—31]. This technique has been used for the extraction of lipids
from various matrices, including dehydrated foods [32,33], meats [34—36], and fried
foods [37]. Particle size also affects lipid recovery because it influences the surface
area exposed to SC-CO,. High moisture content decreases contact between sample
and SC-CO, as well as the diffusion lipids outside the sample [38]. The extracted

Copyright 2002 by Marcel Dekker, Inc. All Rights Reserved.



lipids from meat or hydrolytic products from the acid hydrolysis step are allowed to
absorb onto a solid phase extraction (SPE) matrix and SC-CO, can be used to extract
the adsorbed lipids [35]. An increased lipid recovery with decreased moisture content
has been demonstrated in wet samples, such as meat [34,39—-42]. Therefore, lyo-
philization is suggested to improve the extraction efficiency of lipids from samples
with a high moisture content. The SC-CO, extraction is able to recover 97—100%
of lipids when compared to the conventional solvent extraction methods [43,44]; no
significant differences between fatty acids extracted were observed. Several research-
ers have shown that supercritical fluid extraction (SFE) could replace solvent ex-
traction methods in alarge variety of samples. In fact SFE has recently been included
in the recommended methods of the AOAC to extract lipids from oilseeds [45]. The
main drawback of SC-CO, is equipment cost and the extraction of nonfat materials,
such as water [46].

D. Lipid Extraction Without Solvents

Lipid extraction methods are mostly wet extraction procedures that do not use sol-
vents and lipid content is quantified by volumetric means. Such procedures are well
utilized in determining fat content of dairy foods, especialy fresh milk, and require
the use of specifically designed glasswares and equipment.

1. Acid Digestion Methods

Babcock and Gerber methods are classical examples for acid digestion methods. The
basic principle of these methods is destabilization and release of fat from the emul-
sion with a strong acid (e.g., sulfuric). The less dense fat rises in the calibrated neck
of the Babcock bottle and the centrifugation step hel ps the separation. Added sulfuric
acid digests proteins, generates heat, and releases fat. The content of fat is measured
volumetrically and expressed as weight percent. The modified Babcock method uses
an acetic—perchloric acid mixture rather than sulfuric acid and is employed to de-
termine essentia oil in flavor extracts and products containing sugar and chocolate.
The Gerber method uses a principle similar to that of the Babcock method but utilizes
sulfuric acid and pentanol. Pentanol prevents charring of sugar, which can occur with
the Babcock method; therefore, the Gerber method could be applied to a wide variety
of dairy-based foods [2,6].

2. Detergent Method

The detergent method uses a detergent to form a protein—detergent complex to break
up emulsion and release fat. For milk, the anionic detergent dioctyl sodium phosphate
is added to disperse the protein layer that stabilizes and liberates fat. Then a strong
hydrophilic nonionic polyoxyethylene detergent, sorbitan monolaurate, is added to
separate the fat from other food components [5].

3. Physical Methods

External compression forces may be used to release tissue contents and extract lipids,
especially from the dry matter. Oilseeds (moisture <5%, oil >30%) are generally
subjected to expeller pressing to obtain lipids without using solvents.
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E. Removal of Nonlipid Contaminants from Lipid Extracts and
Other Practical Considerations

Removal of nonlipid contaminants from the lipid extract is necessary since most of
the solvents employed also dissolve significant amounts of oil-soluble flavors, pig-
ments, sugars, amino acids, short chain peptides, inorganic salts, and urea. The non-
lipid matter must be removed prior to gravimetric determination of total lipids in
order to prevent contamination during subsequent fractionation of the total extract.
In chloroform—methanol extract the commonly used method for removing nonlipid
contaminants includes washing with water or a diluted KCI solution (0.88%, w/v).
Use of salt solution has the advantage of preventing or minimizing the formation of
an intermediate phase. When chloroform—methanol (2:1, v/v) is used for extraction
of the sample, addition of water or diluted salt solution results in the formation of
a two-phase system, i.e., a lower phase consisting of chloroform—methanol —water
(86:14:1, v/viv) and an upper phase consisting of the same, but in the ratio of 3:48:
47 (vIviv). The lower phase composes about two-thirds of the total volume and
contains the lipid components, but the upper phase retains the nonlipid contaminants.
However, more polar lipids, such as some phospholipids and glycolipids and all
gangliosides, may remain in the upper phase [4,47]. Nonlipid contaminants may also
be removed partly or completely by evaporation of the lipid extract to dryness in
vacuo or under nitrogen and then reextracted with a nonpolar solvent, such as hexane.

In the Bligh and Dyer [9] method the sample is homogenized with chloroform
and methanol in such proportions that a miscible system is formed with water in the
sample. Dilution of the homogenate with chloroform and water separates it into two
layers, the chloroform layer contains al the lipids and the methanol —water layer
contains all the nonlipid matter. A purified lipid extract could be obtained by isolating
the chloroform layer. Traces of moisture can be removed by passing the chloroform
extract through a bed of anhydrous sodium sulfate.

Removal of nonlipid contaminants by liquid—liquid partition chromatography
on a dextran gel was introduced by Wells and Dittmer [48]. This is done by passing
the crude lipid extract through a Sephadex G-25 column (packed in the upper phase
of chloroform—methanol —water, 8:4:3, v/v/v or *‘Folch wash”). Lipids free of con-
taminants would be eluted rapidly from the column by employing the lower phase
of the Folch wash. Gangliosides and non-lipids are retained in the column and can
be recovered by washing with the upper phase of Folch wash and at the same time
regenerating the column [49].

Use of predistilled solvents for lipid extraction is advisable since al solvents
contain small amounts of lipid contaminants. Use of plastic containers and non-
Teflon apparatus should also be avoided as plasticizers may leach out to the lipid
extract. To prevent autoxidation of unsaturated lipids it is advisable to add an anti-
oxidant (e.g., BHT) to the solvent (at a level of 50—100 mg/L). Furthermore, ex-
traction should be performed under an inert nitrogen atmosphere, and both tissue
and tissue extracts should be stored at —20°C under nitrogen, if possible. Most of
the methods described above are suitable for quantifying total lipid content of the
sample of interest. When high temperatures are involved in extraction the resulting
lipid extract is not suitable for further composition analysis. Folch method—based
extraction is usually the preferred procedure to obtain total lipids for further analysis.
Lipids are recovered from the chloroform layer by removal of solvent at low tem-
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perature under vacuum. Acid hydrolysis aso results in decomposition of phospho-
lipids and possibly TAGs to a certain extent [6].

Quantification of lipids from the extracts is mostly carried out as the weight
difference of an aiquot after solvent removal. Removal of the solvent from lipid
extracts should be conducted under vacuum in a rotary evaporator at or near room
temperature. When a large amount of solvent must be evaporated, the solution must
be concentrated and transferred to a small vessel so that the lipids do not dry out as
athin film over alarge area of glass. Lipids should be stored immediately in an inert
nonalcoholic solvent such as chloroform, rather than being allowed to remain in dry
state for long [4].

I1l.  INDIRECT METHODS OF TOTAL LIPID DETERMINATION

Severa techniques and instruments have been developed and applied to the indirect
and rapid determination of total lipid content of samples. These methods are really
not lipid extraction methods, but they are gaining popularity because they are rapid
and largely nondestructive. Most of these methods rely on a standard reference pro-
cedure and must be calibrated against a methodology to be validated.

A. Density Measurement

It has been reported that the density of flaxseed is highly correlated (r = 0.96) with
its oil content [50]. Thus, measurement of seed density may be used as a means of
screening flax genetic lines for high oil content.

B. Dielectric Method

The dielectric constant of a selected solvent changes when fat is dissolved in it. After
an oilseed sample has been ground with a solvent and the dielectric constant of the
mixture measured, the lipid content is determined from standard charts that show
variation of the dielectric constants of different amounts of lipid in the same solvent
[5]. According to Hunt et al. [51], the amount of induced current and oil content
determined by solvent extraction of soybean are linearly related (r = 0.98).

C. Near-Infrared Spectroscopy

The near-infrared (NIR) reflectance is in the range of 14,300—4000 cm™* (700—2500
nm) due to overtone and combination bands of C-H, O-H, and N-H. NIR spectrom-
etry can be used for determination of contents of oil, protein, and moisture and serves
as a very useful tool in the routine analysis of oilseeds.

Rodriguez-Otero et a. [52] have used NIR spectroscopy for measurement of
fat, protein, and total solids of cheese. Lee et a. [53] have used short-wavelength
(700—-1100 nm) NIR with a bifurcated fiberoptic probe to estimate the crude lipid
content in the muscle of whole rainbow trout. A very good correlation was observed
between fat content determined by chemical analysis and NIR reflectance spectro-
scopic values obtained for farmed Atlantic salmon fillets [54]. The use of mid-IR
spectroscopy to determine lipid content of milk and dairy products has been de-
scribed by Biggs [55]. Lipids absorb IR energy at the wavelength of 5730 nm, and
the energy absorbed depends on the lipid content of the sample. Quantification is
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carried out by the standard curve of the IR absorption and lipid content determined
by standard analytical methods [56]. Details about the use of IR spectroscopy for
lipid analysis is provided in a later section of this chapter.

D. Low-Resolution Nuclear Magnetic Resonance Spectroscopy

Time domain low-resolution nuclear magnetic resonance (NMR) (referred to as wide-
line NMR) and frequency domain NMR could be used to determine the total lipid
content of foods. In time domain NMR, signals from the hydrogen nuclei (*H or
protons) of different food components are distinguished by their different rates of
decay or nuclear relaxation. Protons of solid phases relax (signal disappear) quickly,
while protons in the liquid phase relax very slowly. Protons of water in the sample
relax faster than protons of the lipid. The intensity of the signal is proportional to
the number of protons and, therefore, to the hydrogen content. Thus, the intensity of
the NMR signal can be converted to oil content of the sample using calibration
curves or tables [57—60]. This method can be used to determine the contents of
waeter, oil, and solid—fat and solid-to-liquid ratio of the sample. Time domain NMR
has been used to analyze the fat content of foods, including butter, margarine, short-
ening, chocolate, oilseed, meat, milk and milk powder, and cheese [61-63].

Frequency domain NMR distinguishes food components by resonance fre-
quency (chemical shift) of the peaks in the spectrum. The pattern of oil resonances
reflects the degree of unsaturation and other chemical properties [56,61].

E. Turbidimetric/Colorimetric Methods

Haugaard and Pettinati [64] have described a turbidimetric method for rapid deter-
mination of lipid in milk. The milk fat is homogenized to obtain uniform globules
and the milk proteins are retained with chelating agents such as EDTA. Light trans-
mission of the sample is measured and then converted to the lipid content with the
use of a conversion chart.

The lipid content of milk can also be determined by using a colorimetric
method [65]. The lipids of milk are alowed to react with an alkaline solution of
hydroxamic acid for a specified period. Upon acidification and addition of ferric
chloride, a relatively stable chromophore with a maximal absorbance at 540 nm is
formed [66].

F. Ultrasonic Method

Fitzgerald et a. [67] have described an ultrasonic method to determine the amount
of fat and nonfat solids of liquid milk. The velocity of sound increases or decreases
directly with the lipid content above or below a certain critical temperature. This
method of fat determination is based on the speed of sound passing through the milk
at various temperatures.

G. X-Ray Absorption

It is known that lean meat absorbs more X-ray than high-fat meat [68]. This fact has
been used to determine lipid content in meat and meat products using a standard
curve of the relationship between X-ray absorption and the lipid content determined
by usual solvent extraction methods [5].
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IV. ANALYSIS OF LIPID EXTRACTS

Lipid analysis is usually required to determine the composition and structure of the
lipid extracted from the sample. Foods must be analyzed to revea the content and
type of saturated and unsaturated lipids as well as their cholesterol content. Such
characterization provides information about the caloric value, as well as other prop-
erties, including nutritional quality and safety of lipids with respect to their cholesterol
and saturated fatty acid contents. In addition, quantification of quality characteristics
such as degree of unsaturation, saponification value, refractive index, free fatty acid
content, solid fat index, and oxidative stability are required to determine the market
value and potentia application of fats and oils. Analysis of individual components of
lipids is beyond the scope of this chapter and hence is not discussed here.

A. Bulk Oil Properties

The analysis of bulk properties of lipids is primarily important for defining quality
characteristics of oils and fats. Therefore, methods applicable to bulk vegetable ails,
confectionary fats (e.g., cocoa butter), and table fats (e.g., butter, margarine) are
discussed below.

1. Degree of Unsaturation

lodine value (1) measures the degree of unsaturation of a lipid and is defined as
the number of grams of iodine absorbed by 100 g of lipid. The source of iodine (or
other halogen, usualy Br, and Cl,) for the reaction is Wijs or Hanus reagent; the
reaction involved is essentially a volumetric titration.

In a microanalytical method for determination of the IV of lipids reported by
Iskander [69], ethylenic double bonds of the lipid are saturated with bromine vapors,
after which the amount of absorbed bromine is determined by neutron activation
analysis (NAA).

Determination of 1V gives a reasonable quantitation of lipid unsaturation if the
double bonds are not conjugated with each other or with a carbonyl oxygen. Fur-
thermore, the determination should be carried out in the absence of light for a given
period and with an excess of halogen reagent used [70].

Use of hydrogenation methods to determine degree of unsaturation overcomes
the limitations of halogenation methods. Hydrogenation is used to measure the degree
of unsaturation of acetylenic or conjugated double bonds. Such fats do not absorb
halogen readily; however, the addition of hydrogen to them is considered to be
quantitative. This method is essentially a catalytic reaction of heated lipid; the
amount of hydrogen absorbed is determined under standard conditions. The results
are expressed on a mole basis or on the basis of 1V [5].

At the low frequency end of the fingerprint region of IR (1500—900 cm™) a
band due to the CH=CH bending absorption of isolated trans double bonds would
be observed. Beyond the isolated trans bond is another group of CH absorption, in
this case bending vibrations, including a very strong cis absorption. The combination
of cis and trans absorption provides a measure of the total unsaturation or iodine
value [71-73].

2. Free Fatty Acid Content

The presence of free fatty acids (FFAS) in an oil is an indication of insufficient
processing, lipase activity, or other hydrolytic actions. Classicaly, the acid value,
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which is defined as the number of milligrams of KOH required to neutralize the free
acids in 1 g of sample, is a measure of FFA content. FFAs of oils can be determined
colorimetrically by dissolving ail in chloroform (or benzene), then allowing the FFAs
to react with a cupric acetate solution. The organic solvent turns to a blue color due
to the FFA —cupric ion complex, which has a maximum absorbance between 640 and
690 nm [74].

Asthereis aband attributed to the carboxyl group (COOH) in the center region
of the mid-IR spectrum, Fourier transform IR (FTIR) spectroscopy can be used to
determine the content of free fatty acids [75,76].

3. Oxidative Stability and Oxidation Products

Owing to their degree of unsaturation, lipids are very susceptible to autoxidation.
Autoxidation occurs via a self-sustaining free radical mechanism that produces hy-
droperoxides (primary products), which in turn undergo scission to form various
aldehydes, ketones, alcohals, and hydrocarbons (secondary products). The presence
of secondary lipid oxidation products influences the overall quality of alipid. Meth-
ods of determination of oxidative stability and oxidation products are discussed in
detail in another chapter.

4. Refractive Index

The refractive index (RI) of an ail is defined as the ratio of the speed of light in
vacuum (practically in air) to the speed of light in oil at a specified temperature.
This ratio also provides a measure of purity of oils and may be used as a means of
identifying them. The RI is measured with a refractometer, usually at 20—25°C for
oils and 40°C for solid fats, which generally liquify at 40°C. The RI declines linearly
with decreasing 1V; thus, it is adso used as an index for reporting the degree of
hydrogenation of the oil [5].

5. Saponification Value

The saponification value provides an indication of the average molecular weight of
lipids. It is defined as the amount of KOH, in milligrams, required to saponify 1 g
of fat, i.e., to neutralize the existing FFAs and those liberated from TAG [5].

6. Solid Fat Index

The solid fat index (SFI), an empirical expression of the ratio of liquids in fat at a
given temperature, is measured as the change in specific volume with respect to
temperature. As a solid fat melts, the volume of the sample increases, and this change
is measured by dilatometry. Detection of analysis of phase transformation of fat may
also be performed, because lipids expand upon melting and contract upon poly-
morphic change to a more stable fat [5]. Use of low-resolution pulse NMR and FTIR
[77-81] for determination of solid fat content has been detailed in the literature.

B. Chromatographic Procedures for Lipid Characterization

Lipid extracts are complex mixtures of individual classes of compounds and require
further separation to pure components if needed. Analysis of chemical components
of lipid (e.g., lipid classes, fatty acids, trans fatty acids, sterols, tocopherols, pig-
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ments, etc.) primarily involves chromatographic and spectroscopic methods. Usually
a combination of separation techniques is used to achieve a high degree of purity of
respective lipid components and this could be anaytical (for quantitation) or
preparative.

The first step in the analyses involves separation of lipids into their various
polarity components. It may simply separate the lipid into its polar and nonpolar
fractions or may entail analysis of TAG, FFAS, sterols, steryl esters, glycolipids and
phospholipids. Traditionally, liquid—liquid extraction, thin-layer chromatography
(TLC), or liquid—solid column chromatography have been used for fractionation,
cleaning, and concentration of lipid extracts. The most commonly used chroma-
tographic techniques for lipid analysis include column chromatography, gas chro-
matography (GC), high-performance liquid chromatography (HPLC), supercritical
fluid chromatography (SFC), and TLC. Applications of these techniques for the anal-
ysis of food lipids are discussed below.

1. Column Chromatography

Lipid extracts are usualy fractionated by column chromatography on a preparative
scale before subjecting them to detailed analysis. Solid—liquid (adsorption), liquid—
liquid (partition), and ion exchange chromatography are among the widely used
methods of lipid fractionation. In solid—liquid chromatography, separation is based
on partitioning and/or adsorption of the lipid components between solid and liquid
(mobile) phases. Elution of the desired lipid class is achieved by varying the polarity
and strength of the mobile phase. Common stationary phases for column chroma-
tography are silica, dlumina, and ion exchange resins, whereas the preferred column
materials for lipid analysis are silicic acid as well as florisil (magnesium silicate).

Low pressure column chromatography using 50- to 500-mesh adsorbents has
been used commonly for separation of different lipid classes. The main parameters
involved in column chromatography include weight of the adsorbent, conditioning
of the adsorbent (moisture content), and column size. It is generally accepted that
long narrow columns give the best resolution, but large-diameter columns increase
sample capacity. For convenience, diameters over 5 cm and heights over 45 cm are
not recommended for typical laboratory use [4,82].

In adsorption chromatography, compounds are bound to the solid adsorbent by
polar, ionic, and, to a lesser extent, nonpolar or van der Waals forces. Therefore,
separation of lipid components takes place according to the relative polarities of the
individual components, which are determined by the number and type of nonpolar
hydrophobic groups. In general, elution of the column with solvents with increasing
polarity separates the lipid mixture according to increasing polarity of its components
in the following order: saturated hydrocarbons, unsaturated hydrocarbons, wax esters,
steryl esters, long chain adehydes, triacylglycerols, long chain acohols, FFAS,
quinones, sterals, diacylglycerols, monoacylglycerols, cerebrosides, glycosyl diacyl-
glycerols, sulfolipids, acidic glycerophosphatides, phosphatidylethanolamine, lyso-
phosphatidylethanolamine, phosphatidylcholine, sphingomyelin, and lysophosphati-
dylcholine [83]. The procedure applicable to most lipid mixturesis eluting on asilicic
acid column with the solvent sequence of chloroform, acetone, and methanol to
separate into neutral lipids, glycolipids, and phospholipids, respectively [4,83].

The ion exchange columns carry ionic groups bind to the opposite charge of
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the ionic groups of lipids. Thus, a polymer with fixed cations will bind anionic lipids
from a mixture, provided that the pH of the solvent mixture allows ionization of the
anionic groups. At the same time, the concentration of nonlipid anions in the solvent
mixture should not compete for all of the fixed ions [84]. Some of the ion exchange
chromatographic materials commonly used for lipid analysis are given in Table 2.
Diethylaminoethyl (DEAE) cellulose is used for separation of lipid classes, and tri-
ethylaminoethyl (TEAE) cellulose is useful for separation of lipids having only ionic
carboxyl groups (e.g., fatty acids, bile acids, gangliosides) or phosphatidylethanol-
amine from ceramide polyhexosides [83]. In polar lipid analysis, DEAE cellulose in
the acetate form is the most frequently used anion exchange material. It is most
effective in the pH range 3—6, and often separation of polar lipid is achieved by
stepwise elution with ammonium acetate buffer in water—ethanol. The cation ex-
changer carboxymethylcellulose (CMC) asits sodium salt has been used occasionally
over the same pH range for separation of phospholipids [84].

Complexing the adsorbent material with silver nitrate enables separation of
lipid mixtures according to the number, position and cis and trans isomerism of
double bonds in unsaturated fatty acids and their derivatives. Use of borate treatment
of the column material complexes the compounds containing hydroxyl groups on
adjacent carbon atoms and assists the separation of glycolipids [84]. Complexing of
adsorbent materials is discussed in detail in the section on thin-layer chromatography.

Nowadays commercial columns are prepacked with a variety of solid stationary
phases, which are available for separation of lipid classes and may be referred to as
solid phase extraction (SPE) columns. SPE consumes less time, solvent, and packing
material than does classical column chromatography [85]. SPE can be used for iso-
lation, concentration, purification, and fractionation of anaytes from complex
mixtures [86,87]. Aminopropyl-bonded phase has been used for separation of tota
lipids in lipid classes obtained from different sources [88—91].

Immunoaffinity column chromatography has been used for isolation and puri-
fication of apolipoproteins. Ligand molecules (antibody; antibody to apolipoprotein
or antigen; purified apolipoprotein) are immobilized on the solid support (matrix)
and bind to corresponding target molecules (antigen or antibody) in a mixture of
macromolecules. The bound target molecule (e.g., apolipoprotein) can then be de-
sorbed from the ligands and eluted in the purified form using appropriate buffers
[92].

Table 2 lon Exchange Chromatography Materials Used in Lipid Analysis

lonizing group Commercia classification Analytical use

—(CH,),N*"H(C,H5s), DEAE (anionic exchanger) Anionic lipids (phospholipids,
(diethylaminoethyl) sulfolipids, sialoglycolipids,

fatty acids)

—(CH,),N*(C,Hs)s TEAE (anionic exchanger) Anionic lipids
(triethylaminoethy!)

—CH,COO— CM (cationic exchanger) Phospholipid mixtures
(carboxymethyl)

Source: Adapted from Ref. 84.
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2. Gas Chromatography

The GC (or GLC) analysis of lipids has been much studied in the literature. This
method involves partitioning of the components of the lipid mixture in the vapor
state between a mohile gas phase and a stationary nonvolatile liquid phase dispersed
on an inert support.

Analysis of fatty acid composition by GC usually requires derivatization of fatty
acids to increase their volatility. Fatty acid methyl esters (FAME) may be prepared by
different transmethylation techniques and then separated on GC columns and detected
by flame ionization detection (FID). The gas phase for GC is usualy nitrogen or
helium for packed columns and helium or hydrogen for capillary columns. The iden-
tification of chromatographic peaks is based on comparison of their retention times
with those of authentic samples. GC analysis of TAG of food lipids may aso provide
information about positional distribution of fatty acids in the molecules. Naturally
occurring TAGs that are purified by TLC can then be resolved without derivatization
on the basis of their carbon humber or molecular weight using capillary GC equipped
with 8- to 15-m-long columns coated with methylphenyl-, methyl-, or dimethylsilicone
(nonpolar capillary). Use of helium or hydrogen as a carrier gas for separation of TAG
on such columns requires higher temperatures than those employed for separation of
methyl esters. Mono- and diacylglycerols have to be converted to trimethylsilyl (TMS)
or tert-butyldimethylsilyl ethers (TBDMS) for complete resolution [93,94]. A com-
bined GC and mass spectrometric technique has been applied for determining molec-
ular species in the glycerol esters. TMS or t-BDMS derivatives of glycerol esters
separated on GC may be subjected to mass spectrometric analysis in order to obtain
information on their molecular structure [95].

3. High-Performance Liquid Chromatography

The HPLC is a highly efficient form of adsorption, partition, or ion exchange LC that
uses a very uniform, finely divided, microspherical (5—10 wm) support of controlled
porosity and degree of hydration. The adsorbent is tightly packed into a stainless steel
column (10—30 cm long, 2—4 mm diameter) and requires a high pressure pump to
obtain an adequate and constant flow of solvent through the column. Elution of the
column may be carried out either isocratically with a solvent mixture of constant
composition, or by gradient elution in which the solvent composition may be varied
linearly or in a stepwise fashion with both binary and ternary solvent systems. The
column eluates are continuously monitored by means of a flow-through detector, which
should be insensitive to solvent flow rate, temperature, and composition [83].
Sample derivatization is employed to facilitate the separation and/or to enhance
the limit of detection for the HPLC analysis. Hydrolysis or saponification is done to
cleave ester linkages and to obtain FFAs for their subsequent analysis. Although
lipids do not possess specific UV absorption peaks, they could be detected in the
region of 203—210 nm due to the presence of double bonds in the fatty acyl groups,
or the functionalities such as carbonyl, carboxyl, phosphate, amino, or quaternary
ammonium groups. However, this low UV range greatly restricts the choice of sol-
vent, and it is advisable to avoid chloroform—methanol mixtures because they display
a strong absorption below 245 nm. Frequently, diacylglycerols require preparation
of UV-absorbing derivatives (e.g., benzoate, dinitrobenzoates, pentafluorobenzoates,
and TBDMS ethers) for detection. Fatty acids can be analyzed by forming 9-anthryl-
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diazomethane (ADAM) derivatives and employing a fluorescence detector. Fatty
acids increase their hydrophobicity when ADAM is bound to the carboxyl group;
thus, the derivatives are retained longer on a reversed phase column than fatty acids
and good separation is obtained [96]. Fluorescence detectors are specific for detection
and quantification of tocopherols and fluorescent derivatives of fatty acids. Evapo-
retive light-scattering detection (ELSD) and FID have been in wide use for detection
of all types of lipids following HPLC separation [93,97]. These are sometimes re-
ferred to as universal detectors. The principle of ELSD involves evaporation of
mobile phase of the separated lipid fraction by a nebulizer (spray the eluent stream
with a large volume of nitrogen or air) to obtain droplets of solute (lipids). These
solute droplets are directed through a light source (may be a laser light source); the
degree of scattering of the light is proportional to the mass of the solute [98]. The
RI detection may also be used for lipid analysis [99].

Normal phase HPLC aso alows the separation of normal chain and hydroxy
fatty acid—containing TAG. Normal phase HPLC on silver ion—loaded anion
exchange columns is currently used to resolve TAG based on their degree of unsat-
uration [93]. Reversed phase HPLC (using C18 columns) is also widely applied for
separation and quantification of tri-, di-, and monoacylglycerols.

Since glycerol possesses a prochiral carbon, asymmetrical esterification of the
primary position leads to the formation of enantiomers. Although enantiomeric TAGs
cannot be resolved by normal HPLC, their diastereomeric naphthylethylurethane de-
rivatives can be separated by HPLC on silica gel [100,101]. Use of a stationary
phase with chiral moieties to separate enantiomers of mono- and diacyl sn-glycerols
after derivatization with 3,5-dinitrophenylurethane (DNPU) by HPLC separation of
enantiomers has been reported [102—104].

Separation of phospholipids is very laborious when TLC is used; however,
HPLC provides a better means of separation and quantification. At present, use of
gradient (binary or tertiary) elution on silica columnsis frequently used for separation
of different classes of phospholipids. Several polar solvent systems that are suitable
for such separations are available [105—107]. UV detection, FID, or ELSD is suitable
for phospholipid identification and quantification. Separation of glycolipids can be
achieved using a silica column with a binary gradient (hexane—IPA—2.8 mM am-
monium acetate) [108] or reversed phase C18 (ODS) column [98].

Isocratic, normal phase separation of cholesterol esters, FFAS, and free sterols
iswidely used. Simultaneous analysis of nonpolar and polar lipids using HPLC silica
gel column has also been reported. In addition to normal and reversed phase methods,
size exclusion HPL C has been used to separate TAG and other nonpolar lipids. This
has been specifically employed for the analysis of polymerized lipids such as those
generated during deep fat frying [60]. Christopoulou and Perkins [109] have de-
scribed separation of monomers, dimers, and trimers of fatty acids in oxidized lipids
using size exclusion column with an RI detector, whereas Burkov and Henderson
[110] have reported the use of a similar column with ELSD to analyze polymers in
autoxidized marine oils.

Micro-HPLC columns have the volume of one-hundredth of that of a conven-
tional column and benefit from low consumption of material used as stationary phase,
sample and mobile phase, operation at low flow rate, and temperature programming.
It can also be easily coupled with a mass spectrometer and an FTIR detector [96].
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4. Supercritical Fluid Chromatography (SFC)

Use of SFC for lipid extraction was discussed in a previous section. When CO, is
compressed at a temperature and pressure above its critical point it does not liquify
but forms a dense gas; thus, as a mobile phase SFC is gaseous and solvating. Such
a dense gas has a number of properties (e.g., relatively high densities and diffusiv-
ities) that make it attractive for use as a mobile phase for LC. SFC with open tubular
columns acts as a substitute for GC, but with the analysis temperature much lower
than that employed in GC.

The temperature and pressure required for SC-CO, are much lower than that
for HPLC. As CO, is nonpolar its SFC can dissolve less polar compounds and is
suitable for the analysis of less polar species. To analyze polar components, polar
solvents such as methanol or ethanol may be added to the SFC to cover active sites
(-Si-OH) on the surface of the supporting materia and to increase the dissolving
power of the mobile phase. Both packed and capillary columns are used for SFC.
Packing materials developed for HPLC are suitable for SFC packed columns [111].
Similarly, fused silica capillary tubes used for GC are suitable for SFC and stationary
phases may employ dimethylpolysiloxane, methylphenylpolysiloxane, diphenylpoly-
siloxane, and cyanopropylpolysiloxane [112].

Capillary SFC with FID or UV has been used for analysis of TAG, FFAs, and
their derivatives [113—115]. SFC argentation chromatography has been used for the
separation of TAG according to the number of double bonds, chain length, and the
nature of the double bonds [116,117]. It is necessary to add acetonitrile as a polar
modifier to CO, to facilitate elution of TAGs. For improved analytical efficiency of
lipid having a narrow range of unsaturation, mobile phase gradient (e.g., temperature,
pressure and/or density, velocity) can be employed. Detectors for ELSD, FID, UV,
mass spectrometry (MS), and FTIR developed for GC and HPLC are applicable to
SFC. Combination of SFC with supercritical fluid extraction (SFE) has been suc-
cessful for analyzing lipids of different food samples. SFE may replace any conven-
tional lipid extraction method, and the quantification of extracted lipids (instead of
gravimetric analysis) can be performed with a detector (EL SD) that has been directly
connected to the extraction cell. SFE-SFC has aso been used to characterize TAG
patterns of seed oils [111,118]. SFC is a viable aternative for reducing any solvent
usein lipid extraction and analysis and has a great potential for further development.

5. Thin-Layer Chromatography

TLC is one of the main analytical tools used for lipid analysis. TLC can be used for
fractionation of complex lipid mixtures, assay of purity, identification, information
on the structure, as well as for monitoring extraction and separation of components
via preparative column chromatography for routine and experimental purposes. The
principles and theory of TLC are based on the difference in the affinity of a com-
ponent toward a stationary and a mobile phase. The important components of TLC
are the stationary phase, mobile phase, detection, and quantification [5]. The adsor-
bent generally used in TLC for lipid analysis is very fine-grade silica gel and may
contain calcium sulfate as a binder to ensure adhesion to the plate [4]. Alumina and
kieselguhr are also used as stationary phases. These adsorbents can also be modified
by impregnation with other substances so as to achieve the desired separations. The
most popular impregnations are with boric acid or silver nitrate. Silver nitrate—
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impregnated (argentation) TLC may be used to separate TAGs or fatty acid methyl
esters according to the number of double bonds and also by virtue of the geometry
(e.g., cis or trans) and position of the double bonds in the alkyl chain. The silver
ion forms a reversible complex with the 7 electrons of the double bond of unsatu-
rated fatty acids, thereby decreasing their mobility [119]. Structural isomers of TAGs
(due to their fatty acid constituents) may also be separated on this type of TLC plate
[97]. Impregnation of the TLC plates with boric acid (3%, w/v) prevents isomeri-
zation of mono- and diacylglycerols while separating neutral lipids [83]. Boric acid
complexes with vicinal hydroxyl groups and leads to slower migration of these com-
pounds [119].

Samples of lipid extracts are applied as discrete spots or as narrow streaks,
1.5-2 cm from the bottom of the plate. The plate is then developed in a chamber
containing the developing solvent or a solvent mixture. The solvent moves up the
plate by capillary action, taking the various components with it at different rates,
depending on their polarity and how tightly they might be held by the adsorbent.
The plate is removed from the devel oping chamber when the solvent approaches the
top of it and then dried in the air or under a flow of nitrogen. Solvents with low
boiling point, viscosity, and toxicity are suitable for TLC application. A low boiling
point helps in the quick evaporation of the solvent from the surface layer, and low
viscosity facilitates faster movement of the solvent during development. The selec-
tion of a suitable solvent is very important for good separation of the lipid classes.
Several solvent systems may be used to resolve individual lipid classes, as exem-
plified in Table 3.

The location of the corresponding lipid spots on a developed plate has to be
detected prior to their isolation. Detection of the spots may be done using a reagent
directly on the plate. This reagent could be specific to certain functional groups of
the lipid molecules or may be a nonspecific reagent that renders all lipids visible.
There are nondestructive chemical reagents, such as 2’,7’-dichlorofluorescin in 95%
methanol (1%, w/v), iodine, rhodamine 6G, and water, which allow recovery of lipids
after detection. Lipids exhibit a yellow color and in the presence rhodamine 6G
(0.01%, w/v) produce pink spots under UV light. These chemicals may also be used
as a nondestructive spray for preparative TLC. When water is used separated lipids
may appear as white spots in a translucent background and can easily be distin-
guished. Developed plates may also be subjected to saturated iodine vapor in a
chamber and this may produce brown spots due to the reaction of iodine with un-
saturated bonds of the lipid molecules. However, unsaturated lipids may form arti-
factswith iodine, if sufficient timeis allowed. The destructive methods include spray-
ing of the plate with sulfuric acid (50%, v/v) and drying at 180°C for 1 hour to make
lipids visible as black deposits of carbon [4]. Potassium dichromate (5%, w/v) in
40% (v/v) sulfuric acid also works in a similar manner to sulfuric acid spray. Mo-
lybdophosphoric acid (5%, w/v) in ethanol turns lipids into blue then black when
heated at 120°C for 1 hour. Coomassie blue (0.03% in 20% methanol) turns lipid
into blue spots on white background. Examples of specific reagents that react selec-
tively with specific functional groups include FeCl; to detect cholesterol and cho-
lesterol esters, ninhydrin for choline-containing phospholipids, and orcinol or naph-
thol/H,SO, for glycolipids [123]. Some lipids contain chromophores and can be
visualized directly under UV or visible light without staining.
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Table 3 Solvent Systems that Could Be Used for Separation of Lipids by TLC

Lipid component TLC adsorbent Solvent system Ref.
Complex lipids Silicage G Chloroform—methanol—water, 25:10:1, v/viv 120
(animal tissues) Silicagel H Chloroform—methanol —acetic acid—water, 25:15:4:2, v/viviv 120
Silicagel H First developing system, pyridine—hexane, 3:1, v/v and second developing 120
system, chloroform—methanol—pyridine—2 M ammonia, 35:12:65:1, v/viviv
Complex lipids Silicage G Acetone—acetic acid—water, 100:2:1, v/viv 121
(plant tissues) Diisobutyl ketone—acetic acid, 40:25:3.7, v/iviv 4
Simple lipids Silicagde G Hexane—diethyl ether—formic acid, 80:20:2, v/viv 4, 122
Silicage G Benzene—diethyl ether—ethyl acetate—acetic acid, 80:10:10:0.2, v/v/iviv 4, 122
Partial acylglycerol Silicage G Chloroform—acetone, 96:4, viv 4
containing 5%
(w/v) boric acid
Neutral plasmalogens Silicagel G Hexane—diethyl ether, 95:5, v/v, in first direction, hexane—diethyl ether, 80:20, 4

v/v, in second direction
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Lipids detected by nondestructive methods can be recovered by scraping the
bands of interest and dissolving them in an appropriate solvent. Complex lipid
mixtures cannot always be separated by one-dimensional TLC; however, two-di-
mensional TLC may resolve such mixtures.

The separation efficiency of TLC plates is affected by the degree of hydration
of the adsorbent. Therefore, activation of the adsorbent, which depends on both the
time and the temperature as well as the storage conditions of the plates and the
relative humidity of the atmosphere, must be considered. Use of authentic lipid
standards would allow direct comparison of the resolved lipids in an unknown mix-
ture. High-performance TLC (HP-TLC) plates have high resolving power and speed
of separation. They are available commercially as precoated plates with fine (5-um)
and uniform particle size silica gel. However, the amount of sample that can be
applied to such HP-TLC plates is very small. TLC is a preferred method of purifi-
cation and separation of lipid classes before subjecting them to further separation of
individual components.

For quantification of TLC separated lipids, traditional scraping followed by
quantitation and in situ determination are available. The separated lipid classes on
silicagel can be scraped off, extracted by means of suitable solvents, and quantitated
gravimetrically, spectrophotometrically, or by GC. Determination of the phosphorus
content of the eluted phospholipidsis a classic example for spectrophotometric quan-
titation. GC can be employed to quantify separated neutral and phospholipid classes
by derivatizing the constituent fatty acids into their methyl esters. Densitometric
methods provide an in situ quantification method for lipids. Lipids are sprayed with
reagents and their absorption or fluorescence can be measured under UV or visible
light by densitometry.

The spots detected by charring can be measured by scanning photodensitometer
areas of peaks, which are proportional to the amount of original lipid present, are
recorded. Scintillation counting is also possible after introducing a correct scintillator
(e.g., mixture of 2,5-diphenyloxazole and 1,4-bis-2-(5-phenyloxazoyl)benzene, PPO,
and POPORP in toluene) into the lipid. Scanning fluorometry allows resolution of
lipids on an adsorbent containing a fluorescent dye or by spraying with such reagents.

TLC could be coupled with other methods to facilitate detection, quantitative
identification, or quantitation of separated lipids. These include coupling with HPLC
(HPLC/TLC), Fourier transform infrared (TLC/FTIR), nuclear magnetic resonance
(TLC/NMR), and Raman spectroscopy (TLC/RS) [119]. The latroscan (latron Lab-
oratories of Japan) applies the same principles of TLC to separate lipid mixtures
followed by their detection using FID. The TLC medium is silica (7.5 um thick)
sintered onto quartz rods (0.9 mm in ID, 15 cm long, called Chromarods). Chro-
matographic resolution of lipid classes on Chromarods and the composition of sol-
vent systems used are similar to those employed in classical TLC with modifications.
Copper sulfate, silver nitrate, boric acid, or oxalic acid impregnation has been re-
ported to produce better resolution and increased responses in the determination
[124]. Parrish and Ackman [125] have shown that stepwise scanning and devel oping
in solvent systems of increasing polarity resolves individual lipid components in
neutral lipids of marine origin. FID gives a linear response that is proportiona to
the number of nonoxidized carbon atoms in the material entering the flame. The
Chromarods are reusable up to 100—150 times and require thorough cleaning after
each use. The main advantage of TLC-FID is the short analysis time, with the pos-
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sibility of determining all components in a single analysis. The partial scanning and
redevelopment [126—128] that can be done with TLC-FID gives a unique advantage
over any other lipid analysis technique. TLC-FID system has been used to analyze
different types of lipids as detailed by Kaitaranta and Ke [129], Sebedio and Ackman
[130], Tanaka et al. [131], Walton et al. [132], Indrasena et al. [133], Kramer et al.
[134], Parrish et al. [135], and Przybylski and Eskin [136].

C. Spectroscopic Methods of Lipid Analysis

UV and visible spectroscopy are less frequently used but have specific applications
for the identification and quantification of lipids. IR spectroscopy was the first spec-
troscopic method applied for the analysis of lipids. NMR and M S have been widely
used for lipid structure determination; however, new applications other than these
have been developed. IR, UV, and NMR are nondestructive spectroscopic method-
ologies.

1. UV-Visible Spectroscopy

UV and visible spectra of organic compounds are attributable to el ectronic excitations
or transitions. Functional groups with high electron density, such as carbonyl and
nitro groups with double, triple, or conjugated double bonds, absorb strongly in the
ultraviolet or visible range at characteristic wavelengths (A ..,) and molar extinction
coefficients (e...). Table 4 provides some of the diagnostic UV absorption bands for
lipid analysis. It should be noted that the A, for a compound may vary, depending
on the solvent used [83,84].

2. Infrared Absorption Spectroscopy

The IR spectrum of an oil provides substantial information on the structure and
functional groups of the lipid and also about the impurities associated with it. These
information are represented as peaks or shoulders of the spectrum as illustrated in
Figure 1. At the high frequency end of the spectrum (3700—3400 cm™), there is a

Table 4 UV Absorption Characteristics of Some Chromophoric Groups

Chromophore Example Amax (NM) Emax Solvent
—C=C— Octene 177 12,600 Heptane
—C/C— Octyne 178 10,000 Heptane
196 2,100
—C=C—C=C— Butadiene 217 20,900 Hexane
—(C=0C),— Conjugated polyenes 217 + 30 (n — 2) 20,000-100,000 Hexane
CsHs Benzene 184 47,000 Cyclohexane
202 7,000
255 230
—(C=C—C=C),— pB-Carotene 452 139,000 Hexane
478 12,200
HC=0 Acetaldehyde 290 17 Hexane
CcC=0 Acetone 275 17 Ethanol
—COOH Acetic to palmitic acid  208-210 32-50 Ethanol

Adapted from Ref. 83.
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Figure 1 The mid-infrared spectrum of an edible oil collected on an attenuated total re-
flectance crystal. Labels indicate absorption bands or regions associated with triacylglycerols
or other constituents that may be present in an oil or free fatty acid. (From Ref. 137.)

region where compounds containing hydroxyl groups are absorbed, including water
(H-OH) and hydroperoxides (RO-H) and their breakdown products. At some lower
frequencies (3025—2850 cm ™) is the CH stretching region where three bands are
visible: a weak cis double bond CH absorption (CH=CH) and strong bonds due to
the CH , groups of the aliphatic chains of TAGs aswell as the terminal methyl groups.
Just beyond this region is secondary oxidation products of lipids such as aldehydes
and ketones that absorb energy albeit weakly. Toward the center of the spectrum is
a very strong band due to the C=0 stretching absorption due to the ester linkage
attaching the fatty acids to the glycerol backbone of TAGs. Next to it is a band due
to COOH group of FFAs if the lipid is hydrolyzed. In the same region there would
be carbonyl absorption bands of aldehydes (R-CHO) and ketones (R-CO-R) if the
oil is oxidized. Continuing to lower frequencies area is the finger printing region
(1500—900 cm™ ') as the pattern of bands in this region is very characteristic of
molecular composition of the lipid and could be used to identify different compo-
nents. At the low-frequency end of the fingerprinting region, a band due to the
CH=CH bonding absorption of isolated trans double bonds could be seen when
trans-containing TAGs are present in the oil. The corresponding absorption of con-
jugated dienes containing trans-trans and cis-trans double bonds appears at slightly

[ 1 P 1
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the isolated trans band is another group of CH absorption bending vibrations in-
cluding a very strong cis absorption [137].

The IR absorption signal could be employed to analyze and obtain information
about qualitative structural and functional groups of lipids. In principle, since IR
band intensities are linearly related to the concentration of the absorbing molecular
species, quantitative information about the lipid can also be obtained [137]. IR spec-
troscopy has been applied to solid lipids to obtain information about polymorphism,
crystal structure, conformation, and chain length. In aoils, IR is commonly used to
determine the presence and the content of trans unsaturation. Single trans double
bonds show a characteristic absorption band at 968 cm™*, and the frequency does
not change for additional double bonds unless these are conjugated. There is no
similar diagnostic IR absorption band for cis unsaturation; however, Raman spectra
show strong absorption bands at 1665 = 1 cm™* (cis-ol€efin), 1670 = 1 cm™* (trans-
olefin) and 2230 = 1 and 2291 = 2 cm * (acetylene) for the type of unsaturation
shown [94]. Kates [83] has provided the characteristic IR absorption frequencies that
have diagnostic values for identification of major classes of lipids. It has aso been
reported that ionic forms of phospholipids influence the absorption bands associated
with phosphate groups that influence the interpretation of the spectra[83]. The FTIR
spectrometer finds its uses in measuring iodine value, saponification value, and FFAs
[138]. Oxidative stability of lipids as reflected in the formation of peroxides and
secondary oxidation products may also be determined by FTIR [137,139].

3. Nuclear Magnetic Resonance Spectroscopy

Low-resolution pulsed '"H NMR spectroscopy is employed to determine solid-fat
content of lipids as well as the oil content of seeds as discussed earlier in this chapter.
High-resolution *"H NMR applied to vegetable oils gives several signals with des-
ignated chemical shifts, coupling constant, splitting pattern, and area. This infor-
mation can be used to obtain structural and quantitative information about lipids.
Methyl stearate (saturated fatty acid ester) may give five distinct ‘H NMR signals
as summarized in Table 5. Similar signals appear in methyl oleate and linoleate, but
methyl oleate also gives signals for olefinic (5.35 ppm, 2H) and allylic (2.05 ppm,
4H) hydrogen atoms, and for linoleate these are at 5.35 (4H), 2.05 (4H, C8, and
C14) and 2.77 ppm (2H, C11). When a double bond gets close to the methyl group,
as in a-linolenate and other w-3 esters, the CH; signal is shifted to 0.98 ppm; oils

Table 5 Chemical Shift (AH) for Methyl Alkanoates Observed

for '"H NMR

AH (ppm) Splitting H Group®

0.90 Triplet 3 CH,

131 (Broad) 2n (CH,),

1.58 Quintet 2 —CH,CH,COOCH,
2.30 Triplet 2 —CH,CH,COOCH;,
3.65 Singlet 3 —CH,CH,COOCH;

°Assigned hydrogen is designated as H.
Adapted from Ref 94
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containing other esters (w-6, w-9, and saturated) exhibit a triplet at 0.89 ppm. The
area associated with these various signals can be used to obtain semiquantitative
information in terms of 3 fatty acids («-linolenate), other polyenic, monoenic (ole-
ate), and saturated acids [94,140].

Acylglycerols show signals associated with the five hydrogen atoms on the
glycerol moiety. There is a one-proton signal at 5.25 ppm (CHOCOR), which over-
laps with the olefinic signals and a four proton signals located between 4.12 and
4.28 ppm (CH,OCOR). Phospholipids display characteristic signals for phosphati-
dylcholine and phosphatidylethanolamine [94].

High-resolution *C NMR spectra are more complex than *H spectra and pro-
vide more structural information rather than quantitative ones. It is also possible to
locate functional groups such as hydroxy, epoxy, acetylenic, and branched chains in
the molecules. The application of *C NMR to TAG allows determination of the
positional distribution of fatty acids on the glycerol backbone [141,142]. The *C
resonance of the carbonyl group of fatty acids in the sn-1 and sn-3 positions is well
resolved from those esterified at the sn-2 position. Most unsaturated fatty acids in
the sn-2 position are nondegenerative and could be easily differentiated. *C NMR
has been successfully applied for determination of positional distribution of TAG
fatty acids in vegetable oils [143—145] and marine oils [146,147].

The NMR imaging is based on manipulation of magnetic field gradients ori-
ented at right angles to each other to provide spacial encoding of signals from an
object, which are converted by FT techniques to three-dimensional NMR images
[148]. It produces three-dimensional data by selecting two-dimensional cross-sections
in al directions. Application of NMR imaging or magnetic resonance imaging (MRI)
to foods has been of interest as it is a noninvasive technique that can be applied to
track the dynamic changes in foods during storage, processing, packaging, and
distribution.

Most magnetic resonance images of foods are based on proton resonances from
either water or lipids. Simoneau et a. [149] have applied MRI to the study of fat
crystallization in bulk or dispersed systems. Halloin et al. [150] described two MRI
technigques, spin-echo imaging (SEI) and chemical shift imagining (CSl), for the
study of lipid distribution in pecan embryos. Insect- or fungus-damaged embryos
gave images that were less intense than those of normal embryos, reflecting lower
oil content. When MRI and NMR was employed to determine the oil content of
French-style salad dressings, results were within +2% of expected values and were
in agreement with oil content determined by traditional methods [151]. Pilhofer et
a. [152] have studied the use of MRI to investigate the formation and stability of
oil-in-water emulsions formed with vegetable oil, milk fat, and milk fat fractions.
Distribution of lean and fat in retail meat as a means of quality can be measured
[153] using MRI and aso to visuaize oil and water concentration gradient during
deep-fat frying food [154].

4. Mass Spectrometry

In conventional MS, compounds in their gaseous state are ionized by bombardment
with electrons (electron impact) in an ionization chamber. The resulting mass spec-
trum consists of a characteristic pattern of peaks representing molecular fragments

with different mass to charge (m/z) ratios. Some of these peaks or patterns of peaks
are structurally diagnostic. The parent ion peak that arises from the unfragmented
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ionized molecule has the highest m/z ratio, but may not be always present, depending
on the volatility and thermal stability of the compound. Thus, lipids containing polar
groups, such as phospholipids, with low thermal stability and volatility and high
molecular weight cannot be analyzed by conventional electron impact (ElI) mass
spectrometry. Therefore, fast atom bombardment (FAB), chemical ionization (Cl),
field desorption (FD), or secondary ion (SI) mass spectrometry is required for such
lipid analysis [95].

MS is very useful in identifying structural modification of chain length such
as branching or the presence of rings for saturated species. In this regard, matrix-
assisted laser desorption ionization and time-of-flight mass spectrometry (MALDI-
TOF-MS) have several advantages. It does not require prior derivatization of sample
to enhance the volatility of the lipids. The extent of fragmentation of MALDI-TOF-
MS is low; thus, detection of molecular ion is possible in most cases. Schiller et al.
[155] have successfully used a matrix of 2,5-dihydroxybenzoic acid to identify phos-
phatidylcholine and different phospholipids as their molecular ions (M + 1). Di-
acylglycerols were mainly detected as their corresponding sodium or potassium ad-
ducts but not as their protonated form. MALDI-TOF-MS can be used for direct
investigation of lipid mixtures occurring, e.g., in cell membranes due to its high
sensitivity (up to picomolar concentrations).

MS in combination with GC and HPLC is also useful in structural determi-
nation of the individual lipid molecules. Le Quéré et a. [156] have developed an
on-line hydrogenation method that allows selective hydrogenation of all the unsat-
urated species after chromatographic separation for deducing structural information
such as carbon skeleton and double-bond equivalents. Le Quéré [157] has reviewed
this methodology and the use of GC-MS and tandem MS for analysis of structural
features of fatty acids.

D. Enzymatic Methods

Higgins [158] has described an enzymatic method for determining TAG content of
samples. This involves reaction of the TAG with lipase in order to obtain glycerol
and FFAs. The glycerol so produced is then converted to a-glycerophosphate using
glycerol kinase. The a-glycerophosphate dehydrogenase is then used to reduce ni-
cotinamide adenine diphosphate (NAD) to NADH. The resultant NADH is then
measured by a colorimetric reaction.

Cholesterol oxidase is used for determining cholesterol concentration in blood
plasma. Polyunsaturated fatty acids (PUFA) with cis-methylene groups between their
double bonds (e.g., linoleic, linolenic, and arachidonic acids) can be quantitatively
measured by reading the UV absorbance of conjugated diene hydroperoxides pro-
duced via lipoxygenase (lipoxidase)—catalyzed oxidation. The extinction coefficient
of diene hydroperoxides at 234 nm is the same for all PUFAs. Fatty acid esters have
to be saponified prior to such analysis. The phosphatidylcholine or lecithin content
of foods (e.g., as a measure of the egg content of foods) can be made by catalyzing
conversion of lecithin to phosphatidic acid and choline by |ecithinase (phospholipase
D) [5].

The method of stereospecific analysis of TAG described by Brockerhoff and
Yurkowski [159] uses pancrestic lipase that eventually removes fatty acids from the
sn-1 and sn-3 positions of the TAG. This procedure has recently been employed to
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determine the existing structural differences of fish oils and seal oil [160]. Phospho-
lipase A, is used to release fatty acids at the sn-2 position of the synthesized phos-
phatide during the analytical procedure. Lands [161] used a different approach to
determine steric positions of the fatty acids. TAG is hydrolyzed with lipase and the
products are separated by TLC. The sn-3 hydroxy! of glycerol is phosphorylated with
diacylglycerol kinase to produce 3-phosphoryl monoacylglyceral. In the following
step of analysis, phospholipase A, is used to remove the fatty acids only from the
sn-2 position. The fatty acids in the sn-1 position can be released by saponifying the
resultant 1-acyl lysophosphatidic acid. The fatty acids in positions 1 and 2 can be
identified by GC analysis. The composition of fatty acids in position 3 can be cal-
culated by comparing these results with those from total fatty acid composition
determination of TAG.

E. Immunochemical Methods

Lipids are not generally very immunogenic. However, most glycolipids (except in
the pure form) possess antibodies of high activity and specificity. Therefore, glyco-
lipids to be administered to the animal are conjugated by covalent linking to aforeign
protein (as a hapten) or using them as a part of the bilayer of a liposome to stimulate
the production of specific antibodies [55,57]. Immunochemical methods have also
been developed for the assay of phospholipids and TAGs (55). The steroid hormones
when conjugated with serum albumin are sufficiently immunogenic to stimulate gen-
eration of antibodies with high activity, and this allows their detection.

Immunostaining of TLC plates for detection and assay of glycoproteins is
widely done. The TLC chromatogram containing separated glycolipids is treated with
aradiolabeled specific antibody (usually with *°I) to stain only the glycolipid antigen
even in the presence of overlapping glycolipids. Detection of **°I may be achieved
using autoradiography, and the chromatographic mobility and antibody staining
serves to identify the glycolipid [84,92]. To overcome low sensitivity of the immu-
noradiolabeled detection of glycolipids, enzyme-linked immunosorbent assay
(ELISA) was developed. For ELISA, lipid is usualy bound to a solid phase and the
antibody is measured either by virtue of itself carrying enzyme or by using a second
antibody that carries an enzyme [84].

V. SUMMARY

Lipids are integral components and building blocks of biological materials. To un-
derstand their constituents, chemistry, and biological functions, lipids have to be
isolated and studied. Therefore, an extensive knowledge of the extraction and anal-
ysis of lipids is essential to carry out studies on lipids. This chapter provided com-
prehensive information on methods available for extraction and analysis of lipids
from biological materials with examples when necessary. More details of a particular
topic could be obtained from the references listed.
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I. INTRODUCTION

trans Fatty acids are present in a variety of food products, some are derived from
natural sources, such as dairy products, but most come from products that contain
commercially hydrogenated fats. The nutritional properties of trans fatty acids have
been debated for many years, particularly with respect to the amounts of low density
and high density lipoprotein (LDL, HDL) contained in serum. Some studies have
shown that trans fatty acids elevate levels of serum LDL cholesterol and lower HDL
cholesterol [1-3]. Such results drew a great deal of media attention, which led to
several requests for the U.S. Food and Drug Administration (FDA) to make labeling
of trans fatty acids mandatory on food products. There have also been requests to
either ban these substances or to impose strict limitations on their use. However, a
comprehensive report of an expert panel convened by the International Life Sciences
Institute [4] concluded that food products containing partially hydrogenated fats are
good substitutes for traditional fats rich in saturated fat, but are not good substitutes
for unhydrogenated vegetable oils. The report also concluded that the overall effect
of hydrogenated fat on serum cholesterol levels depends on the consumption of
saturated, trans/cis-monounsaturated, and cis-polyunsaturated fatty acids. The au-
thors recommended more research to better understand the effects of trans fatty acids
on serum lipid concentrations and coronary heart disease. We recently discussed both
the nutritional and food labeling issues associated with trans fatty acids [5].

trans Fatty acids in the diet are mainly derived from partially hydrogenated
vegetable oils (PHVOs) and ruminant fats. While PHVOs have been reported to
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present a possible risk factor for coronary heart disease [6], some trans conjugated
fatty acids in ruminant fat have been reported to have several beneficial physiological
effects in experimental animals [7]. trans-Vaccenic acid (trans-11-18:1), which isthe
major trans fatty acid isomer present in meat and dairy products from ruminants
[8,9], has been shown to be converted to cis-9,trans-11-18:2, a conjugated linoleic
acid (CLA) isomer [10-12], by the action of A9 desaturase present in mammalian
tissue [13,14]. The relationship of trans-18:1 fatty acid isomers and CLA isomersis
an active area of research today [15].

Even after several years of research, there are still several laboratories in the
world that have active research programs trying to improve the methodology to
determine trans fatty acids in food products. The quantitation and identification of
trans fatty acid isomers is difficult because of the wide range of positional monoene,
diene, and triene fatty acid isomers present in hydrogenated oils. Moreover, cis po-
sitional isomers are also present, and commercial chromatographic standards are
lacking for many fatty acid isomers.

Analytical procedures used to quantify and identify fatty acids have been re-
viewed [5,16,17]. This chapter discusses the newest developmentsin analytical meth-
ods, including infrared (IR), Raman, and nuclear magnetic resonance (NMR) spec-
troscopy, gas chromatography (GC), high-performance liquid chromatography
(HPLC), supercritical fluid chromatography (SFC), and mass spectrometry (MS). The
analysis of trans fatty acid isomers is extremely challenging and complex. Thus
various combinations of techniques have effectively been used to determine the con-
centration and confirm the identity of individual trans and cis isomers. Improved
methods are still needed to accurately and conveniently determine total trans content
as well as specific fatty acid isomers in hydrogenated oils.

Il.  ANALYSIS USING SPECTROSCOPY
A. Infrared Spectroscopy

Infrared spectroscopy is awidely used technique for determining nonconjugated trans
unsaturation in both natural and processed fats and oils. It is not applicable to ma-
terials that have functional groups with absorption bands close to 966 cm ", which
is the strong absorption band arising from the C—H deformation about atrans double
bond. This absorption band is absent in natural vegetable oils that are composed of
saturated fatty acids and fatty acids with only cis-unsaturated double bonds. For
increased accuracy, oil samples are usually converted to methyl esters prior to anal-
ysis. This eliminates interfering absorptions associated with the carboxyl groups of
free fatty acids and the glycerol backbone of triacylglycerols.

1. Conventional IR Methods

The early Official Method of the American Oil Chemists' Society (AOCS), Cd 14-
61 [18] for the determination of trans fatty acid concentrations in fats and oils, was
based on a comparison of absorption at 966 cm™* of standards and unknowns. Sam-
ples and standards were diluted in carbon disulfide and placed in an absorption cell
so that the transmittance or absorbance could be measured in an infrared spectro-
photometer. The quantitation of the trans concentration was based on Beer’s law:
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A = abc D

where

A = absorbance = log ——————
transmittance

a = absorptivity
b = path length
¢ = trans concentration

Disadvantages of using this method include (1) the need to make methyl ester
derivatives at trans levels less than 15%, (2) the use of the toxic, volatile solvent
carbon disulfide, (3) the high bias found for triacylglycerols, and (4) low accuracy
obtained for trans levels less than 5%. Therefore, there has been a great deal of
interest in improving methods to determine trans fatty acid concentrations.

A study was conducted that showed that the AOCS method produced trans
values that were 2—3% too high, while derivatized methyl esters produced values
that were 1.5—3% too low [19]. In 1965 correction factors were suggested that were
incorporated into AOAC method 965.35 [20]. The percentage of trans was calculated
with a procedure similar to AOCS method Cd 14-61. Several formulas using cor-
rection factors were proposed to calculate trans concentration as methyl esters or
triacylglycerols. Different formulas were also used for oils containing long chain or
short/medium chain fatty acids.

In a 1969 study [21], the concentration of trans fatty acids was determined
based on the ratio of the IR absorptions at 965 and 1170 cm *. In 1971 Firestone
and Huang [22] proposed a dual-beam differential spectrophotometry procedure with
a zero trans-containing vegetable oil in the reference cell. This procedure, which
resulted in a 1-2% high bias for both triacylglycerols and methyl esters, was the
first successful attempt to eliminate the sloping background of the trans infrared
band.

In 1982 a two-component calibration curve was proposed [23] in an attempt
to overcome some of the drawbacks of the earlier procedures. A calibration curve
was developed by means of different levels of the trans monoene, methyl elaidate,
and methyl linoleate dissolved in carbon disulfide. The calibration standards and the
test samples in carbon disulfide were scanned against a carbon disulfide background
and recorded from 900 to 1500 cm™*. After a baseline had been drawn as a tangent
from about 935 and 1020 cm ™" at the peak minima, the corrected absorbance of the
calibration standards trans peaks, at 966 cm™*, was obtained. The baselines for the
test samples spectra were obtained by overlaying the spectra of the calibration stan-
dards spectra at corresponding concentrations. This method compensates for the low
bias of other methods and eliminates the need for correction factors.

An absorption band—height ratioing procedure was used with an attenuated
total reflection (ATR) cell, which alowed the use of neat samples